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ABSTRACT
Since its development, Brassica napus (canola, or low erucic acid and low
glucosinolate rapeseed) has become a substantial commodity crop in
Australia, and in many parts of the world. This research explored the
behaviours of several classes of health-beneficial bioactive compounds,
phytosterols, tocopherols and carotenoids in canola seed and oil, as affected
by genetics, processing and storage conditions.
Firstly, the development of a rapid analytical method for the simultaneous
determination of phytosterols, tocopherols and carotenoids was achieved, by
use of high performance liquid chromatography, and diode array detection,
coupled with tandem mass spectrometry (HPLC-DAD-MS/MS). The use of
mass spectrometry offered enhanced selectivity to enable the determination
of both individual free and esterified sterols without the need for
saponification. Furthermore, the use of normal phase liquid chromatography
allowed for the analysis of intact lipids, greatly reducing the sample
preparation time, and presenting new knowledge concerning the
determination of bioactives in lipid matrices.
In an investigation of the effects of genetics and growing environment on
concentrations of phytosterols, tocopherols, and carotenoids, significant
genotype (G), and environmental (E) effects were observed for all analytes.
G x E effects were also observed for the majority of analytes, with the
exception of brassicasterol, indicating bioactive enhancement of canola seed
and oil is achievable via seed breeding. Positive correlations between βcarotene and lutein (r = 0.62, p < 0.01), and between free phytosterols and
their corresponding esterified phytosterols (r = 0.43, 0.79, and 0.79 for
;,9

β-sitosterol, campesterol and brassicasterol, respectively, all p < 0.01),
illustrated the potential for symbiotic breeding - to breed for one analyte,
with associated increases to others. A multiphase experimental design was
developed and applied, for the first time to conduct a multi-stage laboratory
process.
The effects of various canola oil processing techniques currently used
within Australia were investigated, by determining concentrations of
phytosterols, tocopherols and carotenoids in seed and oil samples taken at
varying stages along each process. Results indicated improved retention of
bioactives compared to previous studies, indicating increased preservation
with modern processing plant techniques. Extraction and seed preprocessing techniques were shown to enhance all bioactives considerably,
which warrants further investigation.
A storage trial was conducted to investigate bioactive behaviour in stored
seed and oil over 10 months. The oil was extracted using both expellerpressing and solvent extraction, to provide a novel comparison of the
storage of minimally refined oils with different extraction techniques. The
expeller press oil was shown to have higher concentrations of bioactives,
and was more stable than the solvent extracted oil. Although some
degradation occurred, results indicated that all bioactives were well
preserved, and oxidation was minimal, in seed stored at < 40 °C for the
entire 10 month period, and in extracted oils when stored at –18 °C and 4 °C
for 6 months.
Collectively, the studies present new knowledge on the behaviour of
phytosterols, tocopherols and carotenoids in canola seed and oil during seed
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growth, seed storage, oil processing and oil storage. With this knowledge,
biofortification of canola oil is possible, however further research needs to
be undertaken to utilise these results in a commercial setting.
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CHAPTER ONE
Literature review

This chapter provides a review of the literature on Brassica napus (canola)
seed and oil from the paddock to the supermarket shelf. Included in this
review is discussion on: the history and development of Brassica napus,
canola breeding, seed and oil processing, canola oil composition, factors
affecting this composition, and analyses related to both seed and oil.
Emphasis is placed on the minor, fat-soluble, bioactive compounds that
exist in the crude oil, and the external factors that may affect their
concentration. Through the review of the literature, research questions were
identified to advance understanding of lipid analyses, experimental design,
and the behaviour of the fat-soluble bioactives in canola oil, in order to
assess the potential for their enhancement.
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1. Vegetable oils
As primary sources of energy for the body, transporters of fat-soluble
nutrients, and mediators in many biological functions, fats and oils play a
vital role in human health. Daily consumption of these macronutrients is
required, to ensure there is an adequate supply for the body to utilise.
Dietary guidelines, issued by various governments, have been a major
source of nutritional information for the general public, and provide
recommended intakes of all macro-, and micro-nutrients necessary for
optimal health and well-being. These guidelines differ between countries,
but encompass similar concepts. Typically, oils and fats are placed in the
least desirable food group for consumers; in Australia this corresponds to
the top of the food pyramid (Australian Government National Health and
Medical Research Council, 2013). Over time, the wording to accompany
this visual guideline has changed. A focus on limiting saturated fats in the
diet has been stipulated rather than the previous goal to minimise total fat
consumption.
The current Australian Dietary Guidelines state that:
“The link between dietary saturated fat, serum cholesterol and
cardiovascular disease is well established. Replacing dietary
saturated fat with monounsaturated and polyunsaturated fats is
associated with improved blood lipid profiles and reduced risk of
cardiovascular disease. Fat-rich foods are energy-dense, which is
prudent to consider in a total dietary pattern that seeks to control
overall energy intake.” (Australian Government National Health and
Medical Research Council, 2013, p. 67)
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This is followed by further guidelines:
“Increasing the proportion of unsaturated fats in the diet can be
achieved by choosing vegetables, fruit, lean meats and low fat milk,
yoghurt and cheese products, nuts and seeds and using small
amounts of unsaturated spreads and oils. Sunflower and safflower
seed, soybean, cottonseed, sesame, corn and grape seed and the
spreads and oils made from them as well as walnuts contain
predominantly polyunsaturated fatty acids (PUFAs). Canola seeds,
nuts, peanuts, rice bran, avocados and olives and the oils and spreads
made from them, contain mainly monounsaturated fatty acids
(MUFAs).” (Australian Government National Health and Medical
Research Council, 2013, p. 71)
This alteration of the guidelines, promoting MUFA intake and limiting
saturated fats, has also been observed in the guidelines for other countries
(U.S. Department of Health and Human Services and U.S. Department of
Agriculture, 2015).
Although vegetable oils have been a staple source of dietary fat in several
areas of the world for many centuries, their economic benefits over animal
fats have contributed to a considerable rise in their consumption in the
beginning of the 20th century (Pitts, Dorling, & Pattie, 2007). The
implications of vegetable oils as a healthier source of dietary fat were fully
recognised in the 1960s, during which global vegetable oil consumption also
increased (Rosillo-Calle, Pelkmans, & Walter, 2009). The consumption of
vegetable oil has since continued to increase, with 177 million metric tonnes
consumed worldwide during 2015/2016 (U.S. Department of Agriculture,
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2017). Predictions indicate that consumption of vegetable oils will continue
to increase, though at a slower rate to that of recent decades (Organisation
for Economic Co-operation and Development & Food and Agriculture
Organisation, 2013). Soybean, palm, rapeseed/canola and sunflower oils are
the primary edible oils consumed worldwide and constitute approximately
85% of the total global vegetable oil consumption, with the other 15% made
up of many, less-consumed oils. Canola oil, with its desirable fatty acid
composition, has seen the largest increase in global consumption relative to
other oils, almost doubling between 2003 and 2013 (U.S. Department of
Agriculture, 2017). This larger increase in comparison to other oil
commodities, is largely a result of its versatility as a cooking oil, and its
desirable fatty acid composition (i.e. high MUFA and PUFA, and low in
saturated fatty acids) that rivals soybean, palm, sunflower, and olive oil
(Table 1-1).
Table 1-1. Typical monounsaturated, polyunsaturated and saturated fatty
acid (FA) compositions for canola, soybean, palm, sunflower and olive oils,
expressed as a percentage of total FA composition.
MUFA %

PUFA %

Saturated %

Canola (conventional)

62

32

6

Soybean

23

62

15

Palm (from fruit)

40

10

50

Sunflower (conventional) 25

64

11

Virgin Olive

12

16

72

Data sourced from Alander et al. (2007)
Oil quality encompasses not only the healthiness of the oil, but also the
functionality of the oil. Simply put, the quality is the ‘fitness for purpose’ of
an oil for its destined end use. The quality of the oil is dependent on market
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preferences, which include those that relate to health, environment,
functionality, and sensory appeal. In the remainder of this literature review,
the term ‘oil quality’ will encompass all of the factors that best enable the
oil to achieve its end purpose and function.

2. Canola origin and history
The oil of Brassica napus (rapeseed oil) was utilised in Asia thousands of
years ago for lighting applications, and later for lubrication on steam
engines and battleships in Europe and Canada (Colten & Potter, 1999;
Gupta & Pratap, 2007). However, the concentrations of erucic acid and
glucosinolates present limited its application as a food source. Erucic acid in
large quantities has been shown to cause lipidosis and disease to the human
cardiovascular system, while the concentrations of glucosinolates present in
the seeds were toxic to livestock, causing thyroid-related diseases (in
particular, goitre) (Busch, Gunter, Mentele, Tachikawa, & Tanaka, 1994).
‘Canola’ was the name given to the low-erucic acid, low-glucosinolate
rapeseed developed in Canada in 1977 by conventional plant breeding for
edible applications (Przybylski, Mag, Eskin, & McDonald, 2005). An
additional benefit was its compatibility in crop rotations with cereals, often
enhancing nutrient uptake and overall yields (Busch et al., 1994). Following
this breakthrough, canola production expanded rapidly in Canada and then
to Europe, the US and Australia. Many areas of Europe refer to canola as
low erucic acid rapeseed (LEAR), or edible rapeseed. Crops grown in India
and China still consist primarily of High Erucic Acid Rapeseed (HEAR),
limiting their appeal as exports to other countries. However, there has been
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increased interest in India, in developing cultivars of canola or an equivalent
(Kumar, Sharma, Thomas, Agnihotri, & Banga, 2009).
Global production of canola oil is now ranked third amongst the vegetable
oils, with 27.8 million metric tonnes consumed worldwide in 2015/16 (U.S.
Department of Agriculture, 2017). The cultivation of canola within
Australia began in the late 1960s (Colten & Potter, 1999), and it has since
become Australia’s largest grown oilseed crop, with between 1 and 3
million tonnes of seed produced each year (Australian Oilseeds Federation,
2013). Australia is now the second-largest exporter of canola seed worldwide; exported as whole seed and processed into canola oil elsewhere
(Australian Oilseeds Federation, 2014).

3. Seed varieties and seed breeding
The foreign varieties of rapeseed initially grown in Australia were
extremely susceptible to the fungal disease, blackleg (leptosphaeria
maculans), resulting in a considerable drop in production in the early 1970s.
A solution to overcome this barrier was sought since there were
considerable advantages to growing canola in Australia, including as an
important break crop for other commodities (i.e. wheat and barley). Since
then many varieties have been developed with enhanced blackleg tolerance,
allowing for effective control of the disease (Colten & Potter, 1999).
Other factors that have been considered in the breeding of new varieties are:
stages of flowering and maturing of the plant; drought resistance; high
rainfall (in selected areas); seed yield per hectare; herbicide tolerance;
resistance to pests; and pod shattering (Department of Primary Industries,
2013).
6

Control of pests and resistance to herbicides have been seemingly more
complex issues to manage than the other factors listed. Insects are a
prominent concern throughout the crop growth and development, and seed
storage. Mites and fleas are of concern during early establishment of crops,
meanwhile several aphid species, budworms, and the Rutherglen bug have
been known to cause widespread damage in the plant maturation and
flowering stages (Gu, Fitt, & Baker, 2007; Miles & McDonald, 1999).
Insect pests of stored bulk canola grain include mites, weevils and beetles.
Management of these pests in all stages often involves the use of pesticides;
however, development of cultivars with non-chemical biological control
measures are the preferred long-term solution (Gu et al., 2007).
Like the resistance to pests, resistance to other herbicides is required to
ensure the crop is not compromised. Thus, canola varieties are typically
grouped into five main categories, based on their herbicide-tolerance
characteristics:
1. Conventional varieties that are susceptible to herbicides. Their
susceptibility needs to be managed by controlling crop rotations,
cultivation, and by using only selective herbicides to ensure there is
no exposure to any damaging herbicides (either in-crop or as soil
residues).
2. Triazine tolerant (TT) conventionally-bred canola (Matthews,
McCaffery, & Jenkins, 2013).
3. Clearfield (imidiazolinone) tolerant (CL) canola is another
conventionally-bred herbicide tolerant canola category (Norton,
2003).
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4. Round-Up Ready (RR) canola is the only Genetically Modified
(GM) canola currently licensed for use in Australia and is glyphosate
tolerant (Norton, 2003).
5. LibertyLink canola is also a GM canola that is tolerant to
glufosinate-ammonium herbicides (Sutherland, 1999); however, it
has not been made available commercially in Australia.
There has been recent interest in, and associated pre-breeding trials
conducted to investigate the possible development of hybrid cultivars with
“stacked” herbicide resistances, resulting in the development of another
category consisting of hybrid varieties of Triazine Tolerant with Round-Up
Ready (TT+RR) (Bucat et al., 2015). Sub-categories exist within each of the
five main categories, however they will not be described here given the topic
is beyond the scope of this research.
The factors associated with breeding, as discussed above, apply to both nongenetically modified, and genetically modified (GM) canola, with the latter
remaining a controversial topic among agricultural scientists, farmers, and
the general public. Concerns have been raised in terms of ecological
(Dunfield & Germida, 2004) and biological risks (Linacre, Whiting, Baker,
Scott Angle, & Ades, 2003) that could result from GM crop cultivation.
Since canola seeds are spread easily, special precautions have been
introduced in Australia to segregate the crop from non-GM varieties. The
number of GM canola varieties is expanding rapidly, however segregation
will continue whilst industry and consumers demand drives it. Given that all
canola analysed in this thesis was of non-GM origin, this aspect will not be
explored further.
Overall, breeding in Australia has led to the development of cultivars with
enhanced resistance to climatic and environmental factors. Varieties have
8

been developed to target certain traits and specifications, with high oil
content, low glucosinolates, drought tolerance and herbicide resistance now
achieved for many varieties (Australian Oilseeds Federation, 2016; Nelson,
Agricultural, Economics, Research, & Corporation, 2001). Since breeding
typically aligns with industry objectives, industry shifts are likely to
influence future breeding directions. Given the emergence in demand for
foods with associated health benefit, biofortification of canola may be of
considerable interest to industry and canola breeders, and potential breeding
targets for enhancing nutritional quality is discussed further in Section 8.2.

4. Canola production and processing
4.1 From plant growth to harvested seed
The season and duration over which canola is grown, differs considerably
between countries, which has the potential to create differences in the
composition of the seed and resulting oil. In Canada, canola is grown over
summer, often within a four-month time span, whereas Europe has a growth
pattern of 12 months and requires “winter-type”, long-season cultivars. The
length of Australia’s growing season is intermediate, typically 5-7 months in
duration, and consists of sowing in autumn, flowering in spring and
harvesting in summer. A major difference in the Australian growth period is
the use of spring varieties, eliminating the need for vernalisation (or winter
chilling) as is required in Northern countries (Walton, Mendham,
Robertson, & Potter, 1999).
Canola growth consists of seven stages: germination/emergence, leaf
production, stem elongation, flower bud development, flowering, pod
development and seed development. Many factors influence pod and seed
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growth, which subsequently affect the quality of the oil. Environmental
stresses such as extreme rainfall and temperature conditions, as well as nonclimate pressures (insects/pests, weeds, herbicides/pesticides), can act
independently or collectively, resulting in less favourable growing
conditions (Mailer, 1999).
Common agronomic techniques are used to reduce the impact of these
stresses. Insecticide and fungicide treatments are often implemented prior to
sowing, and nitrogen and starter fertilisers are used at the sowing stage to
enhance nutrient uptake (Hocking, Norton, & Good, 1999). Additionally,
weed management with herbicides, and management of common diseases
such as blackleg with fungicides, is considered common practice (Grains
Research Development Corporation, 2009).
4.2 From seed harvest to oil processing
Following harvest, canola seed is stored in bunkers or silos until being
transported for commercial processing. Concerns such as insect infestation
and mould need to be managed by correct aeration and safe fumigation
techniques. The foremost control priority for storing canola is its potential
for self-combustion at high moisture levels. As such, the moisture level is
closely monitored, with an 8 % moisture maximum set by the Australian
Oilseeds Federation (AOF) at grain receival sites (Australian Oilseeds
Federation Inc, 2011). Additionally, storage in cool, dry conditions prevents
germination, mould growth, and deterioration of seed quality (Edwards &
Hertel, 2011). Past studies on canola seed storage define temperature and
humidity as having the largest effects on seed quality (Elias & Copeland,
1994; Reuss et al., 2003).
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4.3 From oil processing to the supermarket shelf
The two main commercial processing techniques used to extract oil from
canola seed are solvent extraction and expeller pressing. Both techniques
involve initial crushing and pressing of the seed into a cake to release some
of the oil. The cake is then subjected to aliquots of solvent (solvent
extraction), and/or mechanical pressing (expeller pressed) to extract a higher
percentage of the oil. A much smaller proportion of processors opt for cold
pressing to extract the oil, which involves the use of an oilseed press which
operates so that minimal heat is generated, and the oil is not exposed to high
temperatures. However, most crushing plants operate a solvent extraction
technique, or a combination of the two to maximise profit, since a higher oil
yield is achieved using this technique (Dunford & Dunford, 2004). The
solvent-washed meal undergoes a desolventisation process, and the high
protein product sold as livestock feed (Gunstone, 2011).
Crude canola oil contains impurities such as insoluble particles (such as seed
fragments which can be removed by filtration) and, soluble pigments and
resins that can impact on the oil’s intrinsic quality (visual appearance and
odour). Consequently, the crude canola oil product is subjected to a number
of refining processes to remove or reduce the undesirable material. These
include degumming, refining, bleaching, hydrogenation, blending, dewaxing
and deodorization (Przybylski et al., 2005). A schematic of the meal and oil
products produced from canola oil processing is depicted in Figure 1-1.
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Figure 1-1. Schematic representation of commercial canola oil products
from processing (Gunstone, 2011; Mag, 1983; Przybylski et al., 2005).
Miscella (bottom left picture) refers to the mixture of oil and solvent
immediately following hexane extraction.
Degumming is the first stage of crude oil processing, using one of two
available techniques. One involves using only water, and the other involves
a mixture of acid and water to precipitate the phosphatides (fatty acid esters
linked to a phosphate group), and allow for their removal from the oil (Mag,
1983). The acid:water solution is more effective in removing phosphatides
as it precipitates both the hydratable and non-hydratable phosphatides
(NHP). Water degumming doesn’t eliminate the NHP compounds and is
often used in addition to another degumming process, total degumming
process (TOP). TOP involves the addition of an alkaline substance (usually
sodium hydroxide) to a dilute acid and oil mixture which is centrifuged and
the resulting hydrated phosphatidic acid is removed from the oil. Modern
degumming techniques such as enzymatic or ‘soft’ degumming processes
using chelating agents are now available
(Zufarov, Schmidt, & Sekretár, 2008). However, they remain uncommon
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techniques. Residual phosphatides are commonly regulated by measuring
phosphorus content in the oil via colourimetry, as per the AOCS Official
Method Ca 12-55 (Kulp & Ponte, 2000, p. 344).
Following degumming, the oil is subjected a phosphoric acid treatment to
remove any remaining phosphatides. The oil then undergoes one of two
further refining techniques to remove the free fatty acids (FFAs), either
alkali (chemical) or physical refining. Chemical refining involves the
addition of sodium hydroxide, heating, centrifugation and the resulting
aqueous soap layer is removed. Physical refining involves steam distillation
prior to contact with an acid-activated bleaching clay. In both processes,
phosphatide and chlorophyll concentrations are lowered to within the
restrictions for edible oil (Suzuki & Nishioka, 1993). Chemical refining is
the more utilised of the two, since physical refining is a newly developed
technique and has not yet been as widely adopted.
Bleaching is applied as the next stage in both techniques, acting to remove
soap residue and pigments from the oil. The oxidising effects of
chlorophyll are well established, and they additionally impart a green
colour to the oil when concentrations are elevated, which provides further
motivation for bleaching strategies that remove these compounds (Suzuki
& Nishioka, 1993). Bleaching also removes other pigments, including
carotenoids. Carotenoids impart a darker, yellow colour on the oil, and their
retention would inhibit industry targets of a virtually colourless oil
(Przybylski et al., 2005). However, consumer preference has changed in
recent years, with increased interest for natural food products offering
nutritional benefit. Opportunities may eventuate to achieve their retention
(Dickson-Spillmann, Siegrist, & Keller, 2011), and this notion will be
explored further in Section 8.
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Deodorisation, which is often the last step before packing and shipping,
involves a steam distillation process where steam is directed through the oil,
increasing its temperature under low pressure conditions. The process serves
to eliminate any compounds that may impact on the oil’s sensory properties,
particularly odour and taste (Ceriani & Meirelles, 2004).
The main goal for industrial processing of canola oil is a product with
superior extraction yield and high aesthetic quality, which includes virtually
no colour, neutral odour and bland flavour (Dunford & Dunford, 2004;
Hamilton & Hamm, 2000). Given the level of crushing, extraction and
refining processes the material is subjected to, vegetable oils are regarded as
highly-processed commodities. The most common processing techniques
involve the use of either solvent-assisted oil extraction, expeller-press
extraction, or a combination of both. When a combination is used, up to
99% oil recovery can be achieved, which makes these techniques favourable
in industry. However, there have been many concerns from the public about
use of solvent extraction, and solvent residues remaining in the end-product
(Dunford & Dunford, 2004, p. 28). Although strict protocols are in place to
ensure a safe end-product, continued concern and speculation concerning
the level of processing, has led to the emergence of more cold-pressed and
minimally refined canola oils for purchase. Thus, consumer preference is a
market driver, and although extraction (oil) yield will remain a primary
target, new opportunities for the enhancement of the oil in terms of
nutritional quality may emerge.
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5. Canola oil composition
5.1 Major components
The composition of vegetable oils, and their functionality, has become a
high-priority research area (Dunford & Dunford, 2004; Monfreda, Gobbi, &
Grippa, 2012).
Canola oil is primarily composed of triacylglycerols (TAG), polar lipids
(PL), free fatty acids (FFAs) and unsaponifiable material (Figure 1-2)
(Przybylski et al., 2005).

H

Figure 1-. Major components in canola oil. Note that each fatty acid in the
TAG or phospholipid structure can be different or the same (e.g. one TAG
unit could comprise one stearic acid chain and two oleic acid chains)
(Fuller, 2004). R = hydrocarbon side chain, Me = methyl group.
TAGs are esters formed from three fatty acid molecules and one glycerol
molecule and are the most abundant of the major constituents in canola oil,
as shown in Table 1-2 (Fuller, 2004; Przybylski et al., 2005).
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Table 1-. Constituents of crude canola oil, prior to processing (Przybylski
et al., 2005).
Constituent

Units

Typical range
in Canola Oil

Major

Minor

A

Triacylglycerols

%

94.4-99.1

Phospholipids

%

 3.2

Free Fatty Acids

%

0.4-1.2

UnsaponifiablesA

%

0.5-1.2

Phytosterols

mg/kg

7000-10000

Tocopherols

mg/kg

700-1200

Carotenoids

mg/kg

10-130

Chlorophylls

mg/kg

5-50

Sulfur

mg/kg

3-25

Iron

mg/kg

<2

Although considered a major component, the unsaponifiables group

consists of a mixture of compounds which includes several of the minor
components included above.
A variety of different fatty acids may be attached to the glycerol molecule to
form a TAG (Figure 1-). Oleic acid, a MUFA, is the most abundant fatty
acid in canola oil, consisting of an 18 carbon atom chain and one double
bond, commonly expressed as 18:1. Canola oil contains high proportions of
MUFA’s and PUFA’s, with a uniquely low level of saturated fatty acids
(SFA) in comparison to other commonly used vegetable oils (Table 1-1)
(Przybylski et al., 2005). These fatty acids include the omega-3 (n-3) fatty
acid linolenic acid, and the omega-6 (n-6) fatty acid, linoleic acid.
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The n-3 and n-6 fatty acids differ structurally by the position of the double
bond in the fatty acid molecule (i.e. for n-3, the outermost double bond is
located at the 3rd last carbon in the fatty acid chain) (Alander et al., 2007).
Both n-3 and n-6 are particularly important in food sources, since they are
the only fatty acids the human body is unable to synthesise. Moreover,
research has indicated that a diet with a more even ratio of these fatty acids
(denoted as the n-6/n-3 ratio), is desirable (Brill, 2009). Typically in many
Western diets, there is significantly more n-6 consumed than n-3 (ratios of
10:1 or higher) (Arterburn, Hall, & Oken, 2006), and as a result, there has
been increased encouragement to consume foods high in n-3 FAs, or those
with a more favourable ratio. (Australian Government National Health and
Medical Research Council, 2013; Gebauer, Psota, Harris, & Kris-Etherton,
2006). These fatty acids exist in canola oil in a 2:1 ratio, and are closer to
the desirable dietary ratio than any other commonly consumed vegetable
oil. The composition of FAs, as they are found in canola oil has been
linked to the prevention of coronary heart disease, diabetes and associated
diseases (Brill, 2009; Mensink & Katan, 1989; Schroder & Vetter, 2012).
Shahidi, 1990).

Figure 1-. Structures of common polyunsaturated n-6 and n-3 fatty
acids. Linoleic acid contains two double bonds (C18:2), while linolenic
acid (C18:3) contains three double bonds.
The typical fatty acid composition of canola, high erucic rapeseed (HEAR)
and olive oil are shown in Table 1-3. All oils are rich sources of MUFA,
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which has been shown to effectively reduce plasma lipid levels (Grundy,
1987), and exhibit associated health benefits. However, canola oil has a
considerably higher percentage of PUFAs, and thus offers additional
benefits in the reduction of LDL cholesterol levels (Mensink & Katan,
1989).
Table 1-3. Typical composition of fatty acids in canola, rapeseed and olive
oils (Codex Committee on Fats and Oils, 2011; Monfreda et al., 2012;
Przybylski et al., 2005).
Fatty Acid
Fatty Acid
abbreviation Name

% Abundance in
Canola

Saturated

Rapeseed

Olive

6

7

15

C16:0

Palmitic

2.5 - 7

1.5 - 6

7 - 16

C18:0

Stearic

0.8 - 3

0.5 - 3.1

1-3

Monounsaturated

63

70

70

C18:1

Oleic

51 - 70

8 - 60

65 - 80

C22:1

Erucic

0-2

2 - 60

-

31

23

15

Polyunsaturated
C18:2

Linoleic

15 - 30

11 - 23

4 - 10

C18:3

Linolenic

5 - 14

5 - 13

-

Polar lipids are also present, although in considerably smaller proportions
than the TAGs. The polar lipids consist mainly of phospholipids (3.6 % of
total oil weight), and glycolipids (0.9 % of total oil weight) (Przybylski et
al., 2005). Phospholipids contain two fatty acids, a glycerol unit and a
phosphate group, while glycolipids contain a carbohydrate group in place of
the phosphate group. They differ from TAGs structurally, as they contain a
different group in the place of the third fatty acid molecule. Phospholipids
18

are produced in the crude oil from the degradation of cell membranes during
the extraction process (Xenakis, Papadimitriou, & Sotiroudis, 2010). They
are primarily found in the forms of phosphatidic acid and
phosphatidylinositol (Przybylski & Eskin, 1991).
Hydrolysis is a common reaction during oil processing and storage, and
results in the formation of FFAs, occurring as a result of TAG and
phospholipid degradation. These undesirable compounds initiate oil
degradation and are precursors to oxidative breakdown products, leading to
oil rancidity (Frega, Mozzon, & Lercker, 1999). FFAs are usually present at
low concentrations in canola oil (Table 1-2), but are lowered further during
oil refining.
The unsaponifiable fraction (0.5-1.2 %) comprises those components that do
not produce soap upon mixing with sodium hydroxide (NaOH) (Hoffmann,
Moser, Evans, & Cowan, 1962). Following chemical deacidification of the
oil (typically using NaOH), the resulting soap (which consists mainly of
FFAs, remaining phospholipids and impurities), is removed via
centrifugation (Bhosle & Subramanian, 2005). This unsaponifiables group
also includes a number of desirable minor components (see Section 5.2),
however their concentrations in the oil vary depending on the deacidification
method used (Przybylski et al., 2005).
5.2 Minor components
Aside from the major components, a large number of minor components
exist in crude canola oil. Previously, the research on canola oil composition
has focused on the major components for the assessment of nutritional
quality, and also functionality in cooking, particularly frying and baking
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(McKevith, 2005; Salisbury & Wratten, 1999). More recently however,
there has been a shift in focus toward the minor components that exhibit
nutritional benefits (S. M. Ghazani, García-Llatas, & Marangoni, 2013a;
Yang et al., 2013). The focus of this thesis is on the fat-soluble minor
components, phytosterols, tocopherols and carotenoids, and as such, these
will be discussed in more depth.
5.2.1 Phytosterols
Sterols are found widely in plants, animals and fungi, and are made up of
three cyclohexane rings, one cyclopentane ring and an alcohol group. They
play a vital role as structural components in cell membranes because they
perform signal transduction, control the activity of membrane-bound
enzymes, and regulate membrane permeability (Gül & Amar, 2006). Sterols
occur as phytosterols in plants and are most widely known for their lowdensity lipoprotein (LDL) cholesterol-lowering properties (Alander et al.,
2007).
&DQRODRLOLVULFKLQphytoVWHUROVQDPHO\ȕ-sitosterol, campesterol and
brassicasterol (Gül & Amar, 2006) (Figure 1-4), which are present in both
free and esterified forms (J. K. G. Kramer, 1983). The absence or low
concentrations of stigmasterol, along with the presence of brassicasterol, are
used as identifiers to distinguish canola oil from other vegetable oils.

20

Figure 1-. Structures of the three major phytosterols found in canola oil.
Due to the prevalence of heart disease in first world countries, research into
phytosterols and their cholesterol-lowering properties has been widespread
(Grundy, 1987; Mensink & Katan, 1989). These components have been
quantified in canola oil (Ferrari, Schulte, Esteves, Brühl, & Mukherjee,
1996; Schroder & Vetter, 2012; Yang et al., 2013). Gul & Amar (2006)
reported phytosterol concentrations of rapeseed varieties between 5.13 and
9.79 g/kg, compared to 7.31 g/kg reported by Toivo, Piironen, Kalo, &
Varo (1998). Concentrations of phytosterols and their relationships with other oil
components in Australian canola oil are absent from the literature to date.

5.2.2

Tocopherols

Tocopherols consist primarily of a methylated phenol group, an oxane ring
and a hydrocarbon tail (Figure 1-5) Tocopherols are known to exhibit
vitamin E properties, are naturally occurring antioxidants, and are important
for human health. Close chemical analogues of tocopherols are tocotrienols,
which also exhibit vitamin E activity (Alander et al., 2007). Both
compounds play vital roles in the human diet as they:
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-

exhibit antioxidant properties, protect lipids and prevent oxidation of
polyunsaturated fatty acids,

-

have roles in neurological functions and platelet aggregation,

-

prevent propagation of free radicals in tissues (antioxidant
properties),

-

regulate enzymes,

-

act in cell-signalling (Di Mascio, Murphy, & Sies, 1991; KamalEldin & Appelqvist, 1996)

The most prominent and abundant vitamin E compound is ɲ-tocopherol.
There are, however, four different tocopherol homologues, ɲ-, ɴ-Ȗ- DQGįtocopherol, which differ with respect to the number and position of the
methyl groups. Due to these structural variations, each of these isomers
exhibit slightly different properties and functions (e.g. the highest level of
antioxidant activity is exhibited by ɲ-tocopherol). Canola oil contains high
concentrationVRIQDWXUDOO\RFFXUULQJĮ- DQGȖ-tocopherol (Figure 1-5),
which are higher than those in olive, sunflower and palm oils (Fritsche et
al., 2012; Kamal-Eldin & Andersson, 1997; Li et al., 2011). ɴ- DQGįtocopherol are found at low concentrations (< 10 mg/kg oil).
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Figure 1-5. Chemical structures of DOSKD Į DQGJDPPD Ȗ WRFRSKHURO
No tocotrienols are present in canola oil however, plastochromanol-8, a
derivative of Ȗ-tocotrienol has been found in canola oil in small proportions
(Przybylski et al., 2005; 6]\Gá2ZVND-Czerniak, 2011), and exhibits antioxidant properties similar to those of tocopherols.
Codex standards provide approximate tocopherol concentrations in canola
oil, and other vegetables oils (Codex Committee on Fats and Oils, 2011).
Concentrations for each oil commodity vary considerably, as shown in
Table 1-3, however factors influencing these concentrations have not yet
been researched widely. Tocopherol compounds have been analysed
previously in Australian canola oil, illustrating similar variations to those
reported in the global standard (Ayton, Seberry, & Graham, 2011; Flakelar,
Luckett, Howitt, Doran, & Prenzler, 2015).
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Table 1-. Tocopherol concentrations in canola oil in comparison with three
other common vegetable oils (Codex Committee on Fats and Oils, 2011).
Component

Canola

Soybean

Sunflower

Palm

(mg/kg oil)
ɲ-tocopherol

100-390

10.0-350

400-940

4.00-193

Ȗ-tocopherol

190-750

90.0-2307

ND-34

ND-530

total
tocopherols

430-2680

600-3370

440-1520

150-1500

ND = not detectable

5.2.3 Carotenoids
Carotenoids are pigments occurring in many species of plants and
vegetables, which are further sub-classed into carotenes (hydrocarbons) and
xanthophylls (oxy-derivatives that differ from carotene by the inclusion of
oxygen in the molecular structure). Carotenoids are chemically related to
vitamin A and are vital in the human diet for skin and eye health. They play
an important role in the prevention of oxidative diseases, including cancer
and cardiovascular disease (Delgado-Vargas, Jiménez, & Paredes-López,
2000; Fernández-García et al., 2012; Sies & Stahl, 1995).
ȕ-carotene (Figure 1-6) is a terpenoid with a conjugated polyene structure,
allowing it to absorb visible light, and hence, plays an important role in the
photosynthesis in plants (Preedy, Woollard, Petkovich, & Royal Society of,
2012, p. 4). It also has the capability to exhibit antioxidant properties by the
quenching of free radicals (Sies & Stahl, 1995), and is converted to retinol
(vitamin A) in the human bodyȕ-Carotene is reported to have the highest
antioxidant activity level of all carotenes (Chichester, Mrak, & Stewart,
1967, p. 209). It is an orange-coloured compound that is extremely
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susceptible to light degradation and oxidises readily upon contact with air (Feltl,
Pacakova, Stulik, & Volka, 2005).
Lutein is also susceptible to light, air and temperature promoted oxidation
like ɴ-carotene, but differs structurally from ɴ-carotene by the presence of
hydroxyl groups on each end of the molecule (Figure 1-6). Lutein DFWVGLIIHUHQWO\
to β-carotene in the human body, since it is concentrated in the eye to actively
filter blue light, reducing the amount reaching the retina, and has been
shown to delay the onset of macular degeneration (Granado, Olmedilla, &
Blanco, 2003; 5RGLü6LPRQRYVND$OEUHKW 9RYN2012). As lutein is
only found in a limited range of foods and cannot be synthesised by the
body, there is a larger emphasis on those dietary sources containing it.
Furthermore, recent research is investigating ways to promote absorption of
lutein in the human body through both food sources and supplements,
illustrating the interest in the area (Granado et al., 2003; Kopec, Gleize,
Borel, Desmarchelier, & Caris-Veyrat, 2017; Madaan et al., 2017). Little is
known about the concentrations of lutein in crude canola oil, and factors
affecting these concentrations, warranting new research to investigate its
potential as a dietary source of lutein.
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Figure 1-6. Structure of carotenoids commonly found in canola oil.
The absorption of carotenoids from foods is greatly enhanced in the
presence of lipids and recommendations are often to consume foods rich in
carotenoids with a fat source to enhance their uptake. Additionally,
enhancement of the absorption of tocopherols has been observed when in
the presence of carotenoids within an oil matrix (Van Rooyen, Esterhuyse,
Engelbrecht, & Du Toit, 2008).
Table 1-4 provides values obtained from the literature for carotenoid
concentrations in canola, palm and olive oils. The concentrations of
carotenoids in crude canola oil are much higher than those in olive oil, but
lower than palm oil.
Table 1-. Total carotenoid concentrations in canola, palm and olive oils
(Codex Committee on Fats and Oils, 2011; Przybylski et al., 2005;
Psomiadou & Tsimidou, 2001).
Component

Carotenoids (mg/kg)

Canola Oil (Crude)

§ 

Canola Oil (Refined)

ND - 

Palm Oil

500 - 2000

Virgin Olive Oil

0.6 - 6.9
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5.2.4 Other minor components
Canola oil consists of a number of other minor components, including
polyphenols, chlorophylls, and trace metals. Polyphenols are hydrophilic
molecules commonly found in edible plants. They have generated recent
research interest, particularly concerning their health-beneficial properties in
the prevention of degenerative diseases, including cancer and cardiovascular
disease (S. Ghazani & Marangoni, 2013). Canola seed and oil contains
small amounts of polyphenols, and several reviews have been published
recently describing the health-benefits of canolol, a dominant phenolic
compound in canola oil, known for its antioxidant and antimutagenic
properties (Galano, Francisco-Márquez, & Alvarez-Idaboy, 2011;
6]\GáRZVND-Czerniak, 2013). Chlorophyll compounds are green pigments
that are easily oxidised, and break down to malodorous compounds which
impart an undesirable colour and odour to the oil. Chlorophylls are
monitored during seed handling, before being lowered to acceptable
concentrations during the oil refining process (Diosady, 2005). Trace metals
are found in oils due to either environmental acquisition from the growing
plant, or through commercial processing with metallic equipment (Allen,
Siitonen, & Thompson, 1998). They impose detrimental effects, since they
catalyse oxidation reactions with other oil components, promoting oxidation
and oil rancidity. For example, although tocopherols are known for their
antioxidant properties, in the presence of metals they interact readily with
metal ions and catalyse oil oxidation. (Garrido, Frias, Diaz, & Hardisson,
1994). Undesirable metals found in the oils include manganese (Mn),
aluminium (Al), iron (Fe) and copper (Cu) (Przybylski et al., 2005). Thus, it
is important to ensure these compounds are kept within reasonable limits.
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6. Canola quality control and associated methods
of analysis
Parameters to monitor seed and oil quality are frequently measured within
industry to achieve the desired fitness for purpose, as well as a safe endproduct. Many canola seed and oil processing plants employ the Hazard
Analysis and Critical Control Point (HACCP) principle, allocating control
points where seed, meal and oil samples are collected and tested (Australian
Oilseeds Federation Inc, 2011).
6.1 Seed quality testing
Guidelines for determination of seed quality have been set by the Australian
Oilseeds Federation (AOF), and are accessible to industry through Grain
Trade Australia (GTA). Table 1-5 provides the common testing parameters
for canola seed in Australia. The majority of these tests are conducted onsite: once when the seed arrives at a commercial storage site; then by a
secondary laboratory prior to storage; and again prior to acceptance at an oil
processing plant. Although seed storage and oil processing plants have
varying testing protocols, all adhere to these guidelines. The Quality of
Australian Canola is an annual report published by the AOF and the
Department of Primary Industries (DPI), which provides results of selected
quality parameters, using canola from the previous harvest across Australia
(NSW Department of Primary Industries, 2016).
Oil, protein, moisture and glucosinolate content are routinely measured
using rapid Near Infra-Red (NIR) analysis of the whole seed (Williams &
Norris, 2001). Wet chemistry quantification techniques are capable of
greater accuracy, but are not favoured as they are more costly and labour
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intensive. To monitor instrument reproducibility, standard samples are
tested intermittently. Typical values for oil, protein and glucosinolate
concentrations in Australian canola oil are reported in Table 1-5 (Australian
Oilseeds Federation, 2011). Other seed quality parameters measured include
test weight, visible seed defects, impurities, number of green seeds, and the
occurrence of weed seeds and contaminants (Grain Trade Australia, 2014).
Of these parameters, prices are set using oil content (%) and moisture
content (%). Samples are rejected if number of green seeds, impurities,
contaminants or weed seeds become too high and fall outside specified
limits, or if the FFA % is too high.
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Table 1-. Standard seed quality testing parameters for Australian canola oil
(Australian Oilseeds Federation Inc, 2011; NSW Department of Primary
Industries, 2012).
Quality
Parameter

Typical level
observed in
canola seed/oil

Restrictions (if
applicable)

Oil content

%,
standardised
for 6%
moisture

35-45

Price
deductions
above/below
42

Protein content

%, standardized
for 13%
moisture

> 35

-

Glucosinolate
content

μmol/g seed,
standardised for
6% moisture

<7

-

Test weightA

kg/hLB

62-67

62 (min)

Defective canola

%

variable

variable

% or counts
per half litre

variable

variable

Impurities

%

0-3

3 (max)

Green seeds

%

0-2

2 (max)

GM presence

+/-

-

rejected if nonGM canola is
+

< 1-2.5

2.5 (max)

Contaminants

Free Fatty Acids
A

Units

% of total
fatty acids

Test weight is a measure of seed density. Bkilograms/hectolitre
6.2 Oil quality testing

Following the acceptance of seed into an oil processing plant, oil quality
tests are administered at different stages of the refining process, for an
overall evaluation of the product (Table 1-6).
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Table 1-. Australian canola oil quality testing standards (Australian
Oilseeds Federation Inc, 2011).
Quality
Parameter

Units

Level for crude
oil

Level for refined oil

%

1 (max)

0.25 (max)

%

2 (max)

2 (max)

R/Y

7/70 (max)

7/NA

Moisture

%

0.3 (max)

0.25 (max)

Iodine value

-

110 (min) – 126

110 (min) – 126

(max)

(max)

182 (min) – 193

182 (min) – 193

(max)

(max)

mEq/kg

10 (max)

10 (max)

%

1.5 (max)

1.5 (max)

Phosphorus

ppm

200 (max)

< LOD

Sulfur

ppm

10 (max)

10 (max)

-

Clear at 65°C

Clear at 65°C

Flash point

°C

150 (min)

150 (min)

Chlorophyll

ppm

30 (max)

30 (max)

Free fatty acids
(FFA)
Erucic acid
Colour

Saponification

-

value
Peroxide Value
(PV)
Unsaponifiables

Foots (fine solids)
test

Note: R/Y = proportion of red/yellow as compared to standard reference
colours in the Lovibond scale.
Standard techniques have been developed for all of these parameters, though
only those relevant to this thesis will be discussed. FFA testing involves a wet
chemistry technique consisting of solvent extraction, followed by titration of
extracted oil with sodium hydroxide to determine the FFA
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percentage in the oil. High FFA concentrations results in a reduction in the
price of canola seed for growers and grain suppliers (Australian Oilseeds
Federation Inc, 2011).
The fatty acid composition indicates the amounts of each representative
fatty acid, and the level of saturation in the oil sample. This is an important
oil quality parameter, since it provides an indication of the oil’s potential
shelf-life, respective stability, and its end-use application. Table 1-3
illustrates the typical fatty acid composition seen in canola oil. The Iodine
Value is a rapid method used to provide an indication of the fatty acid
composition. The method involves the reaction of iodine monochloride with
unsaturated fatty acids in the oil, where the iodine from the unreacted iodine
monochloride is recovered and titrated in order to determine the Wijs iodine
value, the amount of unsaturated fatty acids present in the oil. This test is
considered a rapid sub-test to the more comprehensive fatty acid profile
(FAP) testing (O'Brien, 2008). The FAP test involves the methylation of
fatty acids, before analysis using gas chromatography (GC), reporting the
individual fatty acids as a percentage of total fatty acids present in the oil
sample (NSW Department of Primary Industries, 2012). Although this test
is not commonly conducted on-site at the processing plant, samples are
often sent to laboratories capable of FAP testing, particularly if the
customers specify fatty acid percentages for their products.
An important factor in oil quality is oxidative stability, the measure of the
oil’s resistance to oxidation (Choe & Min, 2006). Oxidation in vegetable
oils is caused by either auto-oxidation or photo-oxidation, and can be
induced by light, temperature, and the conditions used in oil processing
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techniques. Free fatty acid concentrations, oxidising trace metals, fatty acid
composition, and thermal oxidation products are significant inducers of
auto-oxidation (Choe & Min, 2006). Although they have been shown to
decrease auto-oxidation, chlorophylls are main contributors to photooxidation. Tocopherols exhibit antioxidant properties, due primarily through
the ability to scavenge free radicals (Choe & Min, 2006; Koski et al., 2002).
Warner (2005) and Roman et al. (2013) identified a link between tocopherol
concentration and enhanced oxidative stability in vegetable oils. However,
the formation of tocopheroxyl radicals can occur under certain conditions,
such as exposure to light, concentration effects, and the presence of other
species in the matrix, which can cause pro-oxidant effects (Kamal-Eldin &
Appelqvist, 1996). Like tocopherols, carotenoids have the ability to act as
oxygen scavengers and prevent oxidation. They also exhibit pro-oxidant
characteristics under certain conditions (such as light exposure) (Choe &
Min, 2006).
The degree of saturation of the fatty acids present in the oil is also a major
contributor to oxidative stability. This has been illustrated before by several
studies, which has included a comparative study on the oxidative stability of
different vegetable oils under various controlled conditions (Roman et al.,
2013). The results illustrate the well-established notion that highly
unsaturated oils exhibit decreased oxidative stability (Choe & Min, 2006;
Frega et al., 1999; Parker, Adams, Zhou, Harris, & Yu, 2003). In
comparison to that of soybean and sunflower oils, canola oil has higher
oxidative stability (Kowalski, Ratusz, Kowalska, & Bekas, 2004); however,
when comparing cold-pressed canola and olive oil, olive oil exhibits a lower
amount of auto-oxidative effects, primarily due to the higher level of
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saturated fatty acids, and the higher level of phenolic compounds it contains
(Koski et al., 2002). Thus, canola oil, with a moderate amount of MUFA,
can be considered to have an intermediate level of stability, since it is
slightly less stable than an oil with high proportions of saturated fat, but
more stable than an oil that is high in polyunsaturated fats.
Oxidation can be measured either by measuring the current state of
oxidation, or by predicting future rates of oxidation (i.e. oxidative stability).
Due to the prevalence of many different methods to measure or predict
oxidation, only a few common methods will be described here. UV absorbance
expressed as specific UV extinction constants, K270, K232 DQGǻ. ZKLFKLV
calculated using an algorithm involving K270 and K232) are recognised as
effective monitors of primary and secondary oxidation products in oils, and
offer a simple method for routine testing (Gharby et al., 2011; Kraljic et al.,
2013). Another technique as previously described by Farhoosh &
Pazhouhanmehr (2009) involves using peroxide value (PV) and
anisidine values (AV) to determine the primary and secondary oxidation
products respectively. Oxidative stability is most commonly measured
using the Rancimat test (Elisia, Young, Yuan, & Kitts, 2013;
Koski et al., 2002; Kowalski et al., 2004), which involves heating the oil to
a specific temperature in a reaction vessel with exposure to air, whilst
measuring the levels of oxidation over time. This method is preferred over
differential scanning calorimetry, due to its simplicity (Kowalski et al., 2004).
Other more specialised testing can be used to assess oil quality further.
These are often methods requiring specific laboratory equipment, and
extended analysis time and costs, and are thus not appropriate for routine

34

industry testing. They are conducted by specialist laboratories that offer
their services to external companies, for instance if a commercial laboratory
required confirmation of a result.

7. Analyses of bioactive compounds
The tests identified above are those commonly used to evaluate the current
contributors to oil quality. At present, this does not involve the measurement
or determination of phytosterols, tocopherols and carotenoids. However, the
tocopherols and phytosterols exist in refined oil, and tend to fit within the
‘specialised oil testing’ category. Standard methods exist for the
determination of phytosterols, and tocopherols that can be requested by
processors, since they are of worth to help evaluate the nutritional profile of
the oil, and also from a functional standpoint (i.e. a higher concentration of
tocopherols will yield a more stable oil due their antioxidant effects). Given
that much of the following project involved the determination of these
classes of compounds, and carotenoids, in canola seed and oil samples, an
in-depth review of the literature into previously developed analytical
methods concerning phytosterols, tocopherols and carotenoids in vegetable
oils is required.
7.1 Phytosterols
Abidi (2001) reviewed a variety of chromatographic techniques for the
analysis of phytosterols in foods, particularly vegetable oils. The author placed
emphasis on gas chromatography-mass spectrometry (GC-MS) and GCflame ionisation detection (FID), due to their unparalleled sensitivity,
selectivity and response linearity. The use of GC-MS for the analysis of
phytosterols in vegetable oils has been applied in other studies (Li et al., 2011;
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Verleyen et al., 2002). An International Organisation for Standardisation
(ISO) method exists for phytosterol analysis in vegetable oils, utilising gas
chromatography (International Organization for Standardization, 2014).
Methods for phytosterol analysis involving liquid chromatography – mass
spectroscopy (LC-MS) have emerged in recent years (Cañabate-Díaz et al.,
2007; Ishida, 2014; Martínez-Vidal, Garrido-Frenich, Escobar-García, &
Romero-González, 2007), and have the advantage over GC methods in that
a derivatisation step is not required, thereby shortening preparation and
analysis times. However, the majority of existing techniques require an
additional stage of sample preparation, to cleave the phytosterol esters to
their free form prior to the determination of total phytosterols in their free
forms. This procedure increases the time and cost of sample preparation, as
well as associated losses involved in multiple preparation stages. In order to
report free and bound phytosterols separately, two studies collected free and
esterified phytosterol fractions following separation using high performance
liquid chromatography (HPLC). They then conducted saponification on the
phytosterol ester fractions, before quantifying the natural free phytosterols,
and those saponified phytosterols individually using GC (Phillips, Ruggio,
Toivo, Swank, & Simpkins, 2002; Verleyen et al., 2002). Several recent
studies have achieved simultaneous quantification of free and bound
phytosterols in food and plant sources using HPLC (Esche, Barnsteiner,
Scholz, & Engel, 2012; Ishida, 2014; Rocha, Kalo, Ollilainen, & Malcata,
2010), however none yet exist for the simultaneous analysis of free and
esterified phytosterols in vegetable oils.
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7.2 Tocopherols
Methods for analysing tocopherols in plant materials and food sources have
largely been optimised, and commonly use HPLC (Nollet & Toldra, 2012,
p. 182). An ISO method for the analysis of tocopherols and tocotrienols in
different vegetable oils exists, which involves normal phase HPLC coupled
to a fluorescence detector (International Organization for Standardization,
2016). The optimisation of other methods using normal-phase
chromatography have also been reported (Hao, Parker, Knapp, & Yu, 2005;
J. G. Kramer, Blais, Fouchard, Melnyk, & Kallury, 1997), with some
achieving simultaneous quantification of tocopherols with other classes of
compounds (Psomiadou & Tsimidou, 1998). A wide range of detection
techniques can be used for tocopherol determination including: UV,
fluorescence, evaporative light scattering detection (ELSD), and more
recently MS detection (Hao et al., 2005).
7.3 Carotenoids
Stabilisation issues are often encountered when analysing carotenoids, due
to their susceptibility to oxidation in the presence of heat, light and/or
oxygen. The difficulties surrounding carotenoid analyses were investigated
by Feltl, Pacakcova, Stulik & Volka (2005), who showed carotenoid
vulnerability to degradation, solubility limitations, and instability, when
dissolved in solvents rather than oily matrices. They concluded the use of an
appropriate solvent, maintaining relatively low temperatures (< 40°C), the
use of an internal standard, and limiting exposure of oils to light and air,
were important factors when analysing carotenoids. There are also solubility
issues to consider when analysing carotenoids. As they are lipophilic
compounds, carotenoids are more miscible in non-polar solvents (Feltl et al.,
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2005) and demonstrate poor solubility in water and other, more polar
solvents (Craft & Soares, 1992).
HPLC is the most commonly used method for the analysis of carotenoids.
GC is not as common, as the high temperatures used cause the low volatility
carotenoid compounds to degrade, making quantification difficult (Feltl et
al., 2005). Both reversed phase and normal phase HPLC techniques, in
gradient and isocratic modes, have been used successfully to separate
carotenoid compounds. Reversed phase HPLC methods are preferred and
have been reported for the quantification of carotenoids in: cereal grains
(Irakli, Samanidou, & Papadoyannis, 2011; Ndolo & Beta, 2013), fruits and
vegetables (Djuikwo, Ejoh, Gouado, Mbofung, & Tanumihardjo, 2011;
Huck, Popp, Scherz, & Bonn, 2000), vegetable oils (Mateos & GarcíaMesa, 2006; Slavin & Yu, 2012; Yang et al., 2013), and other food products
(Kao, Loh, Inbaraj, & Chen, 2012; Nasri et al., 2012). Normal phase
methods, although less common, have also been reported in literature
(Franke, Frohlich, Werner, Bohm, & Schone, 2010; Panfili, Fratianni, &
Irano, 2004; Psomiadou & Tsimidou, 1998).
As carotenoids are highly coloured compounds, they absorb in the visible
region, at approximately 450 nm. This has caused spectroscopic detection
techniques to be preferred due to their simplicity, reliability and cost
efficiency. Spectroscopic techniques have been used comprehensively in
previous studies (Barua, 2001; Bijttebier et al., 2014; Franke et al., 2010;
Goltz, Sapper, Failla, Campbell, & Ferruzzi, 2013; Panfili et al., 2004;
Psomiadou & Tsimidou, 1998; Tuberoso, Kowalczyk, Sarritzu, & Cabras,
2007). More recently, MS and MS/MS detection has been explored and may
be a promising alternative to the previous techniques, allowing an increased
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amount of spectral data to be obtained (Bijttebier et al., 2014; Huck et al.,
2000; 5RGLüHWDO). Furthermore, MS detection offers a more selective
approach, allowing carotenoids to be determined within more complex
mixtures, and simplifying sample preparation techniques (Huck et al., 2000).
Although, the sensitivity of MS detection has not yet been compared to
detectors utilising spectroscopic methods, and thus it is not yet known which
detection technique offers the best sensitivity for carotenoids in vegetable
oils.
Although there are methods available for the determination of phytosterols,
tocopherols and carotenoids, there remains an absence in the literature of any
methods that provide simultaneous determination of all three classes, and
analyses using intact oils. Given the aims for the study, and the possibility
these compounds may be of interest to industry, there is scope for a rapid
technique to analyse all classes simultaneously.

8. Considerations for the preservation of bioactive
compounds
8.1 General considerations
The retention of bioactive components has proved a difficult achievement
for the food industry, due to many being unstable, and susceptible to
oxidation. So far, bioactive components have not been targeted for retention
in commercially produced canola oil. However, there has been a
considerable rise in interest surrounding nutritionally-enhanced vegetable
oils, or those with the potential for enhancement, including canola oil
(Dunford & Dunford, 2004; Fine et al., 2016; Lin et al., 2013). Given the
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large number of stages involved between seed growth to end-product oil,
there are many factors that contribute to the concentration of bioactives in
the final oil product. Recent reviews have described studies identifying the
effects of common refining processes on certain bioactives in canola (Fine
et al., 2016; S. Ghazani & Marangoni, 2013). Another describes the
challenges facing the production of high-quality virgin (or cold pressed)
rapeseed oil, and presents important considerations during production and
storage which impact on overall oil quality. The authors conclude that
correct seed storage, and compounding effects from all stages of the
production line, are the crucial factors to achieve an end product of high
quality (Matthäus & Brühl, 2008). However, since these reviews focus only
on particular aspects of the production line, a thorough discussion is
warranted concerning the issues that may impact on these bioactives across
the entire chain: from seed breeding and growth, to seed and oil processing,
to the stored oil purchased for use by consumers.
8.2 Seed variety and growing location effects
It is widely accepted in agriculture that genetics and environmental factors
can greatly influence crop traits (Kang, 1997). New varieties are often
developed to target specific traits and reduce the influence of environmental
constraints. As the knowledge relating to genotype and environmental
interactions has grown, guides have become available for farmers and
agronomists to provide information on optimal environmental conditions for
growth specific to the variety of canola that is grown (Australian
Government Office of Gene Technology Regulator, 2008; Edwards &
Hertel, 2011; Grains Research Development Corporation, 2009). Canola
breeders have begun to investigate new directions to further enhance oil
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quality through breeding, with increasing interest in the enhancing of
bioactive compounds (Abbadi & Leckband, 2011). Recently published
papers have detailed studies on tocopherol concentration and canola variety
(Fritsche et al., 2012; Richards, Wijesundera, & Salisbury, 2008; Wang et
al., 2012). Statistically significant relationships were observed amongst
different rapeseed genotypes and tocopherol content by all three previously
described studies. Moreover, Wang et al. (2012) and Richards et al. (2008)
reported a significant environmental influence on tocopherols. The studies
present encouraging results for the breeding of new varieties to maximise
tocopherol content, and is worthy of further investigation. Also, if plant
breeders are looking to breed a high tocopherol canola, then the processors
and food manufacturers may be interested in how such an oil performs
functionally, given the antioxidant effects of tocopherols. Thus, there is
scope for more research in this area.
Unlike tocopherols, the genetic influences within canola varieties on
phytosterols and carotenoids have not yet been researched in great depth.
Thus far, there has been one published study (as far as the author is aware)
conducted on 207 Chinese canola varieties to assess varietal influence on
tocopherols, phytosterols, carotenoids and chlorophylls, where significant
relationships between cultivar type, and all measured bioactives (total
phenolics, phytosterols, tocopherols, carotenoids and chlorophyll), were
observed (Yang et al., 2013). The study also investigated correlations
between the bioactives and oxidative stability, discovering significant,
positive correlations between induction period (IP), and total polyphenols,
lutein, and total tocopherols. Given the different behaviour of isomers, for
instance the varying antioxidant activity of ɲ- and ɶ-tocopherol, it would
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have been of worth to examine each isomer against IP to further characterise
their behaviour. More studies are required in this area to confirm the
potential for biofortification, and for Australian research to remain current
with that of overseas institutions.
8.3 Processing techniques
As described in Section 4.3, there are many stages involved in the production
of edible canola oil, to provide an oil end-product with the desired oil
quality. Thus, research on the impacts of conventional processing techniques
on quality attributes has been widespread. Section 8.1 identified several
reviews that have been published describing the effects of commercial
processing techniques on overall oil quality. Furthermore, there have been
investigations into the effects on fatty acid composition and oxidation in
vegetable oil processing (Farhoosh & Pazhouhanmehr, 2009; Kowalski et
al., 2004; Kreivaitis, Gumbyte, Kazancev, Padgurskas, &
0DNDUHYLþLHQH; Roman et al., 2013; Scarth & Tang, 2006). The recent
review by Fine et al. (2016), as described in Section 8.1, provides a current
review of the literature surrounding nutrient enhancement in vegetable oils,
considering conventional techniques, and also new approaches. It concludes
by stating that the work has prompted pilot scale research to further
investigate retention of nutrients. With regard to the fat-soluble bioactive
compounds, there have been studies evaluating processing techniques and
their impacts on phytosterols (Ferrari et al., 1996; S. M. Ghazani, GarcíaLlatas, & Marangoni, 2013b; Liu, Yang, & Huang, 2012; Vlahakis &
Hazebroek, 2000), and tocopherols (Ferrari et al., 1996; S. M. Ghazani et
al., 2013b; Liu et al., 2012). Currently the processing techniques used for
canola oil result in degradation or elimination of carotenes from the oil
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(Dunford & Dunford, 2004; Franke et al., 2010; Przybylski et al., 2005), and
as a result, few studies have investigated variations to carotenoid
concentration relative to different processing conditions. The majority of
studies thus far have focussed on conventional refining techniques, and new
approaches to refining only.
Given the many forms of seed extraction (solvent, expeller, cold-pressing),
and processing techniques currently available, there is little information
available on the effects for current techniques. Moreover, there is an
absence in the literature of larger studies involving several different
processing plants. Such a study would be worthwhile, to examine the
associated effects on bioactives along each stage of different processes, in
order to provide information on the behaviour of these compounds through
currently used processing techniques.
8.4 Seed and oil storage
Industrial techniques for sampling and storage, and their effects on resulting
oil quality, are often overlooked and underestimated (Matthäus & Brühl,
2008). Incorrect handling or storage of seed can greatly impact on oil
quality, so emphasis must be placed on ensuring good conditions for seed
storage. The storage and handling of canola seed (as explained in Section
1.4) is reasonably straightforward. In addition to close monitoring of
moisture, seed should be stored in cool conditions, with reduced exposure to
air, to maintain low humidity and prevent mould growth (Burrill, 2012).
Canola oil has increased susceptibility to spoilage in comparison to canola
seed. Once extracted, the oil is prone to oxidation, which can be minimised
by implementing appropriate control measures. In 2012, a storage trial was
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conducted by the author at Charles Sturt University Wagga Wagga to assess
the best storage conditions for crude canola oil samples, extracted using
straight through solvent techniques and soxhlet extraction. Oxidation levels
were determined using spectrophotometry at target wavelengths: 232, 266
and 270 nm (Gómez-Alonso, Mancebo-Campos, Salvador, & Fregapane,
2007). The results indicated that storage in the fridge (4 °C) and freezer (-18
°C) minimised oxidation levels in oils over a 10 week period, compared to
that of oils stored at room temperature (~20 °C). This is in agreement with
previous studies, which conclude oil is best preserved when stored in cool,
dark conditions (Gharby et al., 2011; Suriyong, 2007).
Studies on the effects of storage on bioactive compounds in canola seed and
oil are limited, and are often specific to one class of compound. One group
of researchers has conducted related studies on the effects of canola seed
storage on phytosterols (Gawrysiak-:LWXOVND5XG]LĔVND:DZU]\QLDN 
Siger, 2012), and tocopherols (Gawrysiak-Witulska, Siger, & Rusinek,
2016; Goffman & Möllers, 2000). Other studies have reported the effects of
storage on bioactives in canola oil, including studies on phytosterols (Thanh
et al., 2006) and tocopherols (Goffman & Möllers, 2000). However, one of
these was conducted on commercially available, refined vegetable oils that
included no canola oil, except a blended vegetable oil containing canola oil
(Thanh et al., 2006). To the author’s knowledge, there have been no studies
yet which describe the effects of storage on carotenoid concentration in
canola seed or oil. Given that many of the available seed and oil storage
experiments were conducted with one class of bioactive in mind, and many
utilised accelerated conditions to speed up the degradative process, there
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appears to be very few studies that have been conducted to represent ‘true’
storage conditions.
Furthermore, there is an evident increase in demand for clean-label foods
and those with minimal refining, which has led to the emergence of coldpressed and minimally refined canola oils (Pasha, Saeed, Sultan, Khan, &
Rohi, 2014). The behaviour of phytosterols, tocopherols and carotenoids in
such oils, and how they would impact on the stability of the oil is unknown.
Thus, more research is required in this area, particularly with the increase
in prevalence of minimally refined oils.

9. Concluding remarks
Recently, there has been a major, global shift in consumer preference in
many food commodities, now favouring a food end product which has had
minimal processing and refining, and is high in natural, health-beneficial
compounds (Pasha et al., 2014; Prabu, Suriyaprakash, Dinesh, Suresh, &
Ragavendran, 2012). These trends may provide an opportunity for
commercial canola seed and oil processors to enhance nutrients in the seed
and oil, and create an end product of higher nutritional quality. However, for
this to occur, studies need to be conducted to further assess how the
particular growing environment affects bioactive concentration, and the
potential for genetic enhancement. Additionally, investigations are needed
into current commercial seed and oil processing techniques, and their effects
on these bioactives through processing. Finally, seed and oil storage
conditions need to be assessed to evaluate overall impacts on seed and oil
quality, and their associated effects on these bioactives.
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10.

Research Objectives and Questions

As evidenced in this review, there is potential for the nutritional profile of
canola and its oil to be enhanced, particularly concerning the fat-soluble
bioactives, phytosterols, tocopherols and carotenoids. This body of work
was designed to address the following objectives and questions. The first
objective involved the behaviour of phytosterols, tocopherols and
carotenoids during seed growth and development:
What effect does seed variety have on the concentrations of bioactive
components present in Australian canola seed and oil? Is there potential to
breed seed varieties naturally high in phytosterols, tocopherols and
carotenoids?
To address the previous question, a variety trial was predicted to be sizable,
requiring a large population of samples. Appropriate replication would
likely result in an experiment that is too large for the scope of this study. For
this reason, a research question to accompany the first, was introduced:
Can an experiment be designed that allows for the determination of
bioactives in a high number of samples, using the suggested analytical
method, without the use of full sample replicates, whilst still achieving a
high level of precision?
The next research question involved the effects of current oil processing
techniques on phytosterols, tocopherols and carotenoids, which have not yet
been identified or investigated in the previous literature (Section 8.3):
What effect does current commercial seed and oil processing have on these
bioactive compounds?
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Furthermore, since seed and oil storage can also cause changes to bioactive
components (Section 8.4),
What are the effects of canola seed and oil storage on these phytosterols,
tocopherols and carotenoids?
Analytical methods for the determination of these classes of bioactives often
require complex sample preparation and/or lengthy analysis times, as
evidenced earlier in this Chapter (Section 7). The research objectives that
have arisen from this review required several experiments to be conducted,
each with many samples. In order to conduct these experiments in a timely
manner, there was justification for a new method to be developed that would
allow for the simultaneous determination of all three classes of compounds.
In addition to saving time and costs of analysis, a new rapid method for the
analysis of fat-soluble bioactive compounds would provide new advances in
the analysis of bioactive compounds in lipids. This formed the justification
for another research question, which needed to be answered prior to
addressing those above:
Is it possible to develop a rapid analytical method to analyse canola oil
(and other vegetable oils) for the fat-soluble bioactive compounds (i.e.
phytosterols, tocopherols and carotenoids), involving minimal sample
preparation and a short analysis time?
To answer these questions, several research objectives were identified to be
answered in this work:
1. To develop and optimise a rapid and reliable method for
simultaneous determination of the fat soluble bioactive components:
carotenoids, tocopherols and sterols, in canola oil.
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2. To identify any G x E effects, and any correlations between
bioactive compounds, that may be used for breeding purposes; by
using a novel experimental design to measure the concentrations of
bioactive components in freshly-extracted oil samples from
Australian commercial varieties.
3. To compare the levels of bioactives in canola seed and oil acquired
from a variety of current commercial techniques (including plants
operating cold-press, expeller and solvent extracted techniques), and
observe how levels of bioactives vary through the separate stages of
processing.
4. To investigate how storage of canola seed and oil impact bioactive
concentrations by conducting a 10 month storage study, where seed
and extracted oil are stored at different temperatures.
The results of this research are presented as a "thesis by publication", i.e.
each chapter represents a discrete body of work submitted to, or accepted by
a journal. The final chapter ties the results chapters together, and identifies
further research questions.
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CHAPTER TWO
Rapid method for the determination of
SK\WRVWHUROsWRFRSKHUROVDQGFDURWHQRLGV in canola
oil
This thesis was designed to investigate the potential for improving canola
oil quality through enhancement of fat-soluble bioactive compounds, vis.
phytosterols, tocopherols and carotenoids. Existing methods for their
quantification were investigated, and it was discovered that they typically
involved time consuming and complex sample preparation, and lengthy
analysis times. Furthermore, no analytical method had yet been reported to
determine the compounds from all three classes of bioactives
simultaneously. This paper describes a rapid LC-DAD-MS/MS method
developed for the quantification of tocopherols, carotenoids and
phytosterols in canola oil. The method is the first to simultaneously
determine all three classes of bioactives in canola oil in a single run,
without involved sample preparation by the analysis of intact oil samples,
and was developed to reduce sample preparation time, cost of preparation
and analysis, and to reduce instrument usage time. This method was then
used in the remaining experiments in this study, some of which involved
analysing large numbers of samples.
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Paper 1: HPLC-DAD-MS/MS method for rapid analysis of
bioactives in canola oil
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(2017). A rapid method for the simultaneous quantification of the major
tocopherols, carotenoids, free and esterified sterols in canola (Brassica
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a b s t r a c t
A normal phase high performance liquid chromatography (HPLC) method was developed to simultaneously quantify several prominent bioactive compounds in canola oil vis. a-tocopherol, c-tocopherol,
d-tocopherol, b-carotene, lutein, b-sitosterol, campesterol and brassicasterol. The use of sequential diode
array detection (DAD) and tandem mass spectrometry (MS/MS) allowed direct injection of oils, diluted in
hexane without derivatisation or saponiﬁcation, greatly reducing sample preparation time, and
permitting the quantiﬁcation of both free sterols and intact sterol esters. Further advantages over existing
methods included increased analytical selectivity, and a chromatographic run time substantially less than
other reported normal phase methods. The HPLC–DAD-MS/MS method was applied to freshly extracted
canola oil samples as well as commercially available canola, palm fruit, sunﬂower and olive oils.
Ó 2016 Elsevier Ltd. All rights reserved.
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1. Introduction
With an increasingly health-conscious population, research surrounding the nutritional properties and bioactive compounds in
foods has intensiﬁed. Speciﬁcally, the determination of fatsoluble bioactive components in edible vegetable oils, such as
tocopherols, carotenoids and sterols, is of increasing interest.
Tocopherols form part of the vitamin E family and are powerful,
natural antioxidants. They have been shown to exhibit numerous
health-beneﬁcial properties, including protection against certain
⇑ Corresponding author at: Charles Sturt University, School of Agriculture and
Wine Sciences, Locked Bag 588, Wagga Wagga 2650, NSW, Australia.
E-mail address: cﬂakelar@csu.edu.au (C.L. Flakelar).

types of cancer, oxidative and inﬂammatory diseases (Di Mascio,
Murphy, & Sies, 1991; SzydłOwska-Czerniak, 2011). Carotenoid
compounds are classiﬁed as either carotenes or xanthophylls.
Carotenes exhibit high vitamin A activity as they are metabolised
to retinol in the body. Of these, b-carotene has the highest
antioxidant activity (Fernández-García et al., 2012). Xanthophyll
compounds, which include lutein and zeaxanthin, have been
shown to actively protect against eye –diseases including macular
degeneration, and heart disease (Ribaya-Mercado & Blumberg,
2004). The health beneﬁcial properties of phytosterols, or plant
sterols have been widely reported, the most signiﬁcant of which
is their ability to lower low-density lipoprotein (LDL) cholesterol
levels (Jones & Abumweis, 2009).

http://dx.doi.org/10.1016/j.foodchem.2016.07.059
0308-8146/Ó 2016 Elsevier Ltd. All rights reserved.
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Since its initial development in Canada in 1973, canola (Brassica
napus) seed has grown to become an extremely important commodity grown across the world. The steady growth in production
has led to canola oil becoming the third most consumed vegetable
oil world-wide (Flakelar, Luckett, Howitt, Doran, & Prenzler, 2015).
In its crude form, canola oil contains sterols, tocopherols and carotenoids in proportions high enough to provide health beneﬁt to
consumers (Codex Committee on Fats & Oils, 2011). However,
there are losses associated with conventional oil reﬁning, and
adjustments to these techniques have begun to increase retention
of bioactive compounds. As the adoption of new reﬁning techniques increases, there is a need for rapid and reliable methods
of analysis of minor components in canola oil.
Analysis of minor bioactive components in oils can be challenging, particularly if the analytes are fat soluble (Carrasco-Pancorbo,
Navas-Iglesias, & Cuadros-Rodríguez, 2009). A major challenge is
interference from the oily matrix leading to involved sample
preparation and/or lengthy analysis times (Abidi, 2001; Aparicio
& Aparicio-Ruíz, 2000; Carrasco-Pancorbo et al., 2009). Thus, new
analytical methodology is required to overcome these challenges
and develop simple and efﬁcient methods.
The search for increased efﬁciency has led to the development
of methods involving simultaneous quantiﬁcation of bioactive
compounds. Several methods involving simultaneous HPLC quantiﬁcation of carotenoids and tocopherols in oil matrices have been
reported (Flakelar et al., 2015; Fromm, Bayha, Kammerer, & Carle,
2012; Hao, Parker, Knapp, & Yu, 2005; Psomiadou & Tsimidou,
1998; Valdivielso et al., 2015). While these methods were adequate
for their intended purpose, they do not include sterol compounds
and some involve lengthy sample preparation (Fromm et al.,
2012; Valdivielso et al., 2015). Two HPLC methods incorporating
tocopherols, carotenoids and sterols have been reported, and rely
on the use of ultra-violet–visible (UV–vis) and evaporative lightscattering detection (ELSD) (Slavin & Yu, 2012), and UV–vis and
ﬂuorescence detection (Manzi, Panﬁli, & Pizzoferrato, 1996).
However both methods involve complex sample preparation techniques to make the hydrophobic sample matrix compatible with
reverse phase (RP) HPLC.
Although methods involving simultaneous quantiﬁcation are
emerging, there remains a need for further development in this
area. The majority of papers still describe separate methods for
quantiﬁcation of tocopherols, carotenoids and sterols in canola
and other vegetable oils; i.e. carotenoids and tocopherols are determined using individual or simultaneous HPLC analysis of the oil,
before further sample preparation for the separate determination
of total free sterols via gas chromatography (Abdallah et al.,
2015; Li et al., 2011; Yang et al., 2013). The preparation involved
for sterol determination alone includes saponiﬁcation, puriﬁcation,
derivatisation and a number of drying steps in order to quantify
total free sterols, adding substantial laboratory effort, time and
materials (Abidi, 2001). Additionally, important information about
the phytosterol fraction is lost, as it is not possible to distinguish
between the sterols bound as esters and those existing as free sterols (Verleyen et al., 2002). The most recent methods for sterols in
other food sources have utilised the enhanced selectivity of MS/
MS to reduce sample preparation and quantify free and bound
sterols individually. So far, this approach has been utilized for
the analysis of tobacco leaves (Ishida, 2014), cereals (Rocha, Kalo,
Ollilainen, & Malcata, 2010) and blood serum (Lembcke et al.,
2005). Despite these advancements, there is yet to be reported a
method that is able to determine, carotenoids, tocopherols, free
and esteriﬁed sterols in a single analysis, with minimal sample
preparation and a satisfactory run time.
The following work reports an optimised method for the simultaneous quantiﬁcation of major tocopherols, carotenoids, and, free
and esteriﬁed phytosterols in canola oil using NP-HPLC–DAD-MS/

MS. The method allows the separate quantiﬁcation of both free
and esteriﬁed sterols without the need for lengthy sample preparation. An analytical run time of 22 min is achieved with equilibration time of 8 min, allowing for higher sample throughput and
half the HPLC run time of the previously reported technique used
for soybean oil (Slavin & Yu, 2012). Hexane is used as the common
solvent for oil extraction, dilution and analysis, further simplifying
the analytical procedure, resulting in a rapid and reliable method
of analysis for tocopherols, carotenoids and sterols in canola oil.
2. Materials and methods
2.1. Chemicals
Solvents used for extraction and analysis included 95% HPLC
grade n-hexane (Scharlau, Gillman, South Australia, Australia)
and HPLC grade ethyl acetate (Sigma-Aldrich, Castle Hill, New
South Wales, Australia). Analytical grade absolute ethanol and
potassium hydroxide (KOH) pellets were purchased from Chem
Supply (Gillman, South Australia, Australia).
b-Carotene (purity P 97%), a-tocopherol (purity P 96%),
c-tocopherol (purity P 96%), d-tocopherol (purity P 90%),
b-sitosterol (purity > 85%), brassicasterol (purity P 98%) and
cholesterol (purity > 99%) standards were purchased from SigmaAldrich (Castle Hill, New South Wales, Australia). Lutein standard
(purity P 95%) was purchased from Extrasynthese (Genay, France)
and campesterol (purity  65%) was purchased from Thermo
Fisher Scientiﬁc (Scoresby, Victoria, Australia). Cholesterol oleate
(purity 97%) was purchased from Lancaster Synthesis (Morecambe,
England). Triolein (neat) was purchased from Novachem (Collingwood, Victoria, Australia).
2.2. Samples
Commercial canola seed samples were obtained from silo receival locations in New South Wales (NSW), Australia, across the harvest period: October–December 2013. Samples were stored in
sealed jars with dessicant at 4 °C until extraction. Oil samples of
a common commercial variety (AV-Garnet) were obtained using
the extraction procedure described. Several vegetable oils including reﬁned, bleached, deodorised (RBD) canola oil, reﬁned sunﬂower oil, cold pressed olive oil and Carotino oil (a blend of
reﬁned palm fruit oil + reﬁned canola oil), were purchased from
grocery stores in 2015 and stored at 4 °C in darkness prior to analysis. The labels of the purchased oils did not indicate any additions
of antioxidants or artiﬁcial preserving agents that would alter tocopherol, carotenoid or sterol concentration.
2.3. Sample preparation
2.3.1. Extraction of oil from canola seed
Oil was extracted from canola seed using a method previously
described (Flakelar et al., 2015). In brief, 30 g canola seed was
ground and oil extracted through hexane-washed cotton wool
lined glass funnels with 100 mL hexane (50 mL initially and then
2  25 mL at 5 min intervals).
2.3.2. Standards and oil sample dilution
Aliquots of 0.25 g of each of the extracted and commercial oils
were weighed into 10 mL volumetric ﬂasks. 200 lL of an 80 lg/mL
cholesterol solution was added as an internal standard (IS), as
described in previous studies (Mo, Dong, Hurst, & van Breemen,
2013). The solutions were diluted to 10 mL with n-hexane, ﬁltered
(Minisart 0.45 lm Polyvinylidene ﬂuoride (PDVF) micro-syringe ﬁlters) and transferred into amber autosampler vials and stored at 4 °C.
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2.4. Instrumentation
A Varian Star 9010 binary pump was used with an Agilent 1200
series autosampler in series with an Agilent diode array detector
(DAD) and Agilent 6410 Triple quadrupole tandem mass spectrometer (MS/MS) detector. A Phenomenex Luna silica column
(150 mm  4.6 mm, 3 lm, 100 A) maintained at 30 °C was connected through a six port switching valve and solvent delivered
via a binary pump system. A 20 lL injection volume was used for
all standards and samples. Target wavelengths of 454 nm (carotenoid detection) and 294 nm (tocopherols) were monitored on the
DAD.
2.5. Optimisation of Chromatographic conditions
Initial conditions were estimated using gradient transfer calculations from a previously established method (Flakelar et al., 2015)
which, using a ﬂow rate of 0.7 mL/min, estimated a run time of
52 min. To achieve a shorter run time the ﬂow rate was altered
to 1.2 mL/min and a ﬁxed 9:1 ratio ﬂow splitter inserted between
the DAD and MS/MS. This allowed satisfactory sensitivity for both
detectors, and achieved similar quantiﬁcation ranges for each analyte whilst not overloading the MS detector. Normal phase chromatography was employed, using gradient elution with n-hexane
as solvent A and ethyl acetate as solvent B. The gradient procedure
was as follows: (1) held at 90% A 10% B for 7 min, (2) linear from 10
% to 35% of solvent B from 7 to 10 min, (3) held at 35% of solvent B
from 10 to 20 min before returning to (4) 90% A 10% B from 20 to
22 min. The LC column was re-equilibrated for another 8 min with
90% A and 10% B of solvent B, prior to injection of the next sample
giving an overall run time of 30 min.
2.6. Optimisation of MS conditions
The MS/MS was run in positive atmospheric pressure chemical
ionization (+APCI) mode using a multi-mode ion source. APCI mass
spectra were obtained using the following parameters: charging
voltage (2000 V), gas temperature (280 °C), vaporiser temperature
(200 °C), gas ﬂow (4 L/min), and nebuliser pressure (30 psi). Full
scan mode was used initially, and used to verify the precursor
and product ions found in literature. For several analytes, secondary ions were monitored and acted as qualifying ions. Multiple
reaction monitoring (MRM) mode was then used for quantiﬁcation
using the ion transitions shown (Table 1).
2.7. Signal interference from co-eluting analytes
Potential signal suppression or inﬂuence of co-eluting
compounds was assessed by comparing peak areas of analytes in
mixtures of different concentrations of b-sitosterol, campesterol
Table 1
Optimal LC–APCI-MS (+) transitions and MS operating parameters.
Compound

Precursor ? product
(secondary ion)

CE (V)

FV (V)

DT (ms)

Lutein
b-Carotene
a-Tocopherol
c-Tocopherol
d-Tocopherol
b-Sitosterol
Campesterol
Brassicasterol
Cholesterol
Cholesterol oleate

551.0 ? 119.2
537.5 ? 119.2
431.0 ? 165.0
417.0 ? 151.0
402.0 ? 137.0
397.4 ? 257.3
383.4 ? 161.3
381.4 ? 297.3
369.4 ?161.0
369.4 ? 161.0

40
40
25
25
40
20
10
20
20
30

135
135
135
135
50
135
135
135
200
200

80
80
60
60
60
60
60
60
60
60

(175)
(177)
(343)
(191)
(403)

CE = collision energy, FV = fragmentor voltage, DT = dwell time

and brassicasterol to peak areas of individual standards for the corresponding analyte. Concentrations of 5, 20 and 40 lg/mL were
used to form 14 different mixtures and compared to individual
standard solutions for each sterol. Details of the composition of
each mixture can be found in Table S1 included in the Supplementary material. Due to the limited availability of phytosterol ester
standards, this study was conducted on free sterols only. The percentage recoveries of these compounds in each mixed solution
were calculated relative to the concentrations of each analyte in
a pure solution of the same concentrations.
2.8. Method validation
The limit of detection (LOD) and limit of quantiﬁcation (LOQ)
were calculated using peak areas of standard solutions, with signal
to noise (S/N) ratios of 3 and 10 (3S/N and 10S/N), respectively.
Spike recoveries using two different analyte concentrations in real
oil samples, were used to investigate method reliability and matrix
effects. Matrix effects were further investigated by analysing three
solutions: a triolein solution spiked with a mixed standard
(Triolein solution 1), a triolein solution without standard (Triolein
solution 2), and a standard solution with no triolein (Triolein solution 3). Chromatograms were compared and the ratio of the absolute matrix effect was calculated (i.e. Triolein solution 1 response/
Triolein solution 3 response  100). Intra-day precision measurements (n = 6) for the peak area of internal standard (1.6 lg/mL)
in a standard and sample were reported as mean peak area ± SD
and found to be 136 ± 6.83 and 130 ± 8.80, respectively. Similarly,
inter-day precision measurements across 4 days (3 measurements
on 4 separate days, n = 12) were determined for a standard and
sample to be 137 ± 6.82 and 149 ± 5.77. Relative standard deviations were calculated and between 2.05% and 6.77 % for both
inter- and intra-day precision values.
2.9. Determination of sterol esters
To verify the presence of intact sterol esters, a saponiﬁed oil
sample and untreated oil sample were prepared and analysed
using the described HPLC method. Saponiﬁcation was conducted
according to existing methodology (Martínez-Vidal, GarridoFrenich, Escobar-García, & Romero-González, 2007). In brief, 0.1 g
oil homogenised with 2 mL ethanolic KOH in a water bath at
60 °C for 60 min, then extracted thrice with hexane. All hexane
extracts were combined and diluted to 10 mL, ﬁltered and transferred to autosampler vials. The triolein solutions (as described
in Section 2.8) and spike recovery for cholesterol oleate (described
in 2.9, Table S2 Supplementary material) were also examined to
identify the sterol esters.
2.10. Data analysis
Agilent MassHunter qualitative software was used for peak
integration and data visualisation. Microsoft Excel and R Studio
were used for all data processing and statistical analyses.
3. Results and discussion
3.1. Optimisation of chromatographic conditions
Normal phase HPLC was selected due to its direct compatibility
with oily matrices and to reduce sample preparation. A ﬂow splitter was positioned between the DAD and MS detector for several
reasons. Firstly, it reduced the eluent ﬂowing into the MS, allowing
an adequate ﬂow rate to enter without overloading the detector.
Secondly, a 1.2 mL/min ﬂow rate was maintained through the
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column, achieving a satisfactory equilibration time and overall run
time. It also maximised the sensitivity of the DAD by having a
higher proportion of sample ﬂowing through the DAD. A split ratio
of 9:1 was found to allow a quantiﬁcation range that covered typical analyte concentrations found in crude canola oils.
The optimised mobile phase gradient was developed to allow
appropriate separation of individual carotenoids and tocopherols,
and determination of sterols by MRM, as shown below (Fig. 1).
Several mobile phase compositions and gradients were trialled to
separate the sterol homologues which were found to co-elute.
However, each combination was not successful in achieving separation without a compromise of analysis time or peak uniformity.
Additionally, attempts to shorten the run time by imposing a steeper gradient were ineffective as the NP system required longer
equilibration times in order to maintain a reproducible retentiontime of the later-eluting compounds. It was decided that as each
sterol of interest has its own characteristic fragment ion, and further analysis (Section 3.4) conﬁrmed little co-elution inﬂuence,
the quantiﬁcation of each compound was possible, whilst not compromising the analytical integrity of the method. Fig. 1 illustrates
the chromatographic proﬁles of standards (A1, A2 and C1) and oils
(B1, B2 and C2) for each detector using the optimised gradient. The
total run time, including equilibration, was 30 min, which is half
the time reported by Slavin and Yu (2012). Furthermore, a single
30 min run time for all three classes of compounds provides a signiﬁcant time advantage over those methods that use multiple analyses to achieve quantiﬁcation of these bioactive compounds
(Abdallah et al., 2015; Li et al., 2011; Yang et al., 2013).

were obtained by full scans and selecting the most abundant ion.
The choice of sterol ions was determined by selecting the
[M+H–H2O]+ ion, which was reported to be the most sensitive by
previous studies (Cañabate-Díaz et al., 2007; Ishida, 2014). When
analysing foods for bioactive compounds, low limits of detection
are not always necessary – bioactives at such low concentrations
are unlikely to have any practical beneﬁt in the diet. Using this
rationale, a satisfactory sensitivity range for all bioactive classes
was desired, rather than targeting the greatest sensitivity for one
speciﬁc class of compound. The protonated ions [M+H]+ were used
for both carotenoid and tocopherol detection, giving satisfactory
LOD, LOQ and analytical range as reported in Table 2. The MS
method parameters shown in Table 1, vis. CE, FV and DT, were
selected by trialling a range of values, over numerous LC–MS runs.
Sterol concentrations in canola oil are generally an order of
magnitude larger than those of tocopherols, and two orders of
magnitude larger than carotenoids. The use of a ﬂow splitter
ensured concentrations of each class were within detection limits
on either the DAD or MS whilst reducing the amount of sample
entering the MS. In addition, dwell time, fragmentor and collision
energy were used to desensitize the MS for the sterols, while optimising them to maximise MS sensitivity for tocopherols and carotenoids. Following the insertion of the ﬂow splitter, the reduced
protonating ability of carotenoid molecules resulted in carotenoids
in the canola oil samples falling below the LOQ for the MS. Thus,
the carotenoids were quantiﬁed by the DAD. However the method
is capable of using MS detection to quantify other oil or lipid matrices with higher concentrations of carotenoids.

3.2. Optimisation of MS conditions
3.3. Method validation
Previous reports comparing both APCI and electrospray ionisation (ESI) modes have illustrated reduced sensitivity using ESI for
all compounds of interest (Hao et al., 2005; Kao, Loh, Inbaraj, &
Chen, 2012; Mo et al., 2013), thus APCI was selected. Negative
ion APCI ( APCI) was trialled and found to be less sensitive than
+APCI, consistent with previously published results (Hao et al.,
2005; Mo et al., 2013). The MRM ion transitions selected in the current study were similar to those reported for carotenoids (Gentili
et al., 2013) and sterols (Ishida, 2014) using +APCI. Tocopherol ions

Linearity was evaluated for all analytes (Table 2) and allowed
quantiﬁcation over a range of concentrations, similar to those
ranges reported in other studies (Hao et al., 2005; Lanina, Toledo,
Sampels, Kamal-Eldin, & Jastrebova, 2007; Martínez-Vidal et al.,
2007). The tocopherols were found to follow a polynomial ﬁt
across the concentration range investigated and polynomial
regressions were used to calculate concentrations rather than linear regressions.

Fig. 1. Diode array chromatograms of 5 lg/mL mixed standard solution (panel A1 and A2) and a canola oil sample (panel B1 and B2) at 294 nm and 453 nm and MS MRM
chromatograms showing a pure mixed standard (C1) and a canola oil sample (C2).
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Table 2
Retention time (RT), linearity, coefﬁcients of determination (R2), limits of detection (LOD) and limits of quantiﬁcation (LOQ) of bioactive compounds analysed.

a
b
c
d

Analyte

Calibration rangea (lg/mL)

Linear range (lg/mL)

Detector

RT (min)

R2b

Regression equation

LODc (lg/mL)

LOQ (lg/mL)

b-Carotene
b-Carotene
Cholesterol oleate
a-T
c-T
d-T
b-Sitosterol
Campesterol
Brassicasterol
Lutein
Lutein

0.5–10
25–65
20–80
0.1–40
0.1–40
0.5–5.0
5.0–40
5.0–40
5.0–40
0.5–10
25–65

0.5–50
25–50
20–120
0.1–10
0.1–10
0.5–5.0
0.5–80
1.0–80
0.5–40
0.5–50
2.0–50

DAD
MS
MS
MS
MS
MS
MS
MS
MS
DAD
MS

1.8
2.0
2.1
3.5
4.5
5.5
12.3
12.3
12.3
20.7
20.9

0.998
0.984
0.996
0.987
0.992
0.993
0.996
0.991
0.999
0.996
0.983

y = 121x 8.49
y = 16.0x 46.3
y = 346x + 375
y = 4.98x^2 + 379x + 326d
y = 4.02x^2 + 313x + 180d
y = 148x + 22.4
y = 38.4x 13.5
y = 61.7x 35.9
y = 75.4x – 11.0
y = 55.8x 7.24
y = 9.23x 18.8

0.01
0.30
0.09
0.02
0.03
0.10
0.60
0.60
0.40
0.08
2.00

0.03
1.00
0.30
0.08
0.10
0.30
2.00
2.00
1.50
0.25
6.00

Calibration range refers to the range used for standard calibration and quantiﬁcation of analytes.
R2 and regression equation calculated using a trend line from three separate results for each concentration, n = 3, 20 lL injection volume.
LOD and LOQ values were obtained using a calculation of peak height signal to noise ratio of 3 and 10, respectively.
Polynomial equation used to quantify a- and c-tocopherol.

LOD and LOQ for each analyte are shown in Table 2. Following
satisfactory spike recovery results from samples, LOD and LOQ
were calculated using standard solutions as 3S/N and 10S/N
respectively. LOD and LOQ values were in the order of lg/mL.
Two oil samples were spiked with different concentrations of
each of the analytes resulting in one sample with analytes at low
concentrations (Spike 1, Table S2), and the other with analytes at
high concentrations (Spike 2, Table S2). Detector responses were
monitored as MS for tocopherols and sterols, and DAD for carotenoids. Recoveries were determined as a percentage of the theoretical concentration from the calibration curves and ranged from 61
to 167% for the Spike 1 sample and 76.5–127% for Spike 2
(Table S2). The variation is likely due to ﬂuctuations in the MS as
the spike recovery results from the DAD yielded lower variability,
between 98.5–101%. Additionally, the recoveries from Spike 2,
which contained analytes at concentrations most similar to those
of the real samples, had a smaller range of 76.5–127% across all
analytes for the MS. The ﬂuctuations detected in the MS were conﬁrmed by monitoring intra- and inter-day precision and an internal standard was used to monitor these variations in all oil
samples. Additionally, a test to determine matrix effects was
conducted by analysing triolein with and without the presence of
carotenoids, tocopherols and sterols. Satisfactory recoveries were
determined for these solutions, with values ranging from
90.9–107% (Supplementary material, Table S3), indicating matrix
interference effects were minimal.

3.4. Signal interference from co-eluting analytes
The targeted phytosterols were found to co-elute using the
chromatographic conditions, due to their structural similarities.
Quantiﬁcation of co-eluting analytes may be overcome by the
enhanced selectivity of MS/MS, provided possible interferences
among analytes have been given due consideration. Signal interference of co-eluting sterols was investigated by assessing the linearity of the MS/MS response as a function of sterol concentration.
Regression coefﬁcients ranged from 0.986 to 0.996 for the four
sterols tested, indicating co-eluting sterols had minor inﬂuences
on each other (Supplementary material, Fig. S2). Additionally, peak
areas from several mixtures containing sterols in different concentrations were compared to individual sterol standards of the same
concentration. The individual sterol concentration response in each
mixture was calculated as a percentage of the response from solutions of the individual analytes. A value of 100% indicates that there
is no co-eluting analyte effect on detector response. There is signal
enhancement if the value is >100% and signal suppression if the
value is <100%. Of most importance to this study were detector

response ratios from solutions where the concentrations of sterols
were similar to those found in vegetable oils: i.e. solution 1 (40 lg/
mL of b-sitosterol, campesterol and brassicasterol), solution 2
(40 lg/mL of b-sitosterol and campesterol only), solution 3
(40 lg/mL of campesterol and brassicasterol only) and solution 4
(b-sitosterol and brassicasterol only) (see also Table S1). These
solutions had an overall range of detector response ratios of
89.1–108% across all three analytes (Fig. 2), illustrating that the
method is capable of reporting the concentrations of sterols in
vegetable oils to within ±10 %, despite the fact that the sterols
co-eluted.
Two other concentrations were investigated (20 lg/mL and
5 lg/mL) in which some interference was present. For sitosterol
and brassicasterol, signal enhancement was discovered (9–25 %
for a 5 lg/mL solution and 9–18 % for 20 lg/mL). Campesterol
showed slight suppression of signal in the presence of other sterols
for 5 lg/mL, between 0% and 15% (compositions and results for the
full set of concentrations examined is included in the
Supplementary material, Table S1 and Fig. S2). As the suppression
and enhancement effects appear to be consistent, these results
may be useful for matrices with lower levels of sterols where concentration adjustments may be necessary. To our knowledge there
have only been two reports that detail the suppression of
co-eluting bioactive compounds. Both employ RP-LC and report
much higher levels of suppression than those observed here
(Kopec, Schweiggert, Riedl, Carle, & Schwartz, 2013; Remane,
Meyer, Wissenbach, & Maurer, 2010). It is possible the smaller
levels of suppression observed are a result of the smaller number
of co-eluting analytes in oils as opposed to the plasma samples
analysed in the earlier studies. Both studies (Kopec et al., 2013;
Remane et al., 2010) were investigating inﬂuence effects of many
co-eluting compounds in plasma matrices and concluded that ESI
was more susceptible to interference effects than APCI.

3.5. Determination of sterol esters
For each of the sterol ion transitions examined, we observed a
larger early peak (RT = 2.2 min) and a smaller, later-eluting peak
(RT = 12.3 min) for each of the oils examined (Fig. 1, C2). The phytosterols in canola and other vegetable oils occur naturally as free
and esteriﬁed sterols. It was suspected the early peak corresponded to those esteriﬁed sterols which are bound to hydrophobic fatty acids while the smaller peak at 12.3 min was that of the
free sterols. The later peak was conﬁrmed by analysing pure sterol
standards which gave the same retention time as the real samples
(RT = 12.3 min). Since phytosterol ester standards are not commercially available a number of techniques were used to verify the
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Fig. 2. Recoveries of individual sterols in the presence of other sterols. Solution compositions are: Solution 1 (40 lg/mL of b-sitosterol, campesterol and brassicasterol),
Solution 2 (40 lg/mL of b-sitosterol and campesterol only), Solution 3 (40 lg/mL of campesterol and brassicasterol only) and Solution 4 (b-sitosterol and brassicasterol only).
Error bars represent standard error about the mean.

identity of the esteriﬁed sterol peak. An oil sample was saponiﬁed
using conventional alkaline hydrolysis, dissolved in hexane and
analysed by LC–MS/MS. The resulting chromatogram (Fig. S3,
Supplementary material) showed a loss of the early peak and
increase in the abundance of the free sterols peak, which is in
accordance with the hydrolysis process and conﬁrms the presence
of the early peak as that of sterol esters. Additionally, the analysis
of triolein without any standard addition (Triolein solution 2)
yielded no detectable peaks for the selected transitions. This means
the observed peaks arise from something other than the triglycerides, and as two peaks are occurring for the b-sitosterol, campesterol and brassicasterol transitions at different retention times, it is
likely the early peak corresponds to the sterol esters. Lastly, the
spike recovery analysis on cholesterol oleate (cholesterol ester)
gave an average value of 84.1 % for the concentration closest to
the phytosterol concentrations found in the real oil samples, which
indicated that quantiﬁcation of sterol esters was possible.
Saponiﬁcation is typically used to free the esteriﬁed sterols
bound to the fatty acids in lipid matrices, allowing for the determination of total free sterols in an oil (Abidi, 2001; Carrasco-Pancorbo
et al., 2009). However, this approach cannot distinguish between
free and bound sterols, which provides important information
about physiological processes, and for oil and lipid proﬁling. Two
previous studies have developed ways to counter this by using
coupled LC/GC techniques (Grob, Lanfranchi, & Mariani, 1989;
Toledano, Cortés, Rubio-Moraga, Villén, & Vázquez, 2012), however
both involve two separate analyses, and require longer sample
preparation and analysis times. More recently, utilisation of the
enhanced selectivity achievable in MS/MS has allowed the simultaneous analysis of free and bound sterols in other food products
(Ishida, 2014). The ion transitions chosen for sterol analysis
reported in these instances are the same for free and bound forms
but distinguishable by their retention times, as the polarity of

these compounds in an esteriﬁed form differs from their free form
(and hence where they elute separately) (Ishida, 2014; Lembcke
et al., 2005). In the case of intact vegetable oils, our method
demonstrates the same principle.
3.6. Method application and oil analysis
A freshly extracted, minimally-processed, canola seed oil and
several commercially available vegetable oils were chosen to
demonstrate the application of the proposed method to oils with
a broad range of bioactive proﬁles (Table 3). For the freshly
extracted seed oil, concentrations of a-tocopherol, c-tocopherol
and d-tocopherol, were 388 ± 3.2 mg/kg, 718 708.0 ± 2.2 mg/kg
and 14.0 ± 4.9 mg/kg, respectively. b-tocopherol was not monitored due to its low abundance in canola oil. With regard to the
commercially-available oils the concentrations of tocopherols follow the trend RBD canola > sunﬂower > Carotino > olive (Table 3).
Our results are consistent with previous reports in the literature
for tocopherol concentrations for these oils (Alander et al., 2002)
(Table 4), noting that Carotino oil is a blend of palm oil and canola
oil and the presence of the canola oil has likely elevated the
tocopherol levels. When compared to standard ranges (Codex
Committee on Fats & Oils, 2011), slightly higher amounts of
c-tocopherol were detected in the sunﬂower oil which may be
due to small levels of canola oil, as the commercial company
reﬁnes both sunﬂower and canola oils.
The concentrations for b-carotene and lutein in the freshly
extracted seed oil were determined to be 4.09 ± 0.17 mg/kg oil
and 31.6 ± 0.1 mg/kg oil, respectively. The b-carotene values are
slightly higher than values found in Chinese (2.4 mg/kg (Yang
et al., 2013)) and New Zealand (2.2 mg/kg (Teh & Birch, 2013))
cold-pressed canola oils. A broad range of concentrations, for lutein
of 28–350 mg/kg, have been reported for Chinese cultivars
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555 ± 9.84
423 ± 21.5
387 ± 3.64
39.7 ± 2.52
n.d.
1380 ± 15.8
1710 ± 62.8
1420 ± 85.2
162.0 ± 17.6
15.80 ± 1.66
762 ± 9.88
812 ± 8.76
722 ± 24.5
403 ± 3.56
61.5 ± 3.40
1090 ± 19.26
855 ± 10.2
549 ± 12.7
21.9 ± 2.45
n.d.
1630 ± 42.4
2030 ± 23.3
1320 ± 42.2
391 ± 13.9
89.8 ± 3.48
1980 ± 34.1
2120 ± 37.7
1470 ± 41.8
1480 ± 4.82
1170 ± 6.42
31.6 ± 0.11
n.d.
n.d.
n.d.
9.76 ± 0.96

d

c

a

Freshly extracted canola seed (n = 9).
Commercial oils (n = 2).
SD = standard deviation.
n.d. = not detected (or below detection limits).

4. Conclusions

b

14.0 ± 0.68
15.4 ± 1.04
28.9 ± 0.99
16.7 ± 0.35
n.d.
718 ± 16.2
663 ± 48.1
444 ± 61.3
72.4 ± 28.4
n.d.
388 ± 12.3
476 ± 45.9
319 ± 40.6
714 ± 99.5
261 ± 41.3
Freshly extracted canola seed
Commercial canola oil
Carotino blend
Commercial sunﬂower
Commercial olive

Mean ± SD

Mean ± SDc

(Yang et al., 2013), with the value found in this study to be at the
lower end of this range. However, an assessment of 29 Australian
cultivars showed a wide concentration range for lutein,
9.42–163 mg/kg oil (Flakelar et al., 2015), with the average concentration found in the present study within this range.
In the other commercial oils carotenoid levels were found to be
low or below the limit of detection with the exception of Carotino
oil (Table 3) consistent with the literature (Table 4). The palm oil in
Carotino is high in carotenoids, particularly carotenes (98%) rather
than xanthophylls (2%) (Sundram, Sambanthamurthi, & Tan, 2003).
The b-carotene was at concentrations high enough to be quantiﬁed
by MS, conﬁrming the MS detector could be used to quantify carotenoids in palm oil, or other carotene-rich foods.
The concentrations of free and esteriﬁed sterols in crude or minimally processed canola oil have not been widely reported. Sterol
concentrations are typically reported as total individual sterols
(i.e. total reported sterols = sterols existing freely in the oil + the
sterol esters that have been converted to free sterols during sample
preparation). One such study (Dunford & Dunford, 2004), reported
total values for b-sitosterol, campesterol, brassicasterol and total
sterols as 3788, 2360, 691 and 6893 mg/kg oil, respectively, for
crude, pressed canola oil. These values are comparable with the
total sterol concentrations (free + esteriﬁed) found in this study
for the freshly extracted seed oil of 2740, 3011, 1647 and
7400 mg/kg, respectively. Total phytosterol levels of rapeseed varieties have been reported between 5130 and 9790 mg/kg (Gül &
Amar, 2006) and, 7310 mg/kg (Toivo, Piironen, Kalo, & Varo,
1998), both of which are consistent with the total average sterol
content of 7400 mg/kg oil reported here.
The levels of b-sitosterol, campesterol and brassicasterol found
in the RBD canola, sunﬂower and olive oils (Table 3) are comparable to those reported previously (Table 4). Moreover, it is possible
to compare the proportions of total free and total esteriﬁed sterols
as reported by Verleyen, Forcades, Verhe, Dewettinck, Huyghebaert
and Greyt (Verleyen et al., 2002). They found slightly higher proportions of esteriﬁed sterols than free sterols in canola oil (65%
for RBD and 60% for crude), and lower proportions of esteriﬁed
sterols than free sterols in sunﬂower and olive oils (approximately
40 and 35%, respectively). The proportions of free and esteriﬁed
sterols in the current study illustrated the same trends as
Verleyen et al. (2002), i.e. RBD canola  crude canola >
sunﬂower > olive. However, higher proportions of free sterols were
obtained for all samples (63.5:36.5 for free sterols: esteriﬁed sterols) and likely due to either different detection techniques or
underestimation of sterols when using alternate techniques.

4.09 ± 0.17
n.d.d
255 ± 0.99
1.38 ± 0.24
3.08 ± 0.16

Campesterol
Mean ± SD
b-Sitosterol
Mean ± SD
Campesterol
Mean ± SD
b-Sitosterol
Mean ± SD
Lutein
Mean ± SD

Carotenoids (mg/kg oil)

b-Carotene
Mean ± SD
d-Tocopherol
Mean ± SD

c-Tocopherol
a-Tocopherol

Tocopherols (mg/kg oil)
Oil samples

Table 3
Bioactive concentration (mg/kg oil) in freshly extracted canola oila and commercially available oil samples.b

Free sterols (mg/kg oil)

Brassicasterol
Mean ± SD

Esteriﬁed sterols (mg/kg oil)

Brassicasterol
Mean ± SD
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A HPLC method has been developed for the rapid, simultaneous
quantiﬁcation of the major tocopherols, carotenoids and phytosterols in canola oil. The use of hexane as the dilution/extraction
solvent and NP-HPLC has eliminated the need for saponiﬁcation
and polarity-inversion of the oily matrix, limiting degradation of
heat and light-sensitive carotenoids. A chromatographic run time
of 22 min plus 8 min equilibration time resulted in a total run time
of 30 min, which is less than a quarter of the analysis time reported
for existing NP methods, and half that of the RP method described
by Slavin and Yu (2012). The method also allows simultaneous
quantiﬁcation of both free and esteriﬁed phytosterols, providing
important information on the distribution of phytosterols within
the oil. The LC–DAD-MS/MS method was shown to be applicable
to other vegetable oils with different bioactive proﬁles. The simplicity of sample preparation combined with the speed of the
analysis makes this method well-suited for use in screening studies with large numbers of samples.
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Table 4
Previously reported concentrations of minor components found in crude canola oil (Codex Committee on Fats & Oils, 2011) and other oil commodities (Alander
et al., 2002).

A

Minor component

Crude canola

RBD canola

Sunﬂower

Palm oil

Olive oil

b-Carotene (mg/kg oil)
Lutein (mg/kg oil)
a-Tocopherol (mg/kg oil)
c-Tocopherol (mg/kg oil)
d-Tocopherol (mg/kg oil)
b-Sitosterol (mg/kg oil)
Campesterol (mg/kg oil)
Brassicasterol (mg/kg oil)

No value speciﬁed
No value speciﬁed
100–386
189–753
ND – 22
3560–4570
1950–3050
400–1030

ND
ND
140–945
256–1730
ND-27
2300–5420
1680–3960
480–1130

ND
ND
380–1430
ND
ND
1440–2760
240–460
ND

500–700A
ND
120–200
ND
ND
180–420
66–150
ND

ND
ND
ND-180
ND-20
ND
850–1700
20–40
ND

a-Carotene + b-carotene.
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SUPPLEMENTARY MATERIAL

Table S1. The composition of mixed sterol solutions to analyse signal
suppression of co-eluting compounds.
Solution
Number
1
2
3
4
5
6
7
8
9
10
11
12
13
14

β-sitosterol
(µg/mL)
40
40
0
40
20
20
0
20
5
5
0
5
20
20

Campesterol
(µg/mL)
40
40
40
0
20
20
20
0
5
5
5
0
20
20

Brassicasterol
(µg/mL)
40
0
40
40
20
0
20
20
5
0
5
5
5
5

Cholesterol
(µg/mL)
0
0
0
0
0
0
0
0
0
0
0
0
5
20

Table S2. Investigation of matrix effects from spiking solvent-extracted
crude canola oil samples with analytes at known concentrations.
Spike 1
Spike
concentration Mean
(ug/mL)
(%)
β-carotene
α-tocopherol
γ-tocopherol
δ-tocopherol
β-sitosterol
campesterol
brassicasterol
lutein
cholesterol
oleate

RSD
(%)

Spike 2
Spike
concentration Mean
(ug/mL)
(%)

RSD
(%)

1.0
8.0
8.0
2.0
2.0
5.0
2.0
1.0

98.5
73.9
100
105
135
167
87.9
99.0

0.5
2.3
1.2
4.0
25
4.8
11
1.5

2.0
40
16
8.0
4.0
20
8.0
2.0

101
102
92.6
76.5
103
127
81.7
100

0.2
1.7
3.7
0.3
40
7.4
25
2.5

2.0

61.4

8.8

12

84.1

4.1

*n = 3
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Table S3. Further matrix effects from spiking triolein with analytes at
known concentrations. δ-tocopherol not used in this spike analysis.

β-carotene
α-tocopherol
γ-tocopherol
β-sitosterol
campesterol
brassicasterol
lutein
cholesterol
oleate

Spike concentration
(ug/mL)

Mean (%)

0.5
10
10
2.4
2.4
1.6
0.5

94.7
95.9
97.5
84.5
81.4
90.9
97.4

4.8

107

Figure S1. Preliminary sterol analysis. Plot illustrates the linearity of mixed
sterol solutions with: different concentrations of individual sterols (see
Table 2) and individual sterol standards.
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Percentage relative to individual
standard (%)

160
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0
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Solution 10

Solution 11

Solution 12

Solution 13

Solution 14

Figure S2. Influence of co-eluting phytosterols in all combinations
investigated (Table S1) represented as a percentage of the response of each
individual sterol standard (error bars represent standard error about the
mean).

Figure S3. MRM chromatogram of unsaponified oil (a) and saponified oil
(b) sample.
Note the change in retention time for both the predicted sterol ester peak
(RT = 2.90 min) and free sterols (RT = 16.7) in comparison to those
reported in Table 3 is due to the analysis of saponified and untreated oil
being conducted during initial method development, prior to the flow rate
being changed and flow splitter inserted.
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CHAPTER THREE
Effects of genotype and environment on
phytosterol, tocopherol and carotenoid
concentrationV in canola seed

As indicated in Chapter 1, Section 8.2, plant breeding programs provide the
opportunity to greatly enhance the bioactives and phytonutrients in food
sources. When assessing the possibility for bioactive enhancement in canola
oil, it was of interest to assess the potential to breed seed varieties with high
concentrations of phytosterols, tocopherols and carotenoids. The analytical
method described in Chapter 2 was thus applied for the quantification of
phytosterols, tocopherols and carotenoids in a study assessing 64 canola
genotypes, grown at two locations in Australia – one in Westmere, Victoria,
and another at Wagga Wagga, New South Wales. The field experiment
consisted of a balanced factorial design in which each genotype was grown
in each location at a replication rate of 1.5, and a novel multiphase
experimental design used to monitor error through the field and subsequent
laboratory stages. This chapter comprises two papers, the first detailing the
multiphase design used, and the second describing the effects of genotype
and environment (G x E) on the concentrations of phytosterols, tocopherols
and carotenoids in canola genotypes. 7KHformatting and
UHIHUHQFHVW\OHXVHGLQWKe second paperLVWKHIRUPDWXVHGE\WKHWDUJHWHd
MRXUQDO
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A B S T R A C T
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Multiphase designs are an eﬀective technique to assess all sources of variation in an experiment; however they
have not yet been widely applied to analytical chemistry. In this study a multiphase design was used to evaluate
sources of error from the ﬁeld and laboratory phases of an experiment involving canola growing, oil extraction,
sample preparation, and analysis using high performance liquid chromatography coupled to diode array
detection and tandem mass spectrometry (HPLC-DAD-MS/MS). Several classes of bioactive compounds ‒
tocopherols, carotenoids and sterols ‒ were measured in the canola (Brassica napus) oil from 64 diﬀerent
genotypes to be assessed for varietal and environmental inﬂuence. Other factors which might contribute to error
were identiﬁed, incorporated into the design, and their associated error calculated and accounted for. The ﬁeld
and HPLC phases were the largest contributors to total error, with only small inﬂuences from the extraction and
preparation phases. Likelihood ratio testing of the nested multiphase models proved that high precision was
achieved by use of the multiphase design, and identiﬁed possible improvements for future laboratory work. In
the ﬁrst reported application of a multiphase design to multi-stage laboratory analyses, the design was shown to
oﬀer considerable advantages over traditional approaches particularly in reducing total sample number, time
and cost of analysis, as well as more comprehensive monitoring of experimental error.

1. Introduction

Another important concept in the evaluation of experimental data is
that of precision, yet it has been reported that there is often “incorrect
estimation and inappropriate use of precision” [3]. In the simplest of
deﬁnitions, precision is the ‘closeness of measurements compared to
one another’. As an ordinal quantity, there is no direct way to measure
precision, however, there are many ways to assess and indirectly
measure precision, the most common of which is standard deviation.
The correct evaluation of experimental precision not only relies on
correct calculations, but also on reliable laboratory practice. The link
between precision and error is provided in Thompson's concept of the
“ladder of errors” [3], which shows how experimental values may
become less precise through the error inherent in each stage of an
analytical procedure.
Comprehensively assessing error in an analysis requires full replica-

Evaluating and minimising error in laboratory analyses is critical.
Without this, estimations of the uncertainty in the data are impossible
to determine correctly. There is a high expectation from the scientiﬁc
community for the generation of reliable experimental outcomes using
robust experimental designs and statistical analyses. However, an
analysis is typically dependent on the type of data obtained and thus
there is no ‘standard’ statistical analysis. Moreover, there is no uniform
method to evaluate error. As a result, statistical tests are often applied
incorrectly, with the selected test not always the best ﬁt for the data
[1]. Although there have been several reviews addressing these
concerns, there remain many situations where incorrect estimation
and evaluation of experimental error occur [1–4].

Abbreviations: HPLC-DAD-MS/MS, High Performance Liquid Chromatography coupled to diode array detection and tandem mass spectrometry; APCI, Atmospheric Pressure Chemical
Ionization; MRM, Multiple Reaction Monitoring; m/z, mass to charge; REML, restricted estimate maximum likelihood; LOD, limit of detection; LOQ, limit of quantiﬁcation; SD, standard
deviation
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tion of every stage of the analysis from sampling through to the ﬁnal
measurement of analyte concentration via detector response. Full
replication at each stage of the laboratory process typically results in
the number of samples becoming too large to be practical, therefore it is
common for chemists to select only particular stages in the experiment
to perform replication, without prior investigation [3]. They often
simply discount the other sources of error that could occur during an
experiment, for example during sample storage, extraction, or preparation, leading to underestimation of the error. However, it is of great
importance to ﬁrst determine at which stage in an analytical determination the largest variance occurs, and what the largest sources of
variance are within each stage. This information may then be used to
justify which stages require additional replication and which stages can
be ignored in future analysis, with reasonable safety, and with little
eﬀect on the precision of the results. Such an analysis of experimental
error can be provided through the application of multiphase design
methodology [5].
Multiphase designs have been widely applied in plant biology and
ﬁeld experiments, though their potential for use in analytical chemistry
is just emerging. These designs rely on partial replication and rerandomisation at two or more ‘phases’ in an experiment in order to
estimate the contribution of errors at each stage to the overall variance
(‘ladder of errors’) [1,6–8]. By monitoring the key factors in each phase,
it is possible to determine which experimental variables cause the
largest error. In this context, phase refers to the ‘stage’ of the analytical
process or experiment and not to physical state (e.g. solid, liquid, gas).
To remain consistent with the original terminology of ‘multiphase’
designs, the term ‘phase’ is used here to deﬁne the stage of the
analytical process. Multiphase designs have been used successfully in
plant pathology and biology ﬁeld experiments for measuring nongenetic sources of variation [7,8]. The application of ﬁeld multiphase
designs consisting of an additional laboratory phase has been suggested, in which the importance of incorporating controls and rerandomisation in all phases was emphasised [6]. In the same paper,
two-phase experiments consisting of one ﬁeld and one laboratory
phase, as well as those involving several ﬁeld phases were discussed.
However, these designs have not yet been widely applied in analytical
chemistry. Moreover, to the authors’ knowledge, a multiphase design
has not yet been applied to monitor error in an experiment consisting of
ﬁeld and multiple laboratory phases.
In this study a multiphase experimental design was applied to the
sampling, preparation and quantiﬁcation of three classes of bioactive
compounds in canola oil from ﬁeld-grown seed samples. Sterols,
tocopherols and carotenoids are classes of so-called ‘minor’ compounds
that are present in low concentrations in canola oil, but nevertheless
may be of considerable health beneﬁt to consumers. Research to
maximise their retention in commercially-processed oil is gaining
interest [9]. The most abundant sterols in canola oil, β-sitosterol,
campesterol and brassicasterol, were examined in their free and
esteriﬁed forms along with the main tocopherols, α-, γ- and δtocopherol, and carotenoids, β-carotene and lutein. The experiment
consisted of a ﬁeld phase, two sample preparation phases, and one
HPLC analysis phase. Within each phase, a number of factors were built
into the design to determine the largest sources of experimental error.
Partial replication (by the addition of a number of samples as replicates
at the beginning of each phase) was applied, and the variance between
replicates used to estimate error. The replication rates were determined
to allow for error estimation whilst keeping total sample numbers
managable. The study was predicted to reveal the factors and stages of
the experiment that invoked the highest error, and provide a comprehensive assessment of the distribution of error across all experimental
phases. Additionally, by monitoring several analytes using two detectors, further precision testing could provide an indication of the
reliability of each detector, and present novel and eﬃcient ways to
further assess and validate an experimental procedure.

2. Materials and methods
2.1. Chemicals and reagents
HPLC grade 95% n-hexane (Scharlau) was purchased from Chem
Supply (Gillman, SA) and analytical grade ethyl acetate was purchased
from Sigma-Aldrich (Castle Hill, NSW). β-carotene (purity≥97%), αtocopherol (purity≥96%), γ-tocopherol (purity≥96%), δ-tocopherol
(purity≥90%), β-sitosterol (analytical standard), campesterol (analytical standard), brassicasterol (analytical standard) and cholesterol
(analytical standard) were all purchased from Sigma-Aldrich (Castle
Hill, NSW). Lutein (purity≥95%) was purchased from Extrasynthese
(Genay, France).

2.2. HPLC analysis
Analysis was conducted according to the methodology previously
described [10]. In brief, a Varian Star 9010 binary pump was used with
an Agilent 1200 series High performance liquid chromatography
coupled to a diode array detector and tandem mass spectrometer
(HPLC-DAD-MS/MS). Normal Phase chromatography was conducted
using a Phenomenex luna silica column (150 mm×4.6 mm, 3 μm).
Gradient elution was performed with n-hexane and ethyl acetate [10].
The MS was run in positive Atmospheric Pressure Chemical Ionization
(APCI) mode using Multiple Reaction Monitoring (MRM) mode. Ion
transitions for the compounds analysed were: mass to charge (m/z)
551→119.2 (lutein), 537.5→119.2 (β-carotene), 430.0→165.0 (αtocopherol), 416.0→151.0 (γ-tocopherol), 402.0→137.0 (δ-tocopherol), 397.4→257.3 (β-sitosterol), 383.4→161.3 (campesterol), and
381.4 → 297.3 (brassicasterol). Wavelengths of 454 nm for carotenoids,
and 294 nm for tocopherols were monitored using DAD. The concentrations of two carotenoids (β-carotene and lutein), three tocopherols
(α-tocopherol, γ-tocopherol and δ-tocopherol) and three phytosterols
(β-sitosterol, campesterol and brassicasterol, free and esteriﬁed forms)
were measured. An internal standard, cholesterol, was quantiﬁed using
m/z 369.4→161.0. Additionally, the two most abundant tocopherols,
α-tocopherol and γ-tocopherol were measured using two detection
techniques (DAD and MS). These were treated as separate analytes (i.e.
α-tocopherol DAD, α-tocopherol MS) during statistical analysis of the
data to allow for comparison of detector response.

2.3. Plant materials and ﬁeld design
In 2013, 64 canola genotypes were grown in two ﬁeld trials using
sites at Wagga Wagga, New South Wales and Westmere, Victoria
(−37.688920 °S, 142.969334 °E). The experiments consisted of balanced partial replication of the genotypes, with 1.5 replicates at each
site and three replicates overall. The Wagga Wagga plots were arranged
in a 6×16 grid, the Westmere plots in a 4×24 grid. Plot sizes were
10 m×1.5 m with 8 lines per plot. The experiments were sown on 7th
May 2013 and harvested on 18th December 2013. Climate data for both
sites were similar in terms of temperature range, however there was
considerably higher rainfall at Westmere, particularly during the times
of maturing and harvesting.
After machine harvest, the seed was stored in large bags at room
temperature in the dark for 3 months, after which a subsample of the
seed (~500 g per plot) was cleaned using an Aerovac aspirator, placed
in sealed plastic containers with desiccant, and stored at 4 °C in the
dark. A total of four seed samples were not suitable for laboratory
analysis because two had suﬀered from moisture damage with mould
occurring in the large seed bags, and two other samples were
inadequate in size for processing. Thus, 188 ﬁeld-sourced seed samples
constituted Phase 1 of the multiphase design (Fig. 1).
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random eﬀects were those we wished to assess for their inﬂuence on
experimental variation i.e. those that would allow a comprehensive
estimation of error. Additionally, we wanted to generalise the conclusions about error for each experimental phase, and determine how
much error is accounted for, and how much remains unaccounted for
(the residual error) [8]. The details of the Genotype:Environment
interactions (ﬁxed eﬀects) will be the subject of a subsequent paper
and will not be discussed further here. Rather, in evaluating the utility
of the multiphase experimental design, the random eﬀects will be the
focus. Further details of each phase and allotted eﬀects are described in
the following sections.
2.5. Field - Phase 1
The ﬁxed eﬀects in Phase 1 were Genotype, Environment, and
Genotype:Environment interaction. Random eﬀects in the ﬁeld phase
included the plot positions identiﬁed as Range and Row and their
interaction for each of the sites: Wagga Wagga (Wagga) and Westmere.
2.6. Extraction/milling - Phase 2

Fig. 1. Multiphase design used to measure components of canola oil. Phases 1 to 4 are
described in the text.

Oil was extracted from each seed sample using a previously reported
procedure [15]. In short, approximately 40 g of the canola seed sample
was weighed, ground and transferred to a glass funnel. It was then
extracted by passing 100 mL hexane through the sample (50 mL applied
initially and then 2×25 mL at 5–10 min intervals) and the hexane
evaporated oﬀ using a Buchi rotovapor apparatus (R-210) at 40 °C. The
resulting oil sample was given the same extraction milling number as
the seed. Sample preparation blanks were prepared by passing solvent
through the funnels without meal. During this phase, the funnels and
catching ﬂasks were randomised and assessed for error inﬂuence.
Samples were extracted in batches of 10, and 40 extractions were
conducted each day, over 6 days.
Random eﬀects for the milling phase included: the Day the sample
was ground (number, 1–6), within day Batch number (number, 1–40)
and Funnel used (number, 1–10). Funnels and catching ﬂasks were
washed with n-hexane between extractions. The original seed grinder
was irreparably damaged and was replaced. A new factor, Group, was
introduced to the experimental design to determine whether any
inﬂuence from the change of grinders occurred.

2.4. Laboratory design
Partial replication was used for all laboratory phases, and involved a
percentage of samples being duplicated (and in the case of Phase 4,
triplicated) (Fig. 1). For each of these samples, each replicate was
allocated a new sample number, and all samples randomised at the
beginning of each phase. For instance, in Phase 2 (milling and oil
extraction) from the 188 seed samples, 33 were chosen at random for
partial replication (duplication). In addition, 19 blanks were included
giving a total of 240 samples to be randomised (Fig. 1). The partial
replication rate in Phase 2 was 33/188=17.6%.
In Phase 3 (oil dilution and preparation) a further 24 oil samples
were chosen at random for duplication; they were chosen to be separate
from those duplicated in Phase 2 (Fig. 1). Six blanks were included
giving a total of 270 oil samples. The extra partial replication in Phase 3
was 24/188=12.8%.
In Phase 4 (HPLC analysis), 24 samples from Phase 3 were chosen at
random for replication. In this phase, three extra replicates (triplicates)
were used as this number has been advocated in many published
chemistry studies [11]. Phase 4 included 10 blanks and 44 lab
standards of known concentration to complete the re-randomised total
of 372 samples (Fig. 1).
In other published studies using multiphase experiments, an extra
replication rate of 20% has been suggested as appropriate [7,8],
although the ideal rate will vary depending on the circumstances and
cannot be known a priori. Furthermore, other studies have indicated
that for larger sample numbers, a rate of 10% duplication is suﬃcient
[12]. The rates used here were lower than 20% in order to keep the
total sample number for HPLC analysis at a manageable size (n=372).
Cholesterol was used as an internal standard to measure inter-run
HPLC variability. It was selected due to: its chemical similarity to the
phytosterols being examined, its use in previous studies [13], and its
trace amounts in canola oil [14]. All samples were randomised at the
beginning of each phase, and the phases were conducted consecutively,
with the next phase beginning only after the previous phase was
completed. The laboratory phases occurred over a total period of 19
days during which the extracted oil was stored in the dark at 4 °C to
ensure oil oxidation was kept to a minimum.
A number of ﬁxed and random eﬀects were incorporated into the
design. The ﬁxed eﬀects (and their interaction) were the primary
‘treatments’ we wanted to compare. They were the speciﬁc genotype
and growing environment, since these were of particular interest in the
wider study on canola oil and its bioactive components. In contrast, the

2.7. Sample dilution/preparation – Phase 3
Aliquots of 0.25 g of the extracted oil were weighed into 10 mL
volumetric ﬂasks, internal standard added and diluted to volume with
hexane. The solutions were ﬁltered (Minisart 0.45 μm PDVF microsyringe ﬁlters) and transferred to 2 mL autosampler vials in preparation
for HPLC analysis. Blanks were prepared for this phase by adding
internal standard to the volumetric ﬂasks and made to volume with
solvent. During this phase, the samples were prepared in batches of 10
using two sets of volumetric ﬂasks which were randomised for each
batch. Individual pipette tips and ﬁlter cartridges were used for each
sample. Flasks were triple-rinsed with n-hexane between batches.
Ninety oil samples were prepared each day over a three day period,
and all oil samples and prepared solutions were stored in the dark at
4 °C during storage and analysis.
Random eﬀects for this phase included: Day the sample was
prepared (number, 1–3), Batch number across the three days (number,
1–27), Group the sample belonged to (number, 1 or 2) which corresponded to the group of ﬂasks (i.e. 1–10 or 11–20) that were used, and
particular Flask used (number, 1–20).
2.8. HPLC analysis – Phase 4
The samples were arranged in a 6×9 position autosampler tray and
the following random eﬀects for each sample were assigned: Order the
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sample was run, Day the sample was analysed, and position of the
sample in the autosampler (consisting of Tray number (1–7), Row-withintray (factor, A-F), and Column-within-tray (factor, 1–9)). Blanks in this
phase were prepared in autosampler vials by adding hexane containing
20 ppm α-tocopherol, 5 ppm of each β-carotene and lutein, 40 ppm βsitosterol, and the internal cholesterol standard. A factor, setup was used
to diﬀerentiate three periods of time before and after the instrument
had to be shut down for maintenance (factor, 1=initial set up,
2=following a DAD lamp malfunction, and 3=following a change in
LC line tubing). The instrument was allowed to run without injections
for two hours at the beginning of each start up, to allow the column to
equilibrate fully and DAD lamps to warm up. The factor Batch
corresponded to a group of samples loaded into the autosampler, which
was slightly diﬀerent to the Day factor. Originally, Batches were
organised such that one consisted of 44 samples with one batch per
day, allowing for 22 h of analysis and 2 h spare allowed for intermittent
cleans, exchange of samples, and any required maintenance. Ten
samples had to be retested due to DAD lamp malfunction. They were
allocated Batch number 10 and were randomised separately, several test
standards were interspersed, and analysed at the end of Batches 1–9.

following R packages were used: ASReml [19], dplyr [20], lattice [21]
and ggplot2 [22]. ASReml was used via restricted estimate maximum
likelihood (REML) to ﬁt a linear mixed model to data after allocating a
number of ﬁxed and random eﬀects. In the context of this study, the
‘model’ (or ‘mixed eﬀects model’) consisted of a set of parameters to be
estimated by an iterative mathematical process (REML). All standards
and blanks were excluded from the ASReml analysis. Following the
REML analysis, analyte concentrations were derived from the peak-area
means, after adjustments were applied to account for any inﬂuence
from the assigned random eﬀects. Linear calibration equations for each
analyte had been previously constructed using standard chemicals (see
Table 1). The experimental design (Fig. 1) was produced using the
DiGGer package [23].
3. Results and discussion
3.1. Analyte quantiﬁcation
In an analytical laboratory, analyte quantiﬁcation is most commonly conducted using calibration curves, with instrument drift
monitored by routinely running quality control standards and calibration slope recalculations. Sometimes multiple individual analyte stocks
have to be prepared due to poor solubility of some analytes, or the
cumulative volume of the working standard exceeding the total volume
such that the desired concentration is not possible. This results in
creating multiple sets of calibration solutions, and in the case of this
study, was expected to cause a considerable increase in analysis time.
The multiphase design removed the need for interim calibrations and
thus greatly reduced analysis time to just 10 days of HPLC run time, as
opposed to 21 days of predicted time (analysing samples in triplicate

2.9. Statistical analysis
Peak areas were obtained for all analytes via manual integration of
the chromatograms using the Agilent mass hunter qualitative software
[16]. Typical chromatograms of a test standard (a, b) and oil sample (c,
d) from MS and DAD detectors are shown in Fig. 2. Microsoft Excel was
used to construct data-collection spreadsheets and tabulate raw data
(see Section 2.8 for details). The data was imported into R [17] and
Rstudio [18], which were used to perform all statistical analyses. The

Fig. 2. MS chromatogram for test standard (a), DAD chromatogram of test standard (b), MS chromatogram of an oil sample (c), and DAD chromatogram of an oil sample (d). α-T = αtocopherol, γ-T = γ-tocopherol, δ-T = δ-tocopherol.
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Table 1
Analyte names and numbers, their respective class, the detector used for quantification, the calibration details, and the range of values measured in the canola oil samples.
Analyte number

Analyte

Compound class

Detector

1
2
3
4
5
6
7
8
9
10
11
12
13
14

cholesterol
β-carotene
lutein
α-tocopherol
α-tocopherol
γ-tocopherol
γ-tocopherol
δ-tocopherol
β-sitosterol
campesterol
brassicasterol
β-sitosterol ester
campesterol ester
brassicasterol ester

internal standard
carotenoid
carotenoid
tocopherol
tocopherol
tocopherol
tocopherol
tocopherol
phytosterol
phytosterol
phytosterol
phytosterol ester
phytosterol ester
phytosterol ester

MS
DADa
DAD
MSb
DAD
MS
DAD
MS
MS
MS
MS
MS
MS
MS

a
b

Calibration range (μg/mL)

1–15
1–15
5–40
5–40
5–40
5–40
1–10
5–80
5–80
5–40
5–80
5–80
5–40

R2

0.9908
0.9921
0.9989
0.9988
0.9994
0.9991
0.9925
0.9992
0.9990
0.9993
0.9992
0.9990
0.9993

LOD (μg/mL)

LOQ (μg/mL)

0.01
0.08
0.09

0.03
0.25
0.30

0.02

0.08

0.03
0.60
0.60
0.40
0.20
0.20
0.07

0.10
2.00
2.00
1.50
0.67
0.67
0.50

Range (Mean) (mg/kg oil)
4.54–5.70 (5.01)
4.11–25.0 (8.55)
48.6–171.7 (102)
127–381 (219)
135–413 (236)
707–1260 (945)
540–1050 (757)
< LOD–18.1 (6.56)
1280–2050 (1656)
784–1580 (976)
169–724 (481)
1430–2400 (1829)
1167–2860 (1796)
170–600 (372)

Diode array detector.
mass spectrometer. LOD = limit of detection, LOQ = limit of quantiﬁcation.

+regular calibrations). Standards across a concentration range were
analysed before and after the multiphase design (Table 1), and a
common test standard incorporated into the design (details in Section
2.8). The responses from this standard, the internal standard response,
and the cumulative random eﬀects were used to obtain a more accurate
representation of total error. Calibration solutions were analysed in
duplicate immediately prior to the experiment (Table 1), with test
standards and internal standard responses used to monitor drift
throughout the experiment.
The peak area response for test standards and blanks analysed in
Phase 4 were examined to determine instrument drift during the
experiment, as well as any eﬀect of carryover between injections. All
blanks incorporated in phases 2, 3 and 4 yielded no detectable target
analytes. In addition, the concentrations for the internal standard added
to blanks incorporated in phases 2 and 3 were comparable to those in
the real samples, indicating carryover did not occur, and the matrix did
not interfere with the internal standards. Some drift in response of the
analytes in the test standard was observed over the experiment (Fig. 3),
with all analytes showing a gradual increase in abundance on the MS.
Similar trends were observed for the internal standard response (Fig. 4),
which suggests sensitivity increased the longer the HPLC ran. The same
trend was observed for the DAD, with the early eluting compounds;
however, the signal strength for lutein (which eluted later) dropped
before rising again, which may have been due to the failure of the
detector lamp during the second day of analysis. Additionally, the
stopping-starting of the instrument resulted in the lamps cooling down,
potentially changing their intensity.

Setup for all three analytes, the model was re-applied excluding this
eﬀect. Thus, the full model was used for all analytes except analytes 2, 5
and 7 in which a separate model (excluding Setup) was applied
(Table 2). This was necessary to achieve convergence and allow the
model to estimate variance correctly.
3.2.1. Field – Phase 1
Considerable variation in the ﬁeld phase (Phase 1) was observed for
several analytes, caused mainly by diﬀerences in plot position in the
ﬁeld (Range and Row interactions) for both locations. The variability
arising from these interactions is likely to be a result of availability of
particular nutrients and growing conditions, speciﬁc to the plant's
location within the plot. The most prominent result was the inﬂuence of
ﬁeld eﬀects on β-carotene and lutein (analytes 2 and 3, respectively).
This is demonstrated clearly by the Westmere samples and may be as a
result of storage of seed with greater moisture content, resulting from
higher rainfall in Westmere during the 2013 growing season, which saw
454.8 mm fall, compared to 390.8 mm for Wagga Wagga. This observation is supported by a previous study which revealed enhanced
degradation of carotenoid compounds when seed was stored at high
humidity and/or high seed moisture levels [24]. The high inﬂuence of
random eﬀects in phase 1 illustrates considerable variability in the ﬁeld
and reinforces the importance of careful ﬁeld design, and use of block
designs to account for variability. Furthermore it illustrates how
diﬀerent classes of plant secondary metabolites may be aﬀected
diﬀerently by ﬁeld eﬀects.
3.2.2. Extraction/milling - Phase 2
The extraction and milling components of sample preparation
generally contributed only a small proportion of the overall error.
Most variation in analyte concentration for the factors Grinder, Day,
Funnel, and Batch was small in Phase 2, with the exception of a 19%
increase in campesterol ester concentration from the combination of all
eﬀects (Table 2). In this instance, a greater inﬂuence on sterol ester
concentrations was detected as a result of changing grinders due to
equipment failure. These diﬀerences stem from initial grinder being
more powerful, while generating less heat than the second, cheaper
grinder, which lacked substantial insulation around the drive motor to
minimise the heat transfer to the sample. This may have impacted on
the extraction eﬃciency of the bioactive compounds, possibly as a
result of changes in particle size in the canola meal. As each grinder
operated slightly diﬀerently and one had insulating material around the
motor, it is possible the exposure of higher temperatures whilst using
the second grinder, increased the extraction eﬃciency for those
samples. With extraction temperature reported to have a more pronounced eﬀect for campesterol than β-sitosterol or brassicasterol [25],

3.2. Identifying sources of error
The inﬂuences from random eﬀects on analyte concentration across
all four experimental phases are reported in Table 2. To generate these
results, a REML model was ‘ﬁtted’ to the data as described in Section
2.9. The REML model consisted of a set of parameters to be estimated
by an iterative mathematical process. ‘Convergence' occurs when all
parameters are successfully estimated; conversely, non-convergence
occurs when one (or more) parameters cannot be estimated (usually
because it is close to zero). In the case of non-convergence, the factor
responsible is removed from the model and the remaining parameters
are re-estimated. There were only a few instances where the model
didn’t converge – and all were associated with the Phase 4 factor, Setup.
When the original model was applied to all analytes, the Setup eﬀect in
Phase 4 was preventing the REML model from converging for βcarotene (analyte 2), α-tocopherol (analyte 5) and γ-tocopherol (analyte 7) monitored on the DAD. Once the Setup eﬀect was removed, each
of these analytes converged. Since very little inﬂuence was observed for
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Fig. 3. Trends in abundance for each analyte within the test standard over the course of the whole experiment (HPLC Run Order): A β-carotene (DAD 453 nm), B Lutein (DAD 453 nm), C
α-tocopherol (DAD 294 nm), D α-tocopherol (MS) and E β-sitosterol (MS). The lines in each panel are ‘loess’ lines of best-ﬁt.

this could be a likely cause for the elevated result observed.
For most analytes, very small levels of inﬂuence were determined in
phase 2, indicating crushing and oil extraction did not have a large
impact on the bioactive concentrations determined in the ﬁnal canola
oil product. The broader implications of this ﬁnding for analytical
methodology are discussed at the end of Section 3.2.3, below.

concentrations (Table 2). Low inﬂuences from Day, Group and Batch
illustrated that laboratory practices (in particular, cleaning between
batches) were suﬃcient to reduce carryover of analytes between sample
preparations. Such a small inﬂuence also indicates that minimal
degradation of these compounds occurred during the three days of
preparation. Additionally, the factor, Flask (i.e. the ﬂask used for the
preparation process) contributed only small levels of inﬂuence and
indicated very little carryover occurred from repeated use of the same
ﬂasks (Table 2). The small levels of error associated with Phase 2 and
Phase 3 present further evidence for the advantages of using a multiphase design. Factors, and groups of factors contributing to overall
error, have been previously described as a ‘ladder of errors’ [1]. In the

3.2.3. Sample preparation – Phase 3
Phase 3 results illustrated a similar trend to the Phase 2 results in
that only small inﬂuences were observed from the random eﬀects for all
analytes. This indicates that the preparation processes, when carried
out as deﬁned, had little to no eﬀect on the variance of ﬁnal

Fig. 4. Cholesterol (internal standard) response (peak area units) for: A test standard run periodically across the experiment, and B spiked canola oil samples. HPLC Run order = order in
which samples were analysed. The solid lines are ‘loess’ lines of best-ﬁt.
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Dashes indicate values of zero, which are omitted for clarity.
Setup was originally ﬁtted to all analytes. Since β-carotene, α-tocopherol and γ-tocopherol measured on the DAD (analyte numbers 2, 5 and 7) did not converge with this factor included, it was excluded, the model was re-ﬁtted without this
eﬀect, and allocated an N/A for these analytes. Wagga = Wagga Wagga.

case of physical sample preparation, there can be many factors that
introduce error. Although small in this study, there are instances, such
as more involved sample preparation techniques or those involving
multiple analysts, where the error from these phases could be very
large, as evidenced by previous studies [26]. The use of a multiphase
design provides an eﬀective solution for determining the precise cause
and extent of the error relating to sample preparation within an
analytical laboratory.
3.2.4. HPLC analysis – Phase 4
The greatest laboratory inﬂuences on the variance of concentrations
of analytes were linked to the HPLC analysis. Speciﬁcally, the HPLC
Setup and Batch were found to have the largest inﬂuence. Setup included
particular changes within the instrument setup, such as DAD lamp
failure (between Setup 1 and 2), and a ﬂow-line blockage leading to
replacement of tubing (between Setup 2 and 3). Both events involved
suspending the HPLC instrumentation mid-way through the experiment. Consequently, the results demonstrate that these stoppages had a
considerable impact on HPLC response of lutein (13.2%) and γtocopherol (30.6%), and may indicate that the HPLC had not fully
equilibrated following the stoppage, as evidenced by a slight shift in
retention time of the later-eluting compound, lutein (Fig. 2). The
retention time stabilised after several runs, but in the interim, ﬂuctuations may have been signiﬁcant enough to have caused changes in peak
area/uniformity as suggested in previous studies [27], and thus may
have contributed to the elevated result for Setup.
The eﬀect of Batch was also found to have a considerable inﬂuence
on certain analytes, for example, 74% of the variation in the internal
standard was due to Batch. This illustrates the MS detector showed wide
variation in response for this analyte during the experiment. Results for
the other analytes, particularly those measured using the MS detector,
revealed similar levels of inﬂuence. This result is not unexpected as
instrument drifts resulting in changes to MS sensitivity over an
extended analysis time have been reported previously [27]. High levels
of inﬂuence from the Tray was observed for γ-tocopherol, which was
surprising and the cause unknown.
Tocopherols were monitored using both detectors yielding two sets
of α-tocopherol (analytes 4 and 5), and γ-tocopherol measurements
(analytes 6 and 7) (Table 2). For α-tocopherol, approximately 40%
variance was observed from Phase 4 for both detectors, indicating the
detectors were behaving in concert. However, for γ-tocopherol, 85%
variance was observed on MS, and 20% on the DAD. This considerable
diﬀerence for the same analyte was unexpected because the variance
was predicted to be similar. These results suggest the analytes αtocopherol and γ-tocopherol, while chemically related, behaved very
diﬀerently with the diﬀerent detectors (in terms of variance of
response), with important implications. For example, an internal
standard is used to correct for instrument drift with the assumption
that its response is similar to the analytes of interest. Yet our results
show that the two chemically similar compounds, α-, and γ-tocopherol,
responded diﬀerently to instrument drift. Hence adding an internal
standard, to monitor instrument drift would not have been able to
compensate for both compounds, indicating greater consideration may
need to be given to analyte behaviour and detector response in future
studies.
The inﬂuences contributed from factors in the HPLC phase have
important conclusions for analytical chemists. As often reported,
instrument drift or malfunctions are common and controls to allow
monitoring of these are often required, typically in the form of
calibrations or check standards. However, the regular or routine
analysis of such standards is not always the best approach, as evidenced
here. The use of a multiphase design could be easily applied to such
experiments, and provide further information about the sources of
experimental error. Additionally, by allocating factors such as autosampler location, a multiphase design is able to detect malfunctions in
equipment that may have previously gone undetected (such as irregular

b

a

-a
–
5.69
–
–
–
2.38
7.72
2.75
0.16
1.76
2.31
–
0.72

2.33
30.2
12.4
3.05
2.98
–
–
9.16
–
–
–
–
–
–

1.34
0.57
3.82
4.90
–
–
2.03
–
–
0.21
–
–
–
–

–
–
–
–
2.68
0.40
–
8.22
3.42
–
–
–
–
–

–
49.7
17.2
–
6.18
3.43
14.6
0.68
0.10
–
3.15
6.20
–
–

3.58
2.96
23.4
32.1
39.8
4.89
34.9
0.78
–
24.5
47.0
6.30
16.2
22.8

7.25
83.4
62.5
40.0
51.7
8.72
53.9
26.6
6.27
24.9
51.9
14.8
16.2
23.5

–
0.80
0.92
–
–
0.14
–
–
–
–
0.93
3.19
4.18
4.39

–
–
–
–
–
0.07
–
–
–
–
0.07
–
–
0.05

–
1.39
–
–
–
–
–
–
1.97
3.16
0.72
5.29
2.61
–

–
1.28
–
–
–
–
–
2.66
–
–
–
–
–
–

–
6.21
2.10
–
–
–
5.60
–
–
0.47
–
–
12.5
0.22

–
9.68
3.02
–
–
0.21
5.60
2.66
1.97
3.63
1.72
8.48
19.2
4.66

1.01
–
–
–
–
–
–
–
–
0.09
–
0.26
0.37
–

–
–
0.23
–
–
0.13
–
–
–
–
–
–
–
–

2.66
–
0.22
–
–
–
–
–
1.04
2.12
0.54
–
1.66
–

–
2.02
1.78
–
–
–
–
–
–
–
–
–
–
–

3.67
2.02
2.23
–
–
0.13
–
–
1.04
2.21
0.54
0.26
2.03
–

–
N/Ab
13.2
–
N/A
30.6
N/A
0.83
–
–
–
–
–
–

73.8
0.40
14.8
19.0
–
38.6
2.01
10.8
77.0
53.4
40.4
61.2
49.3
57.8

1.30
0.85
0.90
5.75
33.8
10.8
8.25
–
–
2.41
–
–
–
0.45

3.84
0.24
0.26
16.3
0.65
5.35
1.91
30.2
5.45
4.61
1.86
3.61
1.94
2.82

–
0.76
–
3.30
0.94
–
7.93
–
2.11
–
0.63
2.30
2.98
1.33

79.0
2.25
29.2
44.4
35.4
85.3
20.1
41.9
84.6
60.4
42.9
67.1
54.2
62.42

10.1
2.65
3.05
15.6
12.9
5.64
20.4
28.8
6.12
8.86
2.94
9.36
8.37
9.42
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1
2
3
4
5
6
7
8
9
10
11
12
13
14

Setup Batch Tray Row Column Phase
4 Sum

Phase 4
Phase 3
Phase 2
Phase 1

Westmere Westmere Wagga Wagga Westmere
WaggaRange Phase Grinder Day Funnel Batch Grinder×Day Phase Day Group Batch Day×Group Phase
Range
Row
Range Row
Range×Row ×Row
1 Sum
×Batch
2 Sum
×Batch
3 Sum
×Funnel
×Flask
Analyte
number

Table 2
Random effects in each phase (expressed as a percentage of the total random variation), the total contributed error per phase, and the residual error, for 14 analytes measured in canola oil using a multiphase design (see Table 1).

Residual
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temperature control across an autosampler tray or incorrect injection
volumes), and provide valuable information on instrument status
within a laboratory.

Table 3
Likelihood ratio tests using chi-squared for ASReml model fitting to data for 14 analytes
measured in a multiphase experiment on canola oil. The degrees of freedom (df) are equal
to the number of random model terms removed at each step (total = 20).
Analyte

Comparison

Chi-sq

df

P

Signiﬁcancea

1

Full -Phase 4
-Phase 4 -Phase 3
-Phase 3 -Phase 2
-Phase 2 -Phase 1

1180
0.3
0.6
0

5
4
5
6

0
0.988
0.988
1

***
ns
ns
ns

2

Full -Phase 4
-Phase 4 -Phase 3
-Phase 3 -Phase 2
-Phase 2 -Phase 1

6.36
0.9
10.5
117

4
4
5
6

0.273
0.926
0.063
0

ns
ns
ns
***

3

Full -Phase 4
-Phase 4 -Phase 3
-Phase 3 -Phase 2
-Phase 2 -Phase 1

130
4
0
34.2

5
4
5
6

0
0.409
1
0

***
ns
ns
***

4

Full -Phase 4
-Phase 4 -Phase 3
-Phase 3 -Phase 2
-Phase 2 -Phase 1

1420
0.4
0
10.5

5
4
5
6

0
0.984
1
0.105

***
ns
ns
ns

5

Full -Phase 4
-Phase 4 -Phase 3
-Phase 3 -Phase 2
-Phase 2 -Phase 1

29.23
0
0
16.4

4
4
5
6

0
1
1
0.012

***
ns
ns
*

6

Full -Phase 4
-Phase 4 -Phase 3
-Phase 3 -Phase 2
-Phase 2 -Phase 1

1760
1.7
0
0

5
4
5
6

0
0.788
1
1

***
ns
ns
ns

7

Full -Phase 4
-Phase 4 -Phase 3
-Phase 3 -Phase 2
-Phase 2 -Phase 1

17.05
0
0
7.2

4
4
5
6

0.002
1
1
0.300

***
ns
ns
ns

8

Full -Phase 4
-Phase 4 -Phase 3
-Phase 3 -Phase 2
-Phase 2 -Phase 1

430
0
0.3
9.1

5
4
5
6

0
1
0.998
0.168

***
ns
ns
ns

9

Full -Phase 4
-Phase 4 -Phase 3
-Phase 3 -Phase 2
-Phase 2 -Phase 1

1410
0
0
0.4

5
4
5
6

0
1
1
0.998

***
ns
ns
ns

10

Full -Phase 4
-Phase 4 -Phase 3
-Phase 3 -Phase 2
-Phase 2 -Phase 1

1390
0
0.6
1.5

5
4
5
6

0
1
0.988
0.962

***
ns
ns
ns

11

Full -Phase 4
-Phase 4 -Phase 3
-Phase 3 -Phase 2
-Phase 2 -Phase 1

1200
0
0
9.7

5
4
5
6

0
1
1
0.137

***
ns
ns
ns

12

Full -Phase 4
-Phase 4 -Phase 3
-Phase 3 -Phase 2
-Phase 2 -Phase 1

1820
0
1.9
0.4

5
4
5
6

0
1
0.863
0.999

***
ns
ns
ns

13

Full -Phase 4
-Phase 4 -Phase 3
-Phase 3 -Phase 2
-Phase 2 -Phase 1

1950
0
2.9
0.9

5
4
5
6

0
1
0.717
0.990

***
ns
ns
ns

14

Full -Phase 4
-Phase 4 -Phase 3
-Phase 3 -Phase 2
-Phase 2 -Phase 1

1390
0
4
0

5
4
5
6

0
1
0.543
1

***
ns
ns
ns

3.2.5. Combined variance analysis
The total percentage variance across each phase, as well as the
residual error, are shown in bold in Table 2. High inﬂuences from ﬁeld
and HPLC analysis phases indicate the need for replication, particularly
in the HPLC phase, and reﬂect the routine behaviour of using replication during chemical analysis [12,28]. However, this study indicates
the beneﬁts associated with determining the largest sources of variation
in an experiment, particularly if the analyst wishes to replicate in a
particular phase only [1].
It is evident from the relatively low residuals in Table 2, that the
REML model as applied, has accounted for the majority of random
eﬀects in this experiment, leaving only a small amount of error
unaccounted for. This is of particular relevance to scientists and
analytical chemists for determining sources of error in experiments
that utilise similar techniques, analytes and/or sample matrices.
More than 96% of error for the carotenoid compounds was
accounted for, leaving only 3.59 and 3.03% residual for β-carotene
and lutein, respectively. Residuals for free and esteriﬁed phytosterols
(analyte numbers 9–14) were also low ( < 10%), indicating the random
factors allocated were suﬃcient to account for 90% of the error seen in
results. In comparison, slightly elevated residuals were observed for the
tocopherols. This outcome was common for both detectors that
monitored α-tocopherol, with approximately 15% of unaccounted
error. In contrast, results were dissimilar between the two detectors
for γ-tocopherol with higher residuals observed for the DAD detector.
This may be explained by the greater level of inﬂuence from the MS
detector sensitivity change that was accounted for by allocating the
factors Setup and Batch in the HPLC phase. Larger residual error for δtocopherol (28.9%) is likely due to concentrations often falling near or
below the LOQ; this analyte is typically found in low concentration in
canola oil [15]. Overall, the majority of analytes exhibited low residual
error, with the assigned factors accounting for the majority of the
experimental error. These results conﬁrm the allocation of factors
suspected of introducing error was appropriate, and provides an
indication of the reliability of experimental results.
3.3. Experiment precision and replication
A multiphase design was primarily used to overcome the challenges
of maintaining a manageable number of samples, whilst not compromising the precision and accuracy of the experiment. This study
consisted of the analysis of several diﬀerent classes of compounds,
which presented problems in trying to incorporate internal standards
for all representative groups, and standard solutions involving multiple
analytes of varying concentration. By analysing samples in triplicate at
each laboratory phase and running a full set of calibration standards
daily, the total HPLC run time for this experiment would have taken 21
days. By utilising a multiphase design, the same, or better, statistical
power has been achieved, but within a drastically shorter timeframe, of
10 days.
In order to assess a method's integrity, it is essential to evaluate the
precision associated with an experiment. Several recent reviews show
how the standard deviation (SD) can be used as an eﬀective guide [3,4].
Since our replication rate in this experiment was quite low ( < 4), SD
values would be expected to be quite variable and not particularly
useful as a diagnostic tool. Precision was instead evaluated by a
likelihood ratio analysis. This test allows the analyst to assess the ﬁt
of the experimental data by comparing diﬀerent distributions. The test
statistic that is generated is a chi-squared test statistic, diﬀerent to a SD
as it allows for comparisons between two or more variables to be made.
In the case of the current study, this involved the comparison of
diﬀerent combinations of phases which involved the stepwise removal

a
Signiﬁcance codes: *** = P < 0.001, ** = 0.001 < P < 0.01, * = 0.01 < P <
0.05. β-carotene, α-tocopherol and γ-tocopherol analysed using the DAD all have only
four degrees of freedom in the ﬁrst model comparison as they had the eﬀect Setup (H
Phase) excluded to ensure convergence.
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of all random terms derived from Phase 4, then Phase 3, then Phase 2,
and ﬁnally, Phase 1. The removal was cumulative, starting with the full
model, so that in the last model ﬁtted, only the Genotype:Environment
ﬁxed eﬀects remained. Chi-squared values were obtained for the full
four phases and then each phase was removed step-wise, with one
phase removed after each analysis until only phase 1 ﬁxed eﬀects
remained. This approach was used for all fourteen analytes, and the
results tabulated (Table 3). Larger chi-squared values indicate a higher
inﬂuence on precision. For example, the large chi-squared values
obtained for the Full model vs Full model – Phase 4 indicates that
Phase 4 had the greatest level of inﬂuence on precision; which was in
agreement with the variance analysis (Table 2). The last model (Phase 1
only vs ﬁxed eﬀects only) indicated Phase 1 had some signiﬁcant
eﬀects, but only for three analytes; β-carotene, lutein and α-tocopherol
(all measured using DAD).
A further evaluation of precision may be made by assessing the data
for its ‘ﬁtness for purpose’, and obtaining the ‘asymptotic precision’, or
β value, which is an indicator of the relationship between measurement
precision, and concentration of the analyte [29]. Several plots have
been proposed previously, that eﬀectively capture and illustrate precision; with the choice of the plot dependent on the population size [3].
One illustrates overall data spread by grouping the data into ‘bins’,
which visually separate the spread of the data into ﬁve equal groups [3]
(i.e. in this study, n=219 and thus each ‘bin’ contained 219/5≈44
values). The median value for each representative bin was then
calculated (depicted as solid circles between the bins in Fig. 5),
allowing us to identify any outliers and trends within the data. This
plot provides a good visual representation of the spread of the data. As
shown in Fig. 5, the data for β-sitosterol illustrates little inﬂuence of
outliers on the overall sample medians. Additionally, the distribution of
data is relatively even, as evidenced by the similar location observed for
all median circles. Plots were constructed for all analytes and found to
be similar in distribution, indicating that outliers had little inﬂuence on
absolute diﬀerence, and satisfactory precision was achieved.
A second plot used to illustrate precision has been proposed [3], in
which a β-value is assigned such that 95% of data points fall under the
95th percentile line, and 99% of data points fall under the 99th
percentile line. The plots are constructed by allocating β-values until
a one is selected that allows the experimental data to fall within the
95th and 99th percentile. A β value of 0.1 is indicative of a method that
is ‘ﬁt for purpose’ [29]. The plots were constructed and β-values
determined for all 14 analytes measured in this study. An example of
resulting plots obtained for β-sitosterol are shown in Fig. 5. As n=219,

Table 4
Asymptotic precision (β) values for each analyte.
Analyte number

β value

1
2
3
4
5
6
7
8
9
10
11
12
13
14

0.085
0.200
0.170
0.100
0.075
0.165
0.060
0.190
0.092
0.088
0.110
0.090
0.085
0.085

both criteria are satisﬁed with a β-value of 0.092, as 2.2 data points are
found to be above 99th percentile and 11 points above the 95th
percentile. β-values (shown in Table 4) were varied, with β-carotene,
lutein and δ-tocopherol (analyte number's 2,3 and 8) nearing 0.2. This
illustrates the method is not as precise for these analytes. As these
analytes are all found in lower concentrations near detection limits, a
reduced ‘ﬁtness-for-purpose’ is predicted. For the majority of analytes,
the results reinforce the reliability and precision of the method.
However, the β-values indicate that the γ-tocopherol values obtained
using the DAD (number 7), were considerably more precise than that of
the MS (number 6), an important conclusion that was not able to be
previously determined. The results of the ‘ﬁtness for purpose’ analyses
above allow us to suggest the most reliable methods for detection and
provide further evaluation of the analytical method. The results present
a powerful strategy for method evaluation in other analytical chemistry
experiments, as was proposed previously [30].

4. Conclusions
Multiphase designs have been reported as eﬀective strategies for
assessing error, while keeping sample numbers reasonable, and without
compromising the integrity of experimental data [6,7]. The current
study describes a novel, real-world example of a large-scale multiphase
design across four phases, allowing for the prediction of the required
Genotype:Environment ﬁxed eﬀects. The use of a multiphase design

Fig. 5. Error maps for β-sitosterol, n=219. Left: diﬀerences within the spread as indicated by the median (solid circles) and bins (dashed lines). Right: in relation to 95th and 99th
percentile lines, after assigning the asymptotic precision or ‘β’ value which was found to be 0.092 for β-sitosterol. Note the pairwise absolute diﬀerence and pairwise means were obtained
by using the average peak area response for oil samples.
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[9] A. SzydłOwska-Czerniak, Rapeseed and its products—sources of bioactive compounds: a review of their characteristics and analysis, Crit. Rev. Food Sci. Nutr. 53
(2011) 307–330.
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[11] E. Bauer, A Statistical Manual for Chemists, Academic Press, New York, 1971.
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approaches to the estimation of measurement uncertainty caused by primary
sampling, Analyst 132 (2007) 1231–1237.
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interactions of phytosterol content in three doubled haploid populations of winter
rapeseed, Crop Sci. 48 (2008) 1000–1006.
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Canola Oil, Codex Alimentarius, Malaysia, 2011, pp. 1–16.
[15] C.L. Flakelar, D.J. Luckett, J.A. Howitt, G. Doran, P.D. Prenzler, Canola (Brassica
napus) oil from Australian cultivars shows promising levels of tocopherols and
carotenoids, along with good oxidative stability, J. Food Compos. Anal. 42 (2015)
179–186.
[16] Agilent Technologies, MassHunter Qualitative Analysis, 2015.
[17] R Core Team, R: A Language and Environment for Statistical Computing, Vienna,
Austria, 2013.
[18] Rstudio, Rstudio: Integrated development environment for R, Boston, MA, 2012.
[19] D. Butler, asreml: asreml ﬁts the linear mixed model, UK, 2009.
[20] H. Wickham, dplyr: A Grammar of Data Manipulation, Springer, New York, 2015.
[21] D. Sarkar, Lattice: multiphase Data Visualisation with R, Springer, New York, 2008.
[22] H. Wickham, ggplot2: elegant graphics for data analysis, Springer, New York, 2009.
[23] N.E. Coombes, The Reactive Tabu Search for eﬃcient correlated experimental
designs, Liverpool John Moores University, Liverpool, U.K., 2002.
[24] D. Ortiz, T. Rocheford, M.G. Ferruzzi, Inﬂuence of temperature and humidity on the
stability of carotenoids in biofortiﬁed maize (Zea mays L.) genotypes during
controlled postharvest storage, J. Agric. Food Chem. 64 (2016) 2727–2736.
[25] C. Vlahakis, J. Hazebroek, Phytosterol accumulation in canola, sunﬂower, and
soybean oils: eﬀects of genetics, planting location, and temperature, J. Am. Oil
Chem. Soc. 77 (2000) 49–53.
[26] J.A. Lyn, M.H. Ramsey, A.P. Damant, R. Wood, Optimising uncertainty in physical
sample preparation, Analyst 130 (2005) 1507–1512.
[27] RSC Analytical Methods Committee, Guide to achieving reliable quantitative LC-MS
measurements, 2013.
[28] N.T. Crosby, F.E. Prichard, E.J. Newman, Quality in the Analytical Chemistry
Laboratory, Wiley, West Sussex, England, 1995.
[29] M. Thompson, K. Mathieson, A.P. Damant, R. Wood, A general model for
interlaboratory precision accounts for statistics from proﬁciency testing in food
analysis, Accredit. Qual. Assur. 13 (2008) 223–230.
[30] M. Thompson, R. Wood, Using uncertainty functions to predict and specify the
performance of analytical methods, Accredit. Qual. Assur. 10 (2005) 471–478.

greatly reduced cost and analysis time, allowed for a comprehensive
assessment of experimental error, and achieved high precision of
experimental results. Large inﬂuences observed from the ﬁeld phase
reiterates the importance of careful planning of plot designs, and larger
eﬀects observed from the HPLC analysis phase, indicates that monitoring between the stopping and starting of an analytical instrument, and
the time-course of the analysis can be critical. Furthermore, the
multiphase design and subsequent precision testing allowed for further
investigation of detection techniques, and the reliability of detectors
could be determined. On the basis of these results, application of
multiphase experimental designs should be considered for any routine
laboratory analyses or analytical chemistry experiments where the aim
is to achieve high precision, monitor error, and/or limit total sample
numbers, particularly during metabolomics proﬁling or multi-chemical
analyses.
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Abstract
Genotype × Environment (G × E) studies on oil quality have increased in
recent years, and provide a valuable approach to obtaining genetic
information, allowing specific traits to be targeted through breeding
programs. This study was undertaken to assess G × E interactions for three
classes of bioactive compounds in canola oil: tocopherols, carotenoids and
phytosterols. A total of 64 canola genotypes, selected on the basis of their
widely variable oil traits, were grown across two locations and the
concentrations of tocopherols, carotenoids and phytosterols in the extracted
oils were determined. Significant G, E and G × E effects were found for the
majority of analytes in all categories. Significant positive correlations were
found between: ȕ-carotene and lutein: OXWHLQDQGĮ-tocopherol; and all
individual phytosterols and their ester equivalents. A significant negative
correlation was observed EHWZHHQĮ-WRFRSKHURODQGȖ-tocopherol. Several
genotypes were found to possess high concentrations of a combination of
bioactive compounds. These results present new insights into the
relationships between several important bioactives in canola, and potential
opportunities for the enhancement of tocopherols, carotenoids and/or
phytosterols in Brassica napus using conventional breeding techniques are
identified.
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1. Introduction
Previously, the development and production of new canola cultivars has
primarily been motivated by efforts to increase oil yield and disease
resistance, as well as lowering glucosinolate and erucic acid concentrations
[1]. More recently, likely as a result of an increasingly health-conscious
population, there has been shifting interest towards other aspects of oil
quality. In particular, fatty acid composition has been targeted to enhance oil
stability and nutritional profile [2]. However, there are also a number of
important minor components in canola oil that have potential to be enhanced
for increased health benefit. In its crude form, canola oil contains
tocopherols, carotenoids, and phytosterols in quantities sufficient to offer
significant health benefits to consumers [3]. The health promoting
antioxidant activities of tocopherols and carotenoids have been reported [4,
5], while phytosterols present beneficial effects to the cardiovascular
system, and are often added to margarines and spreads to assist in lowering
LDL cholesterol levels [6]. At the concentrations found in crude canola oil,
the antioxidant activity of tocopherols and carotenoids may also assist in
preventing oxidation and extending the shelf-life of the oil. Although losses
of bioactives occur during oil refining, genotypes with high initial
concentrations of bioactives are expected to produce an oil product with
higher concentrations of these compounds. Thus, it is worthwhile
investigating whether it is possible to enhance the concentration of these
compounds through breeding, to provide additional health benefit, and
increase the stability of the oil.
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Genotype × Environment (G × E) studies are particularly applicable to
enhance quality aspects for crop commodities, and provide important
information regarding crop adaptation [7]. Recent studies have illustrated
the importance of G × E experiments to predict the potential for
enhancement of bioactive compounds in foods; including detailed studies on
canola variety and tocopherol concentration [8-10], and the variation
between phytosterol concentration with respect to variety and growing
location [11-13]. A detailed G × E examination of fatty acid profile (FAP),
bioactive compounds, and metabolic behaviour of canola has recently been
reported [14]. Unlike tocopherols and phytosterols, the G × E interactions
for carotenoids have not been researched in depth in canola varieties, with
one Australian study [3], and one conducted on Chinese rapeseed [15].
However, carotenoids have been investigated in other food commodities,
including vegetables and whole grain wheat flour [16, 17]. Previous research
has indicated the likelihood of significant G × E interactions on tocopherol
and carotenoid concentrations in Australian canola varieties [3]; however,
the data from the study was statistically unbalanced, since only particular
varieties were available at each location. There has been no study that has
investigated G × E for all three classes of bioactives in canola species.
In this study, tocopherol, carotenoid and phytosterol concentrations were
determined for 64 canola genotypes, which were previously selected for
distinctly high or low expression of oil traits. All genotypes were grown in
two locations within Australia, and influences from genotype (G),
environment (E), and G × E on bioactive concentration assessed, to measure
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the potential for increased production of the bioactive compounds through
breeding.

2. Experimental
2.1

Plant materials and seed handling

The plant materials and seed handling are described further in a previous
paper, which was used to evaluate the experimental design that was used
[18]. In summary, 64 canola/rapeseed genotypes were obtained from a
wider study. These genotypes were grown in a balanced field experiment,
partially replicated (1.5 times) at 2 locations in Australia, Wagga Wagga
and Westmere. Climate data for both locations indicated similar temperature
ranges during the growing season (April – November), of -1.0°C – 37°C and
-2.5°C – 29°C for Wagga Wagga and Westmere, respectively. However,
there was a considerable difference in the rainfall across the growing
season, with 263 mm at Wagga Wagga, and 407 mm at Westmere.

2.2

Experimental design

In the laboratory, seed samples were processed using a multiphase
experimental design as described previously [18]. In brief, the experimental
design was separated into four phases: field collection, milling and oil
extraction, sample (oil) preparation, and analysis using high performance
liquid chromatography (HPLC). Partial replication and randomisation of all
samples was applied between each phase, such that a number of samples
were replicated at each phase, resulting in a progressively larger number of
samples at each experimental phase. Additionally, factors in each phase
identified as introducing error were monitored, and subsequently used in a
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random effects analysis to enable a more precise measure of experimental
variance.

2.3

Chemicals

95% n-hexane (Scharlau) was purchased from Chem Supply (Gillman,
Australia) and analytical grade ethyl acetate was purchased from SigmaAldrich (Castle Hill, Australia ȕ-FDURWHQH SXULW\), Į-tocopherol
SXULW\ Ȗ-WRFRSKHURO SXULW\ cholesterol (analytical
standard), ȕ-sitosterol (analytical standard), campesterol (analytical
standard), and brassicasterol (purity > 98 %), were purchased from SigmaAldrich (Castle Hill, Australia /XWHLQ SXULW\ ZDVSXUFKDVHGIURP
Extrasynthese (Genay, France).

2.4

Milling, oil extraction and sample

preparation for analysis
For the milling and oil extraction, seed (60 g) was ground and transferred to
a glass funnel lined with cotton wool. Oil was extracted by passing 100 mL
n-hexane (1 x 50 mL, and 2 x 25 mL at 5 min intervals) through the funnel.
The solvent was evaporated at 40°C under vacuum, using a rotary
evaporator. To prepare the sample for HPLC analysis, oil (0.25 g) was
weighed and made to 10 mL with n-hexane, before filtering and transferring
to 2 mL autosampler vials.

2.5

Analysis of tocopherols, carotenoids and

sterols
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An Agilent 1200 series LC with a diode array detector (DAD) and Agilent
6410 QQQ mass spectrometer (MS) detector was used for the determination
of tocopherols, carotenoids and sterols as described previously [19]. Normal
phase chromatography was employed using a gradient of n-hexane and ethyl
acetate to achieve an overall run time of 30 min. The tocopherol and
carotenoid concentrations reported in this study, were quantified via DAD,
whereas the phytosterols were quantified using the MS.

2.6

Statistical analysis

Microsoft Excel was used to construct sample spreadsheets and tabulate
raw, peak-area data from the chromatograms. The data was imported into
the user interface, Rstudio [20] which was used to perform all further
statistical analysis.
The concentrations of tZRFDURWHQRLGV ȕ-carotene and lutein), two
tocopherols, ɲ-tocopherol (Į-T), γ-tocopherol (Ȗ-T), and three phytosterols
ȕ-sitosterol, campesterol and brassicasterol, free and esterified forms) were
measured and identified as examinable traits. Since cholesterol was added to
all oil samples as an internal standard, it too was identified as a trait for the
purpose of statistical analysis. Initial distributions and data plotting was
conducted using the R packages ggplot [21], lattice [22] and ddplyr [23]. A
visual spread of data for each trait was obtained using the fitdistplus [24]
package. Restricted estimate maximum likelihood (REML) tests, using the
ASREML-R software package [25], were applied to each individual trait,
and BLUP (best linear unbiased prediction) means were calculated for each
genotype (across both environments; n=64), and for the genotype x
environment set (n=128). Wald tests of significance were carried out using

94

the Wald tests for ASreml models [25] to determine the levels of
significance G, E and G × E effects had on individual traits.
Correlations between the traits, and associated probability values, were
calculated using the R stats [20] and psych [26] packages in Rstudio, and
plotting was done via ggplot [21] and lattice [22] in Rstudio, and Microsoft
Excel.
Principal components analysis (PCA) using the psych [26] package in
Rstudio, and cluster plotting in Rstudio, were conducted to assess any
potential relationships between traits of interest which would suggest their
suitability for further studies.

3. Results and discussion
3.1

Tocopherols

Alpha (ɲ) and Ȗ-T are the most dominant tocopherol homologues present in
canola oil, while į-tocopherol is present in smaller amounts, DQGȕtocopherol is found at trace levels [27]. Average tocopherol concentrations
of 236, and 757 mg/kg oil were found IRUĮ-7DQGȖ-T, respectively (Table
1). The concentrations for both tocopherols were close to the typical ranges
expected for crude canola oil (100 - 386 mg/kg oil for α-tocopherol, and
189-753 mg/kg oil) [27], and within the ranges reported in other studies on
Australian canola varieties [3, 10].
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Table 1. Analyte (trait) names, the detector used for quantification, and
associated ranges and means for all genotypes examined.
Analyte

Range
(mg/kg oil)

Mean
(mg/kg oil)

Į-tocopherola

135 - 413

236

Ȗ-tocopherola

540 - 1050

757

ȕ-carotenea

4.11 - 25.0

8.55

luteina

48.6 – 171.7

102

ȕ-sitosterolb

1280 – 2050

1660

campesterolb

784 - 1580

976

brassicasterolb

169 - 724

481

ȕ-sitosterol esterb

1430 - 2400

1830

campesterol esterb

1167 - 2860

1800

170 - 600

372

brassicasterol esterb
a

diode array detector (DAD), bmass spectrometer (MS), range and mean determined for all

genotypes (n=64).

Computed G × E effects for the current study are reported in Table 2. All
tocopherols were found to have significant G, E and G × E effects. 6LQFHĮT has the highest vitamin E activity of all tocopherol homologues [28], and
Ȗ-T plays an important antioxidant role, these compounds are important in
food sources. Biofortification of tocopherols in canola oil through breeding
may be a viable target due to significant G effects, as was observed in this
study. Statistically significant differences between rapeseed genotypes for
tocopherol content have been reported by Fritsche [9] and Wang [8], who
examined 229 and 142 varieties, respectively. Additionally, Wang [8]
reported significant environmental influences on tocopherol concentrations.
These results are consistent with the current study.
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Table 2. Analysis of G × E effects from a REML analysis for 14 canola oil
analytes measured. Values are Wald tests followed by a test of significancea.
Trait
Cholesterol
Į-tocopherol
Ȗ-tocopherol
ȕ-carotene
lutein
ȕ-sitosterol
campesterol
Brassicasterol
ȕ-sitosterol ester
Campesterol ester
Brassicasterol ester
a

Genotype
97.40 **
1625 ***
626.5 ***
20.85 ***
371.2 ***
644.2 ***
1009 ***
1001 ***
1001 ***
1369 ***
3343 ***

Environment (Site)
0.03
652.1 ***
131.5 ***
519.59 ***
16.42 ***
135.0 ***
5.80 *
53.51 ***
41.59 ***
16.60 ***
19.50 ***

Genotype:Environment (G x E)
55.00
115.1 ***
83.50 *
194.5 ***
103.3 ***
115.3 ***
81.87 *
29.72
100.9 ***
91.2 **
112.6 ***

Significance codes: *** = P < 0.001, ** = 0.001 < P < 0.01, * = 0.01 < P < 0.05

Larger numbers are indicative of a stronger relationship.

The correlations between Wagga Wagga and Westmere for all analytes, are
illustrated in Figs 1-4. These Figures present the mean genotype
concentration at Westmere vs. the mean genotype concentration at Wagga
Wagga, illustrating genotype trends common to both environments. Those
genotypes with particularly high concentrations (i.e. those worthy of further
investigation) are depicted in the top right hand corner of each scatterplot.
The genotypes that were observed to have notably high concentrations of
one, or both, of the main tocopherol homologues across both locations, are
illustrated in Fig 1, and reported in the supporting information, S2 Table.
Several individual lines that presented the highest concentrations of
tocopherols included: x05-P36-R (59), ZEPHYR-CN33079 (62), CC05002
(19), GHOBI-SARON-C1-501 (23).
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Fig 1. Scatterplots illustrating mean coQFHQWUDWLRQVRIĮ-WRFRSKHURO OHIW DQGȖ-tocopherol (right), relative to environment, for all genotypes (n=64).
1RWHWKHJHQRW\SHQXPEHUVH[KLELWLQJWKHKLJKHVWFRQFHQWUDWLRQVRIĮ-WRFRSKHURODQGRUȖ-tocopherol: 46 (RS094-67-98-18-DH), 26 (NMT052), 59
(x05-P36-R), 62 (ZEPHYR-CN33079), 23 (GHOBI-SARON-C1-501), 57 (WA010105), 19 (CC05002). All genotype numbers and associated
genotype names are provided in S1 Table in the supporting information.

3.2

Carotenoids

Carotenoid content was shown to vary considerably among samples. Overall
means of 8.55 and 102 mg/kg oil were observed IRUȕ-carotene and lutein,
respectively (Table 1). Wide ranges for carotenoids, such as these, have
been reported previously in both Australian [3] and Chinese [15] canola (or
rapeseed) varieties. Means for lutein were 111 mg/kg oil for Wagga Wagga,
and 93 mg/kg oil for Westmere, and were found to be highly significant
with respective to site (Table 2). It is likely that higher rainfall and moisture
lowered lutein concentration in the Westmere samples, given the previous
reports on carotenoid degradation with higher levels of moisture in maize
[29].
%RWKȕ-carotene and lutein exhibited highly significant G, E and G × E
effects (Table 2). Specifically, the ROY genotypes were found to exhibit
relatively high levels of carotenoids when compared to the means of other
genotypes, and could be useful for breeding of high carotenoid varieties
(Fig 2). The ROY genotypes originated from a program in Western
Australia to introgress germplasm from Brassica juncea (mustard) into
canola (Brassica napus) [1]. ATR genotypes were also found to have
relatively high concentrations of lutein in addition to being KLJKLQĮ-T
concentration. Thus ATR genotypes could be considered for further
breeding studies, if enhancement of both tocopherols and carotenoids was
desired.
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Fig 2. 6FDWWHUSORWVLOOXVWUDWLQJPHDQFRQFHQWUDWLRQVRIȕ-carotene (left) and/or lutein (right), relative to environment, for all genotypes (n=64). Note the
JHQRW\SHQXPEHUVH[KLELWLQJWKHKLJKHVWFRQFHQWUDWLRQVRIȕ-carotene and/or lutein: 40 (ROY98328), 41 (ROY98329), 61 (YU178), 64 (ZY008), 37
(ROY97073), 39 (ROY98327), 51 (SARDI618TT), and 21 (GAN-YOU-NO1-MORVEN). All genotype numbers and associated genotype names are
provided in S1 Table, supporting information.

Considerably larger environmental effects on carotenoid concentrations
were observed in comparison to tocopherols (Table 2), suggesting larger
effects of climate on carotenoids, as evidenced by the lower concentrations
observed in the area receiving higher rainfall, particularly in the case of
lutein (Fig 2). Should breeding programs opt to target high carotenoid
concentrations, further research will need to be undertaken to assess the
effect of environment on these bioactives in more detail.
Significant genotype effects have been reported for lutein and lutein esters
in wheat flour [16], and G × E interactions have been reported for ȕcarotene in corn, and lutein in broccoli, concluding that it is possible to
breed germplasm that are high in carotenoids for these foods [17]. Few
studies have been conducted on carotenoids in Brassica species, likely due
to the fact that they are heavily reduced or eliminated during refining, and
are not commonly known to exist in refined canola oil. However, it is
evident from this study that these compounds exist in some genotypes in
sufficient quantities to warrant retention through processing; and
enhancement through breeding is possible. Recent reviews emphasise the
advantage of new developments in oil processing to enhance bioactives [2,
30], and may provide incentive for canola breeders to investigate carotenoid
enhancement further.

3.3

Phytosterols

ȕ-sitosterol, campesterol and brassicasterol are the most prominent
phytosterols found in canola oil, and represent between 45-58 %, 25-39 %
and 5-13 % of total sterols, respectively [27]. The remainder comprise of
smaller proportions of stigmasterol and avenasterol. Phytosterols are found
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in canola oil in both free and esterified forms, typically in similar
proportions; however, the majority of studies cleave the sterol esters to acid
and alcohol moieties and quantify all sterols as free sterols [31]. In order to
investigate interactions for both forms and observe any differences between
free and bound sterols, ȕ-sitosterol, campesterol and brassicasterol were
evaluated in both free and esterified forms in this study. The concentrations
of phytosterols are shown in Table 1, and are similar to those previously
reported [27]. The total free phytosterols, total esterified phytosterols, and
total phytosterol content were found to be: 3113 mg/kg oil, 3997 mg/kg oil,
and 7110 mg/kg oil, respectively, which are comparable to concentrations of
3362 mg/kg oil, 4754 mg/kg oil, and 8116 mg/kg, respectively, as reported
in a previous study on crude rapeseed oil [31]. Furthermore, the proportions
RIȕ-sitosterol, campesterol and brassicasterol were 49.0 %, 39.0% and 12.0
%, respectively, which are consistent with the above ranges.
Significant relationships (p = 0.05) were observed for the majority of free
and esterified phytosterols, except for G × E effects for brassicasterol.
*HQRW\SHHIIHFWVIRUDOOVWHUROVDQGȕ-sitosterol G × E interactions were all
found to be highly significant (Table 2). Those genotypes with notably high
concentrations of free phytosterols are illustrated in the top right of Fig 3,
and esterified phytosterols in the top right of Fig 4. Similar to tocopherols,
few groupings of genotypes illustrated characteristically high concentrations
of phytosterols. However, several of the SARDI varieties (from South
Australia), and ROY varieties yielded high concentrations of phytosterols,
indicating that future breeding programs could benefit by utilising these
genotypes, should enhancing phytosterols become a priority for industry.
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Fig 3. Scatterplots illustrating mean concentrations of freHȕ-sitosterol (left), campesterol (middle) and brassicasterol (right), relative to environment,
IRUDOOJHQRW\SHV Q  1RWHWKHJHQRW\SHQXPEHUVH[KLELWLQJWKHKLJKHVWFRQFHQWUDWLRQVRIIUHHȕ-sitosterol, campesterol and/or brassicasterol: 54
(TO003), 10 (ATR525), 59 (x05-P36-R), 39 (ROY98329), 11 (ATR531), 60 (x06-P71-2), 46 (RS094-67-98-18-DH), 47 (RT008-04M03), 32 (RN15),
57 (WA010105), 19 (CC05002). All genotype numbers and associated genotype names are provided in S1 Table, supporting information.
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Fig 4. 6FDWWHUSORWVLOOXVWUDWLQJPHDQFRQFHQWUDWLRQVRIHVWHULILHGȕ-sitosterol (left), campesterol (middle) and brassicasterol (right), relative to
environment, for all genotypes (n=64). Note the genotype numbers exhibiting the highest concentrations of esterifLHGȕ-sitosterol, campesterol and/or
brassicasterol: 51 (SARDI-618TT), 49 (SARDI-519TT), 27 (NS04377), 17 (CB-ARGYLE), 46 (RS094-67-98-18-DH), 47 (RT008-04M03), 42
(RP001), 19 (CC05002), 32 (RN15), 57 (WA010105). All genotype numbers and associated genotype names are provided in S1 Table, supporting
information.

When targeting and enhancing several classes of bioactives, investigating
those lines or genotypes naturally high in a combination of traits (i.e. several
different bioactive classes), is especially valuable. In the current study, there
were several genotypes that exhibited high concentrations from more than
one class of bioactive. The ROY- and SARDI- genotypes exhibited notably
high concentrations across all three bioactive classes. Additionally, several
samples from the ATR- genotypes H[KLELWHGKLJKĮ-T and carotenoid
content. A number of single genotypes showed high concentrations across
multiple classes of analytes, for both sites including: GHOBI-SARON-C1 ȕ-FDURWHQHDQGȖ-T 51 Ȗ-T and brassicasterol), RSO94-67-98-18DH Į-Tȕ-sitosterol and campesterol), TR004-0 Į-Tȕ-sitosterol and
brassicasterol) DQG=< ȕ-FDURWHQHOXWHLQĮ-Tȕ-sitosterol and
brassicasterol). The latter is unique in that it has reasonably high
concentrations of all three classes of bioactive compounds – tocopherols,
carotenoids and sterols. Mean concentrations for all analytes, are provided
in the S1 Table, supporting information, with those exhibiting high ranges
for several traits, highlighted.

3.4

Correlations between traits

In addition to the G × E effects, correlations between bioactive compounds
were investigated to identify any existing interactions; since a strong
positive correlation may make it easier to breed for one oil trait, and
simultaneously raise another. There was an evident correlation of r = 0.62 (p
< 0.01) (Table 3), between ȕ-carotene and lutein, consistent with those
found in previous studies [3, 15]. These results suggest that both carotenoids
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accumulate together in the seed, and selective breeding for one trait could
cause an increase in the other. ȕ-carotene and lutein contribute different
attributes to human health. ȕ-carotene exhibits vitamin A activity, and is
converted into retinol which contributes to healthy skin and a healthy
immune system. Lutein is localised in the macula to block light from
reaching the more susceptible parts of the retina, preventing light-induced
oxidative damage and slows the onset of macular degeneration [4]. Since
both forms of carotenoids provide different health benefits, enhancing both
has some DGYDQWDJHV$OWKRXJKWKHȕ-carotene concentrations in crude
canola oil are low, it is worthwhile monitoring this analyte to determine if
enhancement via breeding is plausible.
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Diagonal cells contain the sample size (all results represented as genotypes [n=64], averaged for both locations).
Upper-right triangle contains the r values.
c
Lower-left triangle contains the probabilities that the corresponding r values are significantly different from zero. R values and their corresponding probability values highlighted
in colour are p < 0.05.
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0.00
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ȕ-sitosterol

lutein
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Table 3. Pearson rank correlation (r) test results, and their associated probability values, between pairs of 11 bioactive analytes examined in canola oil.

A significant negative correlation was identified between Į-7DQGȖ-T, –0.39
(p < 0.01). The relationship between tocopherol isomers in plant systems
has been studied in some depth, and there are contradictory results. Positive
correlations have been reported [8, 32]; however, several others have
reported no correlation [3, 33, 34]. Previously established biosynthetic
SDWKZD\VVKRZWKDWȖ-7LVV\QWKHVLVHGILUVWDQGWKHQFRQYHUWHGWRĮ-T, via the
2-methyl-6-phytyl-1,4-benzoqiunol (MBPQ) pathway [35]. The
concentrations (and proportions) of α and γ-T are dependent on the relative
rates of γ-T synthesis and conversion to α-T. The findings from this study
suggest the up-regulation of γ-T, and a slower conversion to α-T. However,
further research is necessary to more carefully define the biosynthetic
pathways of tocopherols in Brassica sp. including gene expression.
A significant, positive correlation was discovered between OXWHLQDQGĮ-T (r
= 0.31, p < 0.01). Interactions and biosynthetic pathways between
tocopherols and carotenoids in plants have been identified previously [35],
and illustrate the connection between tocopherol and carotenoid
development in plant leaves through the geranylgeranyl diphosphate
(GGDP) pathway. The GGDP pathway allows for the synthesis of several
compounds, including tocopherols after conversion to MBPQ, and
carotenoids via the synthesis of lycopene. Although this pathway relates to
the leaves of plants, since these enzymes also exist in the plant seeds, it is
likely this pathway exists in both. This pathway linking tocopherols and
carotenoids may be a possible explanation for the correlation found between
Į-T and lutein. Furthermore, it provides evidence that enhancing one may
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enhance the other, or stimulating the GGDP pathway may lead to increases
for both.
Significant correlations were found among all free phytosterols and their
respective esters, indicating that increases in concentrations for one form
will likely influence the other. Very few studies have been conducted on the
influence of genotypes on phytosterols in both free and esterified forms, and
their behaviour. Conventional techniques involve cleaving the phytosterol
esters, obtaining total phytosterols as free phytosterols only, and thus
valuable information about the esters is lost [36]. Emerging techniques with
high selectivity, such as MS/MS have allowed quantification of these
analytes in the free and ester forms, simultaneously [19]. As the availability
of such technologies increase, so too will investigations between the
phytosterol forms.
Strong, negative correlations were observed for campesterol and
brassicasterol (r = -0.77, p < 0.01) but no correlation was found between
FDPSHVWHURORUEUDVVLFDVWHUROZLWKȕ-sitosterol. Few studies report
correlations between free and esterified sterols, or even between total
individual phytosterols, in canola varieties. However, one study presented
detailed correlations among many quality traits in rapeseed varieties,
including individual phytosterols all of which were significant [37]. That
study described the primary biosynthetic pathway for phytosterol synthesis
in plants, which consists of branching such WKDWȕ-sitosterol synthesis falls
along a separate pathway (one with compounds possessing branched ethyl
groups), to that of campesterol and brassicasterol. The correlation between
ɴ-sitosterol and campesterol + brassicasterol was investigated, since the
pathways indicate ɴ-sitosterol is predicted to be negatively correlated with
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total concentration of campesterol + brassicasterol. A relatively weak
positive FRUUHODWLRQRI S ZDVREVHUYHGEHWZHHQȕ-sitosterol
and campesterol + brassicasterol and further work, beyond the scope of this
study, would be needed to investigate these relationships more thoroughly.

3.5

Principal components analysis

Principle components analysis (PCA) was used to assess genotype groupings
in more detail. Given that only two environments were examined and large
influences from site were present, the effect of site was excluded (n = 64).
Fig 5, Panel A illustrates the scores of the first two components
(accounting for > 80 % of the total variance). The correlations reported in
Table 3 were reinforced in the PCA plots, with the similar arrow directions
LOOXVWUDWHGIRUȕ-carotene and lutein which presented positive correlations,
DQGEUDVVLFDVWHURODQGȖ-T in opposite directions to campesterol, for which
negative correlations were observed. Several groupings were observed, in
particular varieties 37, 39, 40 and 41 (all ROY lines exhibiting high
carotenoid content ZHUHFOXVWHUHGWRZDUGKLJKHVWȕ-carotene and lutein, and
varieties 8, 9, 10, 11 and 12 (all ATR varieties) were all clustered in the
centre/bottom of the plot, with an evident influence from α- T.

7KHJHQHUDWLRQRIFOXVWHUSORWVFRQILUPHGWKHWUHQGVREVHUYHGLQWKH3&$
DQDO\VLVDQGFRUUHODWLRQDQDO\VLVUHVXOWV7KHUHVXOWLQJSORWH[FOXGLQJ
ORFDWLRQ Q  JURXSHGWKHVDPSOHVLQWRWKUHHFOXVWHUV )LJ3DQHO% 
7KHILUVWFOXVWHUFRQWDLQHGWKRVHVDPSOHVZLWKFRQVLGHUDEO\KLJK
FRQFHQWUDWLRQVRIFDURWHQRLGVDQGWKRVHYDULHWLHVZLWKKLJKFRQFHQWUDWLRQV
RIVHYHUDOFODVVHVRIELRDFWLYH LHKLJKLQFDURWHQRLGVĮ7DQGȕVLWRVWHURO 
7KHVHFRQGJURXSKDGVHYHUDOVDPSOHVRQWKHRXWHUHGJHVZLWKKLJK
SK\WRVWHUROFRQFHQWUDWLRQV ȕVLWRVWHUROFDPSHVWHURODQGRUWRWDO
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SK\WRVWHUROV 6LPLODUO\WKHWKLUGJURXSLQJFRQWDLQHGPDQ\VDPSOHVKLJKLQS
K\WRVWHUROVaOWKRXJKWKRVHRQWKHRXWHUHGJHVRIWKLVFOXVWHUZHUHIRXQGWRKD
YH VXEVWDQWLDOO\KLJKȖ7DQGEUDVVLFDVWHUROFRQFHQWUDWLRQV7KLVWUHQGLV
FRQVLVWHQWZLWKHDUOLHUUHVXOWVVLQFHSRVLWLYHFRUUHODWLRQVZHUHGLVFRYHUHGIRU
Ȗ7DQGEUDVVLFDVWHURO$SUHYLRXVVWXG\LQYHVWLJDWHGVLJQLILFDQWFRUUHODWLRQV
EHWZHHQLQGXFWLRQSHULRG ,3 DQGELRDFWLYHVLQ&KLQHVHUDSHVHHGYDULHWLHV
>@7KHLU3&$UHVXOWVGLIIHUHGWRWKHFXUUHQWVWXG\DVWKDWVWXG\LQFOXGHG
LQGXFWLRQSHULRGKRZHYHUWKHSORWVKRZQLQWKH&KLQHVHVWXG\LQGLFDWHVD
SRVLWLYHFRUUHODWLRQEHWZHHQȕFDURWHQHDQGOXWHLQVLPLODUWRWKHVHUHVXOWV
6HYHUDOLPSRUWDQWJHQRW\SHJURXSLQJVZHUHGHWHFWHGLQWKH3&$DQGFOXVWHU
DQDO\VLVLQWKHFXUUHQWVWXG\DQGEUHHGLQJSURJUDPVZRXOGEHQHILWIURP
FRQVLGHULQJWKHVHYDULHWLHVIRUHQKDQFHPHQWRIVHHGELRDFWLYHV7KH
FOXVWHULQJVHHQKHUHVXJJHVWVWKDWWKHGLIIHUHQWEUHHGLQJSURJUDPVLQ
$XVWUDOLDPD\KDYHXVHGGLIIHUHQWJHQHSRROVZLWKUHVSHFWWRWKHVHRLOTXDOLW\
FKDUDFWHULVWLFVVLQFHLPSURYLQJJHQRW\SHGLYHUVLW\LVDSULRULW\IRUPDQ\
FDQRODEUHHGHUV>@
It is more problematic for breeders to breed for a trait in which ‘specific
adaptation’ is high (i.e. if a genotype is more suited to a particular location),
than ‘general adaptation’, in which environment is not the main influence on
targeted traits, and genotypes can be grouped together irrespective of site.
With regard to specific adaptation, it is necessary to breed for growing in a
particular area or region. Although the effect of environment was found to be
significant for all traits, very large genotype effects were also present,
illustrating that breeding for general adaptation is likely to be successful.
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Fig 5. Panel A: PCA plot of data from 7 of the 11 traits analysed across 64 genotypes. Only the major tocopherols were included. Additionally, free
and esterified phytosterols were combined here, to reduce congestion and provide an indication of the overall influence from each phytosterol group
(thus, 7 traits were analysed rather than 11 %&$52 ȕ-FDURWHQH/87(,1 OXWHLQ$72& Į-WRFRSKHURO<72& Ȗ-WRFRSKHUROEVLW$ ȕsitosterol, campA = campesterol, and brasA = brassicasterol. The plotted numbers are = genotype identification number (see S1 Table, supporting
information). Panel B: Cluster analysis illustrating three groupings (numbers in italics) made in data per their results for the bioactive traits that were
analysed. The numbers refer to the individual genotypes (n = 64; see S1 Table, supporting information). The members of each cluster are plotted using
one of three symbols (circle, cross, triangle).

4. Conclusions
In summary, concentrations of tocopherols, carotenoids and phytosterols in
Brassica napus cultivars were found to be similar to previous reports and
therefore of sufficient concentration to provide potential health benefit to
consumers [3, 15]. Significant genetic effects were discovered for the
majority of these compounds, illustrating concentrations of these bioactives
may be enhanced by future plant breeding. This is the first study to conduct
a detailed G × E experiment on all three classes of bioactives in canola, or
any other vegetable oil. It presents new insights into the relationships
between bioactives, and offers breeders additional information to indicate
the potential for bioactive enhancement in canola. Given the increased focus
of the food industry and wider population toward minimally processed,
natural food sources with associated nutritional properties, the results
suggest the breeding of new Brassica lines with high levels of bioactives
may be considered.

113

Acknowledgments
The authors thank Kerrie Graham and others at the Australian Oil
Research Laboratory (AORL) for their assistance in sample handling.

References
1.
Salisbury PA, Wratten N. Brassica napus breeding. In: Salisbury PA,
Potter T, McDonald G, Green AG, editors. Canola in Australia: the First 30
Years. Canberra; 1999. pp. 1-6.
2.
Abbadi A, Leckband G. Rapeseed breeding for oil content, quality,
and sustainability. Eur J Lipid Sci Tech. 2011; 113(10): 1198-206.
3.
Flakelar CL, Luckett DJ, Howitt JA, Doran G, Prenzler PD. Canola
(Brassica napus) oil from Australian cultivars shows promising levels of
tocopherols and carotenoids, along with good oxidative stability. J Food
Comp Anal. 2015; 42: 179-86. doi:
http://dx.doi.org/10.1016/j.jfca.2015.03.010.
4.
Delgado-Vargas F, Jiménez AR, Paredes-López O. Natural
pigments: carotenoids, anthocyanins, and betalains - characteristics,
biosynthesis, processing, and stability. Crit Rev Food Sci. 2000; 40(3): 173289.
5.
Kamal-Eldin A, Appelqvist L. The chemistry and antioxidant
properties of tocopherols and tocotrienols. Lipids. 1996; 31(7): 671-701.
6.
Jones PJH, Abumweis SS. Phytosterols as functional food
ingredients: Linkages to cardiovascular disease and cancer. Curr Opin Clin
Nutr. 2009; 12(2): 147-51.
7.
Basford K, Cooper M. Genotype x environment interactions and
some considerations of their implications for wheat breeding in Australia.
Aust J Agr Res. 1998; 49(2): 153-74.
8.
Wang X, Zhang C, Li L, Fritsche S, Endrigkeit J, Zhang W, et al.
Unraveling the genetic basis of seed tocopherol content and composition in
rapeseed (Brassica napus L.) (Genetic dissection of tocopherols in
rapeseed). PLoS ONE. 2012; 7(11): e50038. doi:
10.1371/journal.pone.0050038.
9.
Fritsche S, Wang X, Li J, Stich B, Kopisch-Obuch FJ, Endrigkeit J,
et al. A candidate gene-based association study of tocopherol content and
composition in rapeseed ( Brassica napus ). Front Plant Sci. 2012; 3. doi:
10.3389/fpls.2012.00129.
10.
Richards A, Wijesundera C, Salisbury P. Genotype and growing
environment effects on the tocopherols and fatty acids of Brassica napus and
B. juncea. J Am Oil Chem Soc. 2008; 85(2): 159-68. doi: 10.1007/s11746007-1181-y.
11.
Amar S, Becker HC, Möllers C. Genetic variation and Genotype ×
Environment interactions of phytosterol content in three doubled haploid
populations of winter rapeseed. Crop Sci. 2008; 48(3): 1000-6. PubMed
PMID: 212640652.
12.
Vlahakis C, Hazebroek J. Phytosterol accumulation in canola,
sunflower, and soybean oils: Effects of genetics, planting location, and

114

temperature. J Am Oil Chem Soc. 2000; 77(1): 49-53. doi: 10.1007/s11746000-0008-6.
13.
Hamama AA, Bhardwaj HL, Starner DE. Genotype and growing
location effects on phytosterols in canola oil. J Am Oil Chem Soc. 2003;
80(11): 1121-6.
14.
Theodoridou K, Zhang X, Vail S, Yu P. Magnitude differences in
bioactive compounds, chemical functional groups, fatty acid profiles,
nutrient degradation and digestion, molecular structure, and metabolic
characteristics of protein in newly developed yellow-seeded and blackseeded canola lines. J Agric Food Chem. 2015; 63(22): 5476-84. doi:
10.1021/acs.jafc.5b01577.
15.
Yang M, Zheng C, Zhou Q, Huang F, Liu C, Wang H. Minor
components and oxidative stability of cold-pressed oil from rapeseed
cultivars in China. J Food Compos Anal. 2013; 29(1): 1-9. doi:
http://dx.doi.org/10.1016/j.jfca.2012.08.009.
16.
Ziegler JU, Wahl S, Würschum T, Longin CFH, Carle R,
Schweiggert RM. Lutein and lutein esters in whole grain flours made from
75 genotypes of 5 triticum species grown at multiple sites. J Agric Food
Chem. 2015; 63(20): 5061-71. doi: 10.1021/acs.jafc.5b01477.
17.
Ibrahim KE, Juvik JA. Feasibility for improving phytonutrient
content in vegetable crops using conventional breeding strategies: case
study with carotenoids and tocopherols in sweet corn and broccoli. J Agric
Food Chem. 2009; 57(11): 4636-44. doi: 10.1021/jf900260d.
18.
Flakelar CL, Howitt JA, Prenzler PD, Doran G, Coombes N, Luckett
DJ. A multiphase experiment for the analysis of bioactive compounds in
canola oil: Sources of error from field and laboratory. Chemometr Intell
Lab. 2017; 162: 55-64. doi:
http://dx.doi.org/10.1016/j.chemolab.2017.01.003.
19.
Flakelar CL, Prenzler PD, Luckett DJ, Howitt JA, Doran G. A rapid
method for the simultaneous quantification of the major tocopherols,
carotenoids, free and esterified sterols in canola (Brassica napus) oil using
normal phase liquid chromatography. Food Chem. 2017; 214: 147-55.
20.
Rstudio. Rstudio: Integrated development environment for R
Version 0.98.507 ed. Boston, MA: 2012.
21.
Wickham H. ggplot2: elegant graphics for data analysis. New York:
Springer; 2009.
22.
Sarkar D. Lattice: Multiphase data visualisation with R. New York:
Springer; 2008.
23.
Wickham H. dplyr: A grammar of data manipulation. New York:
Springer; 2015.
24.
Marie Laure Delignette-Muller, Christophe Dutang. fitdistrplus: An
R Package for Fitting Distributions. 2015.
25.
Butler D. asreml: asreml fits the linear mixed model. UK: 2009.
26.
Revelle W. psych: Procedures for Personality and Psychological
Research. 1.6.6 ed. Evanston, Illinois, USA: Northwestern University;
2016.
27.
Codex Committee on Fats and Oils. Codex standard for named
vegetable oils. Canola Oil. Malaysia: Codex Alimentarius; 2011. p. 1-16.
28.
6]\GáRZVND-Czerniak A. Rapeseed and its products—sources of
bioactive compounds: A review of their characteristics and analysis. Crit
Rev Food Sci Nutr. 2013; 53(4): 307-30. doi:
10.1080/10408398.2010.529959.

115

29.
Ortiz D, Rocheford T, Ferruzzi MG. Influence of temperature and
humidity on the stability of carotenoids in biofortified maize (Zea mays L.)
genotypes during controlled postharvest storage. J Agric Food Chem. 2016;
64(13): 2727-36. doi: 10.1021/acs.jafc.5b05698.
30.
Gladine C, Meunier N, Blot A, Bruchet L, Pagès X, Gaud M, et al.
Preservation of micronutrients during rapeseed oil refining: A tool to
optimize the health value of edible vegetable oils? Rationale and design of
the Optim'Oils randomized clinical trial. Contemp Clin Trials. 2011; 32(2):
233-9.
31.
Verleyen T, Forcades M, Verhe R, Dewettinck K, Huyghebaert A,
Greyt W. Analysis of free and esterified sterols in vegetable oils. J Am Oil
Chem Soc. 2002; 79(2): 117-22. doi: 10.1007/s11746-002-0444-3.
32.
Li Y, Hussain N, Zhang L, Chen X, Ali E, Jiang L. Correlations
between tocopherol and fatty acid components in germplasm collections of
Brassica oilseeds. J Agric Food Chem. 2012; 61(1): 34-40. doi:
10.1021/jf3042837.
33.
Goffman FD, Möllers C. Changes in Tocopherol and
Plastochromanol-8 Contents in Seeds and Oil of Oilseed Rape (Brassica
napus L.) during Storage As Influenced by Temperature and Air Oxygen. J
Agri Food Chem. 2000; 48(5): 1605-9.
34.
Marwede V, Schierholt A, Möllers C, Becker HC. Genotype×
environment interactions and heritability of tocopherol contents in canola.
Crop Sci. 2004; 44(3): 728-31.
35.
DellaPenna D, Pogson BJ. Vitamin synthesis in plants: tocopherols
and carotenoids. Annu Rev Plant Biol. 2006; 57(1): 711-38. doi:
doi:10.1146/annurev.arplant.56.032604.144301. PubMed PMID: 16669779.
36.
Abidi SL. Chromatographic analysis of plant sterols in foods and
vegetable oils. J Chrom A. 2001; 935(1-2): 173-201. doi: 10.1016/S00219673(01)00946-3.
37.
Teh L, Möllers C. Genetic variation and inheritance of phytosterol
and oil content in a doubled haploid population derived from the winter
oilseed rape Sansibar × Oase cross. Theor Appl Genet. 2016; 129(1): 18199. doi: 10.1007/s00122-015-2621-y.
38.
Cowling WA. Genetic diversity in Australian canola and
implications for crop breeding for changing future environments. Field Crop
Res. 2007; 104(1): 103-11.

Supporting information description
The supporting information includes a complete set of data divided into
genotype and site (S1 Table). Tables S2-S4 identify those genotypes
presenting high concentrations of tocopherols, carotenoids and phytosterols,
respectively.
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Supporting Table Captions:
S1 Table. Mean concentrations for all traits, relative to genotype and
environment. Those genotypes exhibiting high concentrations for several
traits are shaded (full rows). The highest individual concentrations for each
bioactive (top 10 %) are also highlighted (individual numbers). Units for all
traits in mg/kg oil.
S2 Table. Eleven genotypes with the highest tocopherol concentrations at
the two field sites (Environment) in 2013 used to produce canola seed for oil
analysis.
S3 Table. Eight genotypes with the highest carotenoid concentrations at the
two field sites (Environments) in 2013 used to produce canola seed for oil
analysis.
S4 Table. Six genotypes with the highest sterol content from two sites
(Environment) in 2013.
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S1 Table. Mean concentrations for all traits, relative to genotype and environment. Those genotypes exhibiting high concentrations for several traits
are shaded (full rows). The highest individual concentrations for each bioactive (top 10 %) are also highlighted (individual numbers). Units for all traits
in mg/kg oil.
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α-tocopherol

α-tocopherol

γ-tocopherol

γ-tocopherol

γ-tocopherol

γ-tocopherol

α-tocopherol

α-tocopherol

Abundant
homologue
α-tocopherol

S2 Table. Eleven genotypes with the highest tocopherol concentrations at the two field sites (Environment) in 2013 used to produce canola seed for oil
analysis.
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Wagga
Westmere
Wagga
Westmere
Wagga
Westmere
Wagga
Westmere
Wagga
Westmere
Wagga
Westmere
Wagga
Westmere
Wagga
Westmere

ATR525

ZY008

WA050046

ROY98329

ROY98328

ROY98327

ROY97073

GHOBI-SARON-C1-501

Environment

Genotype
133.9
101.7
126.1
87.1
165.0
113.0
164.1
107.7
99.1
138.4
120.0
141.7
126.9
121.0
158.3
171.7

(mg/kg oil)

(mg/kg oil)
7.0
4.1
15.5
14.9
21.9
13.8
14.6
14.5
10.9
21.7
7.9
16.5
9.3
15.8
8.6
25.0

lutein

β-carotene
141
106
142
102
187
127
179
122
110
160
128
158
136
137
167
197

(mg/kg oil)

total carotenoids

β-carotene, lutein

lutein

lutein

β-carotene, lutein

β-carotene, lutein

β-carotene, lutein

β-carotene

lutein

homologue

Abundant

S3 Table. Eight genotypes with the highest carotenoid concentrations at the two field sites (Environments) in 2013 used to produce canola seed for oil
analysis.

127

SARDI-618TT

SARDI-519TT

RT008-04M03

RSO94-67-98-18-DH

1820
1491

Westmere

1716

Westmere

Wagga

1863

1363

Westmere

Wagga

1733

1471

Westmere

Wagga

1807

1612

Westmere

Wagga

1917

Wagga

1493

Westmere

NS04377

1696

Wagga

CB-ARGYLE

β-sitosterol
(mg/kg oil)

Environment

Genotype

915

866

1185

1080

1265

1579

1328

1312

1189

1165

1091

1143

campesterol
(mg/kg oil)

414

540

378

459

185

171

169

261

319

432

344

339

brassicasterol
(mg/kg oil)

2188

2399

2195

2300

1632

2019

2080

2238

2048

2313

1998

2145

β-sitosterol
ester
(mg/kg oil)

2135

1966

2325

2048

2371

2843

2855

2827

2474

2370

2445

2462

campesterol
ester
(mg/kg oil)

S4 Table. Six genotypes with the highest sterol content from two sites (Environment) in 2013.

440

473

371

362

268

170

225

245

353

336

332

288

brassicasterol
ester
(mg/kg oil)

7584

8064

8170

8112

7084

8515

8129

8690

7996

8533

7703

8073

Total
sterols
(mg/kg oil)

β-sitosterol,
brassicasterol

β-sitosterol

campesterol

β-sitosterol, campesterol

β-sitosterol, campesterol

campesterol

Abundant homologue

CHAPTER FOUR
Effects of seed and oil processing on phytosterol,
tocopherol and carotenoidFRQFHQWUDWLRQV in canola oil

The previous chapter showed that there were significant effects of location
and/or genotype on phytosterols, tocopherols and carotenoids in Brassica
napus species, providing an indication that there was potential to breed new
varieties of canola that possess higher concentrations of bioactives.
However, knowledge is also required as to the fate of these compounds
during the production stages of the oil including seed storage, oil processing
and oil storage. The remaining experiments were designed to assess these
stages, and offer new knowledge surrounding the conditions that may best
preserve bioactives in canola seed and oil.
Chapter Four describes a study conducted to examine the behaviour of
phytosterols, tocopherols and carotenoids during commercial processing.
Samples were collected from five commercial processing plants within
Australia utilising different processing techniques, and examined using the
method described in Paper 1. This is the first instance that reports the effects
of a number of different processing techniques on bioactives in canola oil,
that allow for a better understanding of the fate of bioactives through the
various stages of oil production and in different processes.7KHformatting
and rHIHUHQFHVW\OHXVHGLQWKLVFKDSWHULVWKHIRUPDWXVHGE\WKHWDUJHWHG
MRXUQDO
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Paper 4: Effects of processing on bioactive
compounds in Australian grown and processed canola
(Brassica napus) seed and oil
Flakelar, C. L., Prenzler, P.D., Doran, G., Luckett, D.J., & Howitt, J.A.
(2017). Effects of commercial processing on bioactive concentrations in
Brassica napus (canola) oil. To be submitted.
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Abstract
Brassica napus (canola) seed and oil samples were collected from five
commercial processing plants, which use different handling and processing
methods. Samples were provided from the major stages for each process.
Analysis of phytosterols, tocopherols, carotenoids indicated seed pretreatment practices enhanced bioactive concentrations in the crude oil
extract, illustrating the importance of their inclusion in seed processing. Oil
samples obtained from the second press in a two stage cold pressing method
were found to have greatly enhanced concentrations of tocopherols, sterols
and carotenoids (+122%, +140% and +217%, respectively), warranting
further investigation to utilise the procedure for bioactive enrichment.
Chemical refining was observed to cause greater loss than physical refining
on free and total sterols, while esterified sterols were largely unaffected, and
in some cases, their concentrations increased. Deodorisation was found to
cause the most severe degradation of phytosterols and tocopherols, while
bleaching degraded carotenoids to below detectable limits. Overall, high
concentrations of phytosterols and tocopherols remained in the end-product
oil across all processes, and degradation was substantially less than
previously reported. Although degraded, carotenoids may be retained with
less invasive bleaching and deodorization stages. Only minor modifications
to current processing methods may be required to achieve high retention of
all three classes of bioactives, and thus present opportunities for marketing,
by offering nutritional advantages over other edible oil commodities.
Keywords
Brassica napus; tocopherols; phytosterols; carotenoids; bioactive
enhancement
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1. Introduction
Since its introduction in the late 1960s, Brassica napus (canola) production
has escalated from 10 million tonnes to over 50 million tonnes worldwide
annually [1]. Currently, world-wide consumption of canola oil is ranked the
third-highest of the edible oils, behind only soybean and palm oil. Canola is
a particularly important commodity crop for Australia, as it is the largest
locally produced oilseed crop. Approximately 60 % of the canola seed
produced within Australia is currently exported [2, 3], with the remainder
processed at local commercial plants. In a similar vein to other vegetable
oils, the world market for edible canola oil, has been driven largely by yield
and extended shelf life (through prolonging oxidative stability), since these
factors have been the largest dictators of profit. More recently, oil quality
and composition have emerged as potential market drivers, due to
decreasing consumer demands for extended shelf life, and increasing
preference toward natural, health-beneficial food products [4].
Canola contains a desirable fatty acid composition, in particular high levels
of mono- and poly-unsaturated fatty acids, low levels (< 7 %) of saturated
fatty acids, and a desirable omega-3: omega-6 ratio. Additionally, canola oil
contains a number of bioactive compounds that possess important health
beneficial properties, some of which include phytosterols, tocopherols, and
carotenoids. Phytosterols, which is the name given to sterols found in plants,
are most commonly known for their low-density lipoprotein (LDL)
cholesterol lowering properties [5]. Canola oil is rich in phytosterols,
namely ȕ-sitosterol, campesterol and brassicasterol, which exist in equal
proportions as free and esterified forms [6]. Tocopherols exhibit vitamin E
properties, are naturally occurring antioxidants, and not only possess health
beneficial properties, but have also been shown to play an important role in
oil stability [5]. Canola oil contains high concentrations of naturally
occurring Į- and Ȗ- tocopherol, and total tocopherols in canola are higher
than those found in olive, sunflower and palm oils [7]. Carotenoids are
chemically related to Vitamin A and are crucial in the human diet for skin
and eye health, as well as the prevention of other disorders involving
oxidative processes, including several types of cancer and cardiovascular
diseases [8, 9]. ȕ-carotene and lutein are the primary carotenoid compounds
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present in canola oil. ȕ-carotene exhibits antioxidant properties and Vitamin
A activity, while lutein has been shown to aid in the prevention of macular
degeneration, and is present in the eye to actively filter harmful light, and
reduce the amount of light reaching the retina [10].
Conventional seed and oil processing causes considerable physical and
chemical changes in the oil, and substantial decreases in the concentrations
of all three classes of bioactives have been reported [11-13]. Seed pretreatments, which typically involve heating or drying the seeds prior to
extraction, have been shown to have varied effects on the concentrations of
bioactives. Previous studies reported increased degradation of tocopherols
and phytosterols as seed-drying temperature increased, with 71-77 % lost
while drying at 40-60 °C, and > 95 % lost at 120 °C [14, 15]. The work also
reported enhanced tocopherol losses during storage of pre-treated seed, with
10 % lost in the first 6 months, and a further 10 % in the second 6 months.
Microwave pre-treatment of seed has been shown to greatly enhance
bioactives in the oil, and to yield oils with higher nutritional profiles [16].
Similarly, heating or roasting of the seed has been shown to enhance
bioactive concentrations [17, 18].
The two main commercial processing systems used for oil extraction are
solvent extraction and expeller pressing. Both methods involve initial
crushing and pressing of the seed into a cake to release the oil, which is then
either collected as expeller press oil, or further processed using solvent
extraction. Cold-pressing techniques have gained popularity in recent years,
and although they do not achieve the high yields of the solvent or expeller
press methods, their milder processing conditions are more appealing to
consumers than solvent extraction. Two previous studies have compared
bioactive concentrations in canola or rapeseed oil relative to extraction
procedure, using oil produced from China and Canada respectively, with
contradicting results [19, 20].
Refining methods for canola oil typically involve degumming,
neutralisation, bleaching and deodorisation [11]. These processes involve
chemicals (in the case of chemical neutralisation, and bleaching), and steam
distillation performed at high temperatures (deodorisation). Losses of minor
components through degumming are dependent on whether acid, water or a
combination of both (TOP degumming) is used during this stage. A previous
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study reported a 6 % increase in total sterol content in crude soybean oil
following water degumming, and a 1.5 % decrease following acid
degumming [21]. They observed a 6 % loss in total tocopherol levels for
both degumming methods. Another study reported an 11 % loss in total
tocopherols following degumming [22]. Moderate losses of bioactives can
occur during neutralisation. Losses ranging from 3 – 30 % for sterols and 6

– 48 % for tocopherols have been reported [12], consistent with another
study investigating different chemical treatments, which reported losses
ranging from 5 - 27 % for total free sterols and 14 – 30 % for tocopherols
[22]. The type of chemical treatment, concentration, temperature and
duration of treatment during neutralisation have all been identified as
important factors to consider for bioactive retention [22]. Bleaching
removes pigments, including the carotenoids which give the oil a darker,
yellow colour. This stage is responsible for the majority of carotenoid loss
in the oil refining process [13]. Deodorisation is the last stage in refining,
and is considered the most detrimental to bioactive compounds due to the
extreme temperatures applied (200 – 260 °C). Employed to rid the oil of all
remaining unattractive properties, deodorisation also heavily degrades, or
eliminates entirely, all heat-sensitive compounds remaining in the oil [11,
12].
The stages of processing techniques vary greatly amongst plants, often
specifically designed to meet the demands of buyers. For example, 'coldpressed' can now refer to oil that is extracted via cold-pressing before the
application of one or more refining techniques. Given the variety of
commercial methods currently available, and the advances in oil processing
technology in recent years, previous studies in this area are possibly
outdated and do not reflect current procedures. Additionally, previous
studies have been primarily conducted in the US or UK, on canola grown in
the northern hemisphere only. Only one similar study has been published
comparing samples across entire processing chains; however, that study was
conducted 20 years ago, and involved comparing canola, corn and soybean
oils, rather than the different processing methods for a single commodity
[23]. Thus, there has been no study on canola or rapeseed oil comparing
phytosterol, tocopherol or carotenoid concentrations across different
processing regimes. The current study reports phytosterol, tocopherol, and
carotenoid concentrations in canola seed and oil samples from various
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processing stages of five commercial processing lines. Samples were
collected from one solvent-expeller refinery, one expeller-physical
degumming process, an expeller-chemical degumming process, and two
cold pressing plants. The aim of this study was to investigate different
oil production processes and discover how they influence concentrations
of bioactive compounds at different stages of production.

2. Materials and methods
2.1 Chemicals
ȕ-carotene (purity  97 %), Į-tocopherol (purity  96 %), Ȗ-tocopherol
(purity  96 %), į-tocopherol (purity  90 %), ȕ-sitosterol (purity > 85 %),
brassicasterol (purity  98 %), cholesterol (purity > 99 %), tocopherol
acetate (purity > 96 %), and cholesterol oleate (purity > 98 %) standards
were purchased from Sigma-Aldrich (Sydney, Australia). Lutein standard
(purity  95 %) was purchased from Extrasynthese (Genay, France) and
campesterol (purity § 65 %) was purchased from Thermo Fisher Scientific
(Melbourne, Australia). Solvents used for extraction and analysis included
95% HPLC grade n-hexane (Scharlau, Adelaide, Australia) and HPLC
grade ethyl acetate (Sigma-Aldrich, Sydney, Australia).
2.2 Processing plant samples
Seed and oil samples were collected from five Australian processing lines,
and included oils obtained by the following processes: solvent-expeller
extraction with water/acid degumming (TOP degumming) (S), expellerextracted with physical degumming (EP), expeller-extracted with chemical
degumming (EC), cold-pressed with minimal refining (bleaching only) (C),
cold pressed with physical refining (CP). Two batches of seed and oil
samples were obtained from each process, the first in March 2016, and
second in April 2016. The cold pressed with physical refining (CP) was
obtained in April only, due to a scheduled plant shut down.
Samples were taken from the major stages of each process and sampling
was scheduled to ensure the oil sampled at each refining stage corresponded
to the sampled starting seed (i.e. for a process with 6 hour duration, refined
oil was sampled 5 hours after the crude oil sample was taken, and 6 hours
after the starting seed was sampled). After sampling, seed samples were
placed in sealed containers with dessicant sachets to control seed moisture.
Oil samples were placed in sealed vials directly after sampling, wrapped in
135

foil and placed in cool storage (4°C). Samples were then delivered to the
laboratory on ice, no later than 24 hours after sampling, except for the CP
set, which was delivered three days after sampling. Further details of the
samples, relative to each process and the stages within each process, are
presented in Table 1. Seed, crude/press oil, and end-product oil samples
were specified for all plants, and individual consultation with each
processing plant determined the best suite of accompanying samples,
relative to each process. To maintain anonymity and protect in-house
methods, detailed processes for each plant cannot be described.
Samples obtained from Process S and Process C varied somewhat from
those taken at other processes. Process S consisted of more seed crushing
stages, and thus additional seed and meal samples were collected. The
process for the cold-press oil (C) involved a two-stage pressing method
(Table 1). During the process, the first and second press oils are treated
separately, with the first press sold as a premium-class product, and the
second press sold as livestock feed. As such, the results for oil extraction are
discussed separately for these processes (Sections 3.1.1-3.1.3). The
concentrations for bioactives in the starting seed (beginning of Section 3.1),
and refining stages (Section 3.2) are discussed collectively, with all
processes.
2.3 Seed and meal sample preparation
Oil was extracted from canola seed samples in the laboratory using a
method previously described [24]. In brief, 60 g canola seed was ground and
oil extracted through glass funnels (pre-washed with hexane and lined with
cotton wool) with 100 mL hexane (50 mL initially and then 2 x 25 mL at 5
min intervals). The hexane was removed by rotary evaporation at 40 °C to
obtain pure oil.
2.4 Tocopherol, sterol and carotenoid analysis
Tocopherols, sterols and carotenoids were determined using a normal phase
High Performance Liquid Chromatography – Diode Array Detection
coupled to a Mass Spectrometer (HPLC-DAD-MS/MS) method as
previously described [25]. Prior to analysis, oil samples were diluted, 0.25 g
oil in 10 mL n-hexane, filtered, and placed in amber glass autosampler vials
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at 4°C. Tocopherol acetate and cholesterol were used as internal standards
for the DAD and MS, respectively. The main tocopherols, Į-tocopherol and
Ȗ-tocopherol, were measured using two detection techniques (DAD and MS).
However, an interference that appeared in all oil samples after bleaching
obscured the Į-tocopherol peak on the DAD, resulting in it not being
quantifiable in those samples. The interference was suspected to be the
formation of conjugated trienes, based on the peak shape in the UV spectrum
(294 nm) recorded on the DAD. Previous work revealed the Ȗ-tocopherol
response on the DAD was more precise than that of the MS [26]. Thus, the
DAD results were used to quantify Ȗ-tocopherol, and the results from the MS
used to quantify Į-tocopherol.
2.5 Statistical analysis
All samples were analysed in duplicate, and several samples were selected
randomly for duplication of the entire laboratory process. Regression
analysis was used to construct standard curves for the determination of
bioactive concentrations. All statistical analyses were conducted using
RStudio software [27]. One way ANOVA and Duncan’s Multiple Range test
under the agricolae package [28], were used to investigate significant
differences in samples from processes S and C. In previous studies, one way
ANOVA and Duncan’s tests were used to identify significant differences
between oil type or processing stage [18-20]. Since each process in this study
consisted of a different number of stages, and the starting seed material for
each process was different, tests of significance were not able to be
computed to compare processes. To overcome this issue, the concentrations
for each analyte were standardized relative to the starting seed, and plots
were generated for all processes and batches. This allowed us to exclude the
effect of natural seed variation, and provide a visual comparison of the
variations existing within each process.

3. Results and discussion
3.1 Seed pre-treatment and oil extraction effects
Factors such as genotype (variety), location, climatic conditions, availability
of nutrients during development, and post-harvest handling can cause
dramatic changes to the aesthetic and biochemical properties of canola seed,
affecting overall canola seed and oil quality [4, 11]. Concentrations of
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bioactives in the starting seed from this study were found to vary
considerably between batches for all processes (depicted by the error bars
in Fig. 1). In particular, starting concentrations for tocopherols were the
most variable with a range of 68 – 398 mg/kg oil and 263 – 561 mg/kg for
Į-tocopherol and Ȗ-tocopherol respectively, across both batches (Fig. 1B).
This is consistent with a previous study on Australian canola genotypes,
which reported ranges of 163 – 924 mg/kg oil and 76 – 336 mg/kg oil, for Įtocopherol and Ȗ-tocopherol, respectively [29]. The variation observed is
likely due to natural variation in the seed, since wide ranges have been
observed for other bioactives and antioxidants in Brassica napus varieties
from Australia [24], and internationally [30]. In accounting for this natural
variation, the standard deviations (SD) for samples was predicted to be
large, as shown in Fig. 1. Additionally, the presence of natural variation
among seed samples meant that the effect of batch would be too large to
observe any statistically significant differences between the processes, or
stages of processing, unless they were greater than the observed natural
variation. The variations seen may be due to either environmental
conditions during seed growth and development, or the storage time postharvest, prior to oil processing. Both of these factors have been previously
identified as having major influences on seed and oil quality [4].
Bioactive concentrations in the starting seed were found to be generally
lower than the crude oil obtained from processing plants, owing largely to
the use of the minimal heat, ‘straight through’ solvent extraction that was
applied in the laboratory (Fig. 2). This is a standard technique to determine
the percentage of free fatty acids (FFAs) in the oil [2], and it was predicted
that it may additionally preserve the heat-sensitive bioactive compounds in
the oil [9]. However, some studies have demonstrated higher concentrations
of bioactives being leeched from the seed with the application of heat [19,
31]. The results demonstrate this trend, and indicate the seed treatment and
extraction techniques, as applied, have an enhancing effect on phytosterols,
tocopherols and carotenoids.
3.1.1

Process S

Process S was the most complex in terms of the number of stages required
to obtain a crude oil, compared to processes involving expeller and cold
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pressing. As such, untreated seed, pre-treated (heated) seed, flakes (postexpeller extraction), cake (post-solvent extraction), as well as the crude
press oil and blended press-solvent extracted oil samples, were collected
and analysed. The mean concentrations of tocopherols, carotenoids and
phytosterols are reported in Table 2. Concentrations of all bioactives
analysed were highest in the expeller press cake and crude press oil, which
is consistent with the previous reports of bioactive enhancement from the
application of heat to the seed prior to extraction [19, 31]. Statistically
significant results (p < 0.01) were observed for ȕ-carotene, lutein, total
carotenoids, total brassicasterol, and total sterols. Groupings were observed
for samples 1-3, and 4-6, indicating significantly different bioactive
concentrations were observed between the press cake and crude oils, and the
seed and meal samples, confirming these enhancement effects are most
evident at the seed pre-treatment and pressing stages, before solvent
extraction.
Important conclusions can also be made regarding expeller press and
solvent extraction methods, since a combination of both is applied in
Process S. The ‘crude press oil’ was collected after the expeller press, before
the solvent extraction. The ‘crude blended oil’ was obtained after both
processes had been applied. Bioactive concentrations increased steadily
during each phase, reaching the highest concentrations in the crude oil,
indicating a combination of extraction methods (i.e. expeller + solvent) is a
particularly efficient way to enhance bioactive concentration. However, no
significant differences were observed between crude press and crude
blended oil. A previous study on Chinese varieties reported the highest
bioactive concentration in hot-press extracted oil [19], whereas a Canadian
study on reported higher bioactive concentrations in solvent extracted oil
[20]. Since both studies used oil that had been sampled from industrial
processors, and the specifications for each process were not reported, no
conclusions can be made to account for the differences observed between
the studies. Although the apparent contradictory results indicate that further
research may be warranted in order to better define what conditions lead to
improved retention of bioactive compounds. On the other hand, both studies
reported lower concentrations of bioactives in cold-pressed canola oil as
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opposed to solvent and expeller extractions, which is consistent with the
current study.
3.1.2

Process C

The results for Process C presented in Section 3.1 and Section 3.4 include
the results of the first press oil only, since the primary goal of this study is
to compare bioactives across a range of processors who produce endproduct oil for human consumption. Table 3 provides the full results (1st
and 2nd Press) from Process C, averaged across the March and April
batches. The considerable difference in concentrations between the first and
second press oil illustrates favourable conditions for bioactive retention
during the second press process, or the combination of first and second
press procedures. Statistically significant differences (p < 0.01) were
observed for lutein, total carotenoids, ȕ-sitosterol and total sterols. Different
groupings were observed for these analytes relative to first and second press
oils. The concentrations observed for the second press oil were higher than
any other samples analysed in the study, and from any method described in
previous reviews [11, 13, 18]. Increases of 122 % and 140 % were observed
for total tocopherols and sterols, respectively, between stored first and
second press oil. Even more notable was the enhancement of carotenoids,
with a 217 % increase in total carotenoid concentration observed between
the stored first and second press oil. Fig. 3 and Fig. 4 illustrate the relative
change in concentration of each analyte as a percentage of the starting seed
concentration (i.e. starting seed = 100 %), for all stages within each process.
The variation between first and second press oil in process C can be seen
clearly in these plots, since each of the bioactive concentrations increase at
stages 2, 4 and 6, which correspond to seed cake, second press oil from the
expeller press, and second press oil from the storage tank, respectively.
Although such high concentrations were unexpected, some increase was
predicted, since exposure to pressing and heat has been shown to increase
the extractability of bioactives from the seed to oil [17, 18]. However, this
doesn’t explain why concentrations were much higher than those observed
for expeller and solvent extracted crude oils from other plants. The second
press oil is much darker in appearance, and is not marketable for human
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consumption in its natural form. However, opportunities may exist to purify
or blend the second press oil to produce an oil with enhanced health benefit.
3.1.3 Process EC, EP and CP
Seed samples acquired for processes EC, EP and CP did not include those
that had been pretreated (Table 1). However, all three techniques utilised
expeller pressing to extract the oil from the seed. Results illustrate similar
increases in concentrations of carotenoids, tocopherols, and phytosterols
between the starting seed and crude oil for process EC and EP (Fig. 2),
which was expected given they follow the same process prior to the refining
stages. Conversely, only small differences were observed for process CP,
which may be a result of the lower quality and extractability of the seed
(and oil) samples acquired at the processing plant.
3.2 Refining effects
3.2.1

Phytosterols

Phytosterols were quantified as free and esterified sterols, since the method
used is capable of quantifying both forms individually [25]. Esterified
sterols are normally converted to free sterols by chemical hydrolysis and
then reported as total free sterols, but it has been established that important
information is lost using this technique [32]. Free, esterified and total sterol
concentrations determined in this study were in accordance with those
previously reported and typically found in canola oil [5, 6, 11].
Furthermore, vegetable oil refining processes have been found to cause
varied effects on free and bound sterols [21], which was also observed in the
current study. Higher losses were observed for free sterols in comparison to
their sterol ester equivalents (Fig. 3). Slight decreases in free sterols were
observed following the degumming/neutralisation phase in both S and EC
processes; however, concentrations increased slightly through degumming
for the processes, EP and CP (Table 4). Since EC uses chemical
degumming, EP and CP use physical degumming, and S involves a
combination of both, the results indicate chemical refining is more severe on
free sterol concentrations. Physical refining was observed to have a lesser
impact on free sterol concentration, with a slight enhancing effect observed.
A previous study discovered similar trends in soybean oil, with slight losses
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to free sterol content following chemical refining, but increases following
physical refining [21]. The same study observed little change to
concentrations for sterol esters during both processes, which is similar to the
trends observed in the current study (Table 5 and Fig. 3). The changes in
bioactive concentrations observed during physical and chemical refining of
canola oil have not been directly compared previously. However this is
possible, since this study included physical and chemically refined samples
from several different processes, and it appears that phytosterols are retained
to a higher degree during physical refining than in chemical refining. A
prominent spike was observed for phytosterol esters at stage 4 of process S
(Fig. 3D-F). This stage corresponds to the seed cake and may have been
caused by the introduction of solvent to the process from seed flakes to seed
cake. It is surprising these results spike to the extent that they are
comparable to the 2nd press oil in process C, and then drop back down in
samples 5 and 6 (press oil and crude oil).
Concentrations and changes in percentages of total ȕ-sitosterol, campesterol,
brassicasterol, and total combined sterols are presented in Table 6. For the
majority of processes, the largest overall losses to phytosterols were
observed during the deodorisation stage, which is consistent with previous
studies [11, 21]. The bleaching step in the CP process caused all sterols to
degrade, and was the largest contributor to sterol loss for that process. The
range for total sterol variation through processing stages varied quite
considerably relative to the process used, with a 13.6 % decrease in total
sterols though the entire CP processing method, yet only a 1.8 % decrease
from the EC process. Furthermore, process C which involved only
bleaching, showed gains for all phytosterols, with an 8.6 % increase to total
phytosterol concentration following bleaching. Overall, phytosterol loss was
minor across all processes, and considerably lower than losses previously
reported [11, 13]. This may be a result of recent improvements to refining
processes, which have progressed considerably in the past decade. The
results indicate small, inexpensive modifications to existing methods rather
than seeking new procedures, may lead to enhanced bioactive
concentrations in end-product oil.
3.2.2

Tocopherols
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Average Į-tocopherol, Ȗ-tocopherol and total tocopherol concentrations, and
the percentage loss/gain for each relative to crude oil, are shown in Table 7.
Only small variations to total tocopherol concentrations were observed
during refining, with accumulated deviations throughout each process
being: -1.6, +0.7, +0.1, -8.9 and -13.1 % for S, EC, EP, C and CP,
respectively. After investigating individual tocopherols, greater increases
were observed for Į-tocopherol than Ȗ-tocopherol. However, the trends
observed, are more pronounced in Batch 1 (Fig. 4C and 4D). Similar
increases to Į-tocopherol during palm refining have been observed
previously, and were suggested to be due to the regeneration of esterified
tocopherol forms from the bleaching clay [33]. Deodorisation caused the
largest losses to tocopherols, which is consistent with previous studies [22,
23]. However, the total losses across each process in the study were
considerably smaller than those previously reported, and in some cases,
tocopherol concentration increased slightly. The smaller losses observed
may be due to reduced temperatures or shorter treatment times than those
applied in the past. Primarily, the enhancements seen occurred during
degumming/neutralisation or bleaching; however, changes in concentrations
between these processes were very small, and may simply be due to natural
variations in the oil.
3.2.3 Carotenoids
Carotenoid concentrations are reduced with the chlorophyll compounds, by
adsorbent clays during the bleaching stage and by the high deodorisation
temperatures, and are thus often overlooked by researchers and industry.
However, these compounds are present in crude canola oil in concentrations
sufficient to provide potential health benefits to consumers [24], and
investigation into their behaviour through seed handling and processing is
warranted. As shown in Table 8, the majority of the processing methods
resulted in gains to ȕ-carotene and losses to lutein during degumming,
except for the cold-pressing procedure, CP, in which opposite trends were
observed. While this may be an effect associated with cold-pressing, process
C did not involve a degumming stage and could not be used to further
evaluate the trend observed for the CP process. Carotenoid concentrations
dropped below detectable limits following bleaching in all processes
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involving refining. However, results also indicated considerable
enhancement to the oil during some processing stages, particularly the press
oils (Fig. 4A and 4B). Thus, opportunities including retention, extraction
and re-introduction into end product oil, or extraction and purification into
nutraceuticals, may be considered for value-adding purposes. As indicated
above in sections 3.1 and 3.2, seed pre-treatments and the selection of
appropriate oil extraction method, could greatly enhance carotenoid
concentration in canola oil. Recent studies have also discovered a symbiotic
relationship between ȕ-carotene and lutein in Brassica napus varieties [24,
30], indicating the potential to breed new varieties, high in both carotenoids
by potentially elevating only one trait. Should these findings be utilised and
applied to develop or enhance carotenoid concentrations in seeds,
processors may benefit further from the adoption of modified procedures.
Overall, high retention was observed for tocopherols and phytosterols across
all processes. Previous reports indicate earlier industry targets varied
between countries, with the US targeting phytosterol enhancement, and the
UK targeting tocopherol enhancement [13]. If the status quo remains, our
results indicate that processing occurring within Australia maintains high
concentrations of both classes of bioactives. Furthermore, carotenoid
concentrations from all oil extraction processes are sufficient for associated
health benefit, and certain pre-treatments and pressing were found to result
in considerable carotenoid enhancement. Although current refining largely
eliminates carotenoids from the oil, mechanisms for their retention exist,
providing greater health benefits, should consumers accept an oil darker in
colour.
4.

Conclusions

Results indicate high retention of tocopherols and sterols was achieved for
all processes. These findings suggest that as industrial processing methods
have improved, so too have their capability for retention of these bioactive
compounds. Large concentration ranges of bioactives in starting seed, and
those in the second press oil from Process C, indicate that seed origin and
variety, and the process used to treat the seed and extract oil, may have
profound effects on these bioactives, and further studies to investigate these
factors are warranted. This study has also shown the potential for carotenoid
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enhancement in canola oils. This could be achieved through selective
breeding of varieties high in carotenoids, the potential for this being shown
in the wide ranges of carotenoids found in seed in this study, and in the high
degree of genetics as found previously [24]. Certain processing stages can
lead to enhanced concentrations of carotenoids, as demonstrated in the
second press oil from Process C. Together, the results from this study point
toward the potential of producing a canola oil with higher levels of
tocopherols, sterols and carotenoids, than are typically found in most
commercial oils. Given current trends in consumer preference for foods
with additional health benefits, canola oil may be considered as a candidate
for this market. However, further research is required to investigate how
these oils may perform in commercial and domestic applications.
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Figure Captions
Fig. 1 Concentrations of carotenoids (A), tocopherols (B), free sterols (C),
and esterified sterols (D) in canola seeds from each process. Each bar
represents the average of March and April (Batches 1 and 2, total n = 4),
error bars represent standard deviation between the batches. Note: error bars
are very small for process CP, since only the April batch was acquired (i.e.
n = 2).
Fig. 2 Concentrations of total carotenoids (A), total tocopherols (B), and
total sterols (C) in laboratory extracted oil from un-processed seed,
laboratory extracted oil from pre-processed seed and crude oil from each
process. Each bar represents the average of March and April (Batch 1 and 2,
total n = 4), error bars represent standard error about the mean. Note: preprocessed samples were not obtained or analysed for the processes EC, EP
and CP.
Fig. 3 Changes to free and esterified ȕ-sitosterol (A and D, respectively),
free and esterified campesterol (B and E, respectively) and free and
esterified brassicasterol (C and F, respectively) concentration between
processes, relative to process stage and sample batch. Each concentration
has been standardised using the concentration of each analyte in the starting
seed (starting seed = 100 %). Common legend for all plots is illustrated on
Panel F.
Fig. 4 Changes to ȕ-carotene (A), lutein (B), Į-tocopherol (C), and Ȗtocopherol (D) concentration between processes, relative to process stage
and sample batch. Each concentration has been standardised using the
concentration of each analyte in the starting seed (starting seed = 100 %).
Common legend for all plots is illustrated on panel D.
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1 = starting seed, 2 = crude oil, 3 = neutralised/degummed oil, 4 =
bleached oil, 5 = deodorised oil, 6 = storage tank oil

1 = starting seed, 2 = crude oil, 3 = neutralised/degummed oil, 4 =
bleached oil, 5 = deodorised oil, 6 = storage tank oil

Expeller – chemical degumming (EC)

Expeller – physical degumming (EP)

Cold pressed – physical degumming
(CP)

Cold pressed – minimal refining (C)

1 = starting seed, 2 = pre-treated seed, 3 = seed flakes, 4 = seed cake,
5 = press oil, 6 = crude oil, 7 = neutralised/degummed oil, 8 =
bleached oil, 9 = deodorised oil

Solvent-expeller oil (S)

1 = starting seed, 2 = crude oil 1, 3 = crude oil 2, 4 = crude oil 3, 5 =
crude oil 4, 6 = neutralized/degummed oil, 7 = bleached oil, 8 =
deodorized oil

1 = starting seed, 2 = seed cake, 3 = press oil (1st press), 4 = press oil
(2nd press), 5 = 1st press oil from storage tank, 6 = 2nd press oil from
storage tank, 7 = bleached oil (no other refining)

Stage number and description

Process name

Table 1. Stage number and description of stage sampled within each process.

Tables
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27.2b
±3.21

28.2b
±3.67

32.2b
±3.78

34.4b
±4.12

44.6a
±6.12

46.1a
±11.1

β-carotene

3.48b
±0.49

3.70b
±0.65

3.60b
±0.40

5.80a
±0.51

3.90ab
±0.50

4.93a
±0.46

Preconditioned seed

Flakes

Expeller press cake

Crude press oil

Crude blended oil

Total
carotenoids

51.0a
±11.5

48.5a
±6.60

40.2ab
±3.62

35.8b
±3.58

31.9b
±3.24

30.7b
±2.94

α-tocopherol
268a
±173

246a
±156

291a
±156

198a
±127

210a
±104

161a
±133

γ-tocopherol
481a
±178)

466a
±149

441a
±145

409a
±146

401a
±140

397a
±123

Total
tocopherols
749a
±356

712a
±309

737a
±308

606a
±278

611a
±248

558a
±261

Total βsitosterol
4130a
±726

3750a
±617

4410a
±801

3310a
±758

3130a
±981

3310a
±918

2730a
±375

2610a
±414

2860a
±497

2350a
±376

2190a
±136

2270a
±221

Total
campesterol
784a
±69.0

721ab
±65.2

842a
±82.1

644b
±56.0

632b
±111

655b
±72.4

7640a
±420

7080ab
±268

8110a
±386

6310b
±438

5950b
±956

6240b
±769

Averages and standard deviation were calculated using the average concentration across the two batches, accounting for analysis variation and month variation. δ-tocopherol was
omitted from the table, since concentrations were below detection limits. Different superscript letters in each column refer to significant differences between samples (p < 0.01) using
Duncan’s test.

lutein

Seed

Total
brassicasterol

Table 2. Average bioactive concentrations in seed, meal and crude oil samples obtained from process S (mg/kg oil ± standard deviation).

Total sterols
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28.8d
±4.68

60.0b
±1.11

39.9c
±13.3

84.5a
±2.96

38.8cd
±0.61

87.9a
±4.46

β-carotene

13.3a
±5.91

8.40b
±4.05

14.5a
±7.94

8.70b
±4.94

15.2a
±6.67

<DL

Seed

Seed cake

Crude 1st Press

Crude 2nd
Press

Storage tank 1st Press

Storage tank 2nd Press

Premium 1st
Press Bleached

Total
carotenoids

<DL

103a
±11.1

47.5c
±4.33

99.0a
±10.9

48.3c
±9.23

73.3b
±4.80

36.1c
±8.85

α-tocopherol
197a
±120

316a
±120

230a
±107

311a
±119

244a
±93.0

294a
±78.2

206a
±78.3

γ-tocopherol
406a
±134

453a
±123

402a
±135

447a
±151

417a
±119

426a
±107

382a
±100

Total
tocopherols
603a
±233

770a
±243

632a
±242

758a
±270

662a
±211

720a
±185

588a
±179

Total βsitosterol
3400b
±672

5010a
±733

3420b
±727

4760a
±571

3550b
±242

4790a
±251

3330b
±378

2370a
±343

3190a
±765

2400a
±396

3050a
±765

2510a
±725

3030a
±963

2360a
±659

Total
campesterol
688a
±117

897a
±126

683a
±139

843a
±123

683a
±59.1

848a
±19.5

661a
±40.1

6460b
±445

9100a
±93.5

6500b
±469

8660a
±71.3

6740b
±424

8670a
±693

6350b
±241

Note: Averages and standard deviation were calculated using the average concentration between the two batches, accounting for analysis variation and month variation. Different
superscript letters in each column refer to significant differences between samples (p < 0.01) using Duncan’s Multiple Range test. <DL = “less than detection limit”.

<DL

Lutein

7.30b
±4.17

Total
brassicastero

Table 3. Average concentrations of bioactives for stages during Process C (mg/kg oil ± standard deviation).
Total sterols
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1830
(-5.2)

±527

1760
(-3.8)

±585

1640 (5.7)

±379

1600
(-2.4)

±427

-10.6

±510

±488

-16.7

1930
(-2.0)

1740
(-9.4)

1970

1920

±269

±331

±508

±367

1780

1590

-12.0

±476

1840
(-13.6)

±546

2130
(+0.5)

±405

2120
(+1.4)

±446

2090

±315

1720

EP

-7.7

-

±421

1550
(-7.7)

-

±323

1680

±275

1580

C

-30.0

N/A

987
(-16.4)

N/A

1180
(-19.2)

N/A

1460
(+3.5)

N/A

1410

N/A

1380

CP

-17.6

±39.6

857
(-1.9)

±68.9

874
(-3.7)

±50.8

908
(-12.7)

±124

1040

±51.8

856

S

-11.1

±7.18

861
(-3.6)

-16.1

±63.2

873
(-16.1)

±101

1040 (1.0)

893
(-4.7)
±44.7

±167

1050
(+1.0)

±154

1040

±141

872

EP

±50.7

937
(-3.2)

±157

968

±92.0

864

EC

Campesterol

-9.4

-

±28.5

861
(-9.4)

-

±135

961

±172

890

C

-37.6

N/A

587
(-37.6)

N/A

719
(-22.9)

N/A

932
(-1.0)

N/A

941

N/A

901

CP

-19.0

±67.3

384
(-2.3)

±55.1

393
(-7.5)

±70.6

425
(-10.3)

±58.1

474

±47.2

393

S

-15.5

±112

436
(-7.0)

±87.0

469
(-4.1)

±85.4

489
(-5.2)

±36.7

516

±34.0

479

EC

Brassicasterol

-14.9

±84.8

467
(-11.4)

±70.6

527
(-3.7)

±50.7

547
(-0.4)

±63.7

549

±35.8

458

EP

-1.2

-

±89.8

415
(-1.2)

-

±72.2

420

±36.2

391

C

-35.7

N/A

243
(-20.0)

N/A

304
(-28.0)

N/A

422
(+11.6)

N/A

378

N/A

352

CP

S = solvent, EC = Expeller extracted – chemical refining, EP = Expeller extracted – Physical refining, C = Cold-pressed – Bleaching only, CP = Cold pressed – physical refining.
<DL = below detection limit. (–) = not part of this process. N/A = “not available”.

Total loss/gain (%)

Deodorised

Bleached

Degummed
/Neutralised

Crude oil

Starting Seed
(cleaned only)

EC

S

β-sitosterol

Table 4. Average concentration of free sterols in canola seed and oil samples (mg/kg oil ± standard deviation). Cumulative percentage gain/loss relative to previous process is
represented in brackets under concentrations for refining methods. Total loss/gain is reported in bottom row and represents the total loss or gain of respective analyte from crude oil
to the last stage of refining. Only those stages common to all processes are reported here, full results are supplied in the supporting information.
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2430
(+0.4)

±246

2440
(+0.4)

±468

2290
(+0.9)

±409

2280
(-0.4)

±362

+7.5

±242

±432

+3.2

2420
(+6.6)

2270
(+2.7)

2270

2210

±136

±244

±410

±359

1930

1720

EC

+4.2

±387

2490
(+0.4)

±353

2480
(+0.8)

±241

2460
(+2.9)

±342

2390

±254

1950

EP

-1.1

-

±250

1850
(-1.1)

-

±80.6

1870

±103

1740

C

-1.0

N/A

1870
(+3.9)

N/A

1800
(-0.6)

N/A

1810
(-4.2)

N/A

1890

N/A

1680

CP

+3.6

±273

1750
(0.0)

±269

1750
(+2.9)

±218

1700
(+0.6)

±251

1690

±169

1420

S

+3.7

±187

1700
(+1.8)

±292

1670
(-1.8)

±360

1700
(+3.7)

±430

1640

±198

1380

EC

+1.8

±304

1720
(0.0)

±329

1720
(+0.6)

±409

1710
(+1.2)

±357

1690

±323

1450

EP

Campesterol

-2.4

-

±314

1510
(-2.4)

-

±590

1550

±487

1468

C

-2.2

N/A

1790
(+3.5)

N/A

1730
(+1.2)

N/A

1710
(-6.6)

N/A

1830

N/A

1582

CP

+6.8

±17.9

331
(+0.9)

±21.8

328
(+4.5)

±19.6

314
(+1.3)

±10.6

310

±24.3

261

S

+7.0

±31.3

353
(+2.0)

±13.0

346
(+1.8)

±0.84

340
(+3.0)

±18.0

330

±15.7

311

EC

+5.0

±11.2

357
(+1.1)

±1.15

353
(+3.8)

±7.40

340
(0.0)

±0.37

340

±2.30

302

EP

Brassicasterol

+4.2

-

±26.7

274
(+4.2)

-

±13.1

263

±3.90

270

C

+14.9

N/A

347
(+7.8)

N/A

322
(+8.8)

N/A

296
(-2.0)

N/A

302

N/A

239

CP

S = solvent, EC = Expeller extracted – chemical refining, EP = Expeller extracted – Physical refining, C = Cold-pressed – Bleaching only, CP = Cold pressed – physical refining.
<DL = below detection limit. (–) = not part of this process. N/A = “not available”.

Total

Deodorised

Bleached

Degummed/
Neutralised

Crude oil

Starting
Seed
(cleaned

S

β-sitosterol

Table 5. Concentration of esterified sterols in canola seed and oil samples (mg/kg oil ± standard deviation). Cumulative percentage gain/loss relative to previous process is
represented in brackets under concentrations for refining methods. Total loss/gain is reported in bottom row and represents the total loss or gain of respective analyte from crude oil
to the last stage of refining. Only those stages common to all processes are reported here, full results are supplied in the supporting information.
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4260
(-2.1)

±773

4200
(-1.4)

±1050

3930
(-0.3)

±788

3870
(-1.5)

±788

-0.9

±751

±812

-6.3

4350
(+2.6)

±405

±725

3940
(-4.6)

4240

±575

±918

4130

3710

3310

EC

-2.3

±1020

4210
(+1.0)

±1090

4170
(-5.2)

±896

4400
(+2.1)

±1030

4310

±768

3530

EP

-4.2

-

±672

3400
(-4.2)

-

±242

3550

±378

3330

C

-13.3

N/A

2860
(-4.0)

N/A

2980
(-9.0)

N/A

3274
(-0.8)

N/A

3300

N/A

3060

CP

-4.4

±313

2610
(-0.8)

±338

2630
(+0.8)

±269

2610
(-4.4)

±375

2730

±221

2270

S

-1.5

±195

2560
(0.0)

±336

2560
(-2.7)

±410

2630
(+1.2)

±587

2600

±290

2240

EC

-5.0

±194

2470
(-6.1)

±244

2630
(+0.4)

±383

2620
(+0.8)

±322

2600

±303

2210

EP

Campesterol

-5.4

-

±343

2370
(-5.4)

-

±725

2510

±659

2360

C

-14.1

N/A

2380
(-2.9)

N/A

2450
(-7.3)

N/A

2644
(-4.5)

N/A

2770

N/A

2480

CP

-8.8

±85.1

715
(-0.8)

±76.9

721
(-2.4)

±90.2

739
(-5.7)

±68.6

784

±71.5

655

S

-6.7

±144

789
(-3.2)

±74.0

815
(-1.7)

±86.3

829
(-2.0)

±18.6

846

±18.3

790

EC

-7.1

±142

790
(-7.1)

±120

850
(0.0)

±95.0

850
(0.0)

±115

850

±78.3

730

EP

Brassicasterol

+1.0

-

±116

690
(+1.0)

-

±59.1

680

±40.1

660

C

-13.2

N/A

590
(-5.8)

-5.8

±561

7200
(-1.1)

±527

7280
(0.0)

626
(12.8)
N/A

±634

7280
(-4.7)

±419

7640

±956

6240

S

N/A

718
(+5.6)

N/A

680

N/A

591

CP

-1.8

±1000

7550
(-1.2)

±511

7640
(-2.2)

±427

7810
(+1.6)

±163

7690

±303

6740

EC

Total sterols

-4.1

±1040

7440
(-6.0)

±1020

7910
(+0.5)

±608

7870
(+1.4)

±819

7760

±543

6470

EP

+8.6

-

±445

6460
(+8.6)

-

±424

6740

±241

6350

C

-13.6

N/A

5830
(-3.6)

N/A

6050
(-8.9)

N/A

6640
(-1.6)

N/A

6750

N/A

6130

CP

S = solvent, EC = Expeller extracted – chemical refining, EP = Expeller extracted – Physical refining, C = Cold-pressed – Bleaching only, CP = Cold pressed – physical refining.
<DL = below detection limit. (–) = not part of this process. N/A = “not available”.

Total
loss/gain (%)

Deodorised

Bleached

Degummed/
Neutralised

Crude oil

Starting Seed

S

β-sitosterol

Table 6. Concentration of total individual sterols (free + esterified) and total combined sterols (mg/kg oil ± standard deviation). Cumulative percentage gain/loss relative to previous process is
represented in brackets under concentrations for refining methods. Total loss/gain is reported in bottom row and represents the total loss or gain of respective analyte from crude oil to the last stage of
refining. Only those stages common to all processes are reported here, full results are supplied in the supporting information.
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-14.8

±143

±182

-8.1

311
(-15.3)

±138

±184

246
(-5.7)

367
(-4.9)

±156

±193

261
(+ 3.6)

386
(+5.8)

±88.0

±173

252
(-6.0)

365

±114

±132

268

318

161

EC

+1.1

±187

357
(-12.1)

±210

406
(+10.6)

±152

367
(+4.0)

±180

353

±140

282

EP

-19.6

-

±98.3

197
(-19.6)

-

±93.0

245

±78.3

206

C

-34.6

N/A

85
(-30.9)

N/A

123
(+53.8)

N/A

80
(-38.5)

N/A

130

N/A

119

CP

+1.9

±158

490
(-1.2)

±164

496
(+4.6)

±170

474
(-1.5)

±178

481

±123

397

S

+11.6

±189

521
(-1.7)

±191

530
(+1.7)

±185

521
(+11.6)

±117

467

±138

463

EC

γ-tocopherol

-7.3

±172

492
(-7.7)

±183

533
(-0.2)

±198

534
(+0.6)

±187

531

±139

438

EP

-2.6

-

±134

406
(-2.6)

-

±119

417

±100

382

C

-6.7

N/A

263
(-10.2)

N/A

293
(+6.2)

N/A

276
(-2.1)

N/A

282

N/A

263

CP

-1.8

±345

736
(-2.8)

±358

757
(+4.3)

±368

726
(-3.1)

±356

749

±261

558

S

0.0

±332

840
(-7.6)

±328

909
(-1.1)

±341

919
(+9.4)

±205

840

±252

787

EC

Total tocopherols

-4.5

±360

853
(-10.2)

±393

950
(+4.4)

±351

910
(+1.9)

±367

893

±278

725

EP

-8.9

-

±233

604
(-8.9)

-

±211

663

±179

591

C

-15.5

N/A

348
(-16.4)

N/A

416
(+16.9)

N/A

356
(-13.6)

N/A

412

N/A

382

CP

S = solvent, EC = Expeller extracted – chemical refining, EP = Expeller extracted – Physical refining, C = Cold-pressed – Bleaching only, CP = Cold pressed – physical refining. <DL = below detection limit. (–) = not part of
this process. N/A = “not available”.

Total loss/gain (%)

Deodorised

Bleached

Degummed/
Neutralised

Crude oil

Starting Seed
(cleaned only)

S

α-tocopherol

Table 7. Individual and total tocopherol concentration in canola seed and oil samples (mg/kg oil ± standard deviation). Cumulative percentage gain/loss relative to previous process
is represented in brackets under concentrations for refining methods. Total loss/gain is reported in bottom row and represents the total loss or gain of respective analyte from crude
oil to the last stage of refining. Only those stages common to all processes are reported here, full results are supplied in the supporting information.
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6.2
(+18.1)

1.74

5.11
(+3.7)

0.53

<DL

<DL

<DL

0.57

5.14
(+2.2)

0.66

5.03

0.77

3.1

EP

-

<DL

-

4.05

8.36

4.17

7.27

C

<DL

<DL

N/A

4.41
(-4.5)

N/A

4.62

N/A

4.63

CP

<DL

<DL

4.37

29.6
(-35.8)

13.2

46.1

2.70

27.2

S

Lutein

<DL

<DL

5.71

34.0
(-30.5)

24.6

48.9

4.95

27.1

EC

<DL

<DL

13.4

39.8
(-21.5)

15.9

50.7

3.64

27.1

EP

-

<DL

-

13.3

40

4.68

28.8

C

<DL

<DL

N/A

36.0
(+7.8)

N/A

33.4

N/A

37.4

CP

<DL

<DL

4.91

34.7
(-32.0)

13.8

51.0

2.10

30.7

S

<DL

<DL

7.46

40.2
(-25.7)

27.3

54.1

5.71

30.3

EC

Total carotenoids

<DL

<DL

13.9

44.9
(-19.4)

16.5

55.7

4.41

30.2

EP

-

<DL

-

9.23

48.3

8.85

36.1

C

<DL

<DL

N/A

40.4
(+6.3)

N/A

38

N/A

42

CP

S = solvent, EC = Expeller extracted – chemical refining, EP = Expeller extracted – Physical refining, C = Cold-pressed – Bleaching only, CP = Cold pressed – physical refining.
<DL = below detection limit. - = process not used. (–) = not part of this process. N/A = “not available”.

<DL

2.69

0.55

Deodorised

5.25

4.93

<DL

0.76

0.61

<DL

3.19

3.48

Bleached

Degummed

Crude oil

Starting Seed

EC

S

β-carotene

Table 8. Concentration of β-carotene, lutein and total carotenoids in canola seed and oil samples. Percentage gain/loss relative to previous process is represented in brackets under
concentrations for refining methods. In the case of carotenoids, concentrations fell below detection limits and thus approximately 100 % loss was observed for all refining processes.
Only those stages common to all processes are reported here, full results are supplied in the supporting information.

Figures

Fig. 1 Concentrations of carotenoids (A), tocopherols (B), free sterols (C)
and esterified sterols (D) in canola seeds from each process. Each bar
represents the average of March and April (Batches 1 and 2), error bars
represent standard deviation between the batches. Error bars are absent for
process CP, since only the April batch was acquired.

Fig. 2 Concentrations of total carotenoids (A), total tocopherols (B) and
total sterols (C) and in laboratory extracted oil from un-processed seed,
laboratory extracted oil from pre-processed seed and crude oil from each
process. Each bar represents the average of March and April (Batch 1 and
2), error bars represent standard error about the mean. Note pre-processed
samples were not obtained or analysed for the processes EC, EP and CP.
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Fig. 3 Changes to free and esterified β-sitosterol (A and D, respectively),
free and esterified campesterol (B and E, respectively) and free and
esterified brassicasterol (C and F, respectively) concentration between
processes, relative to process stage and sample batch. Each concentration
has been standardized using the concentration of each analyte in the
starting seed (starting seed = 100 %). Common legend for all plots is
illustrated on Panel F.
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Fig. 4 Changes to β-carotene (A), lutein (B), α-tocopherol (C), and γ-tocopherol (D) concentration between processes, relative to process stage and
sample batch. Each concentration has been standardized using the concentration of each analyte in the starting seed (starting seed = 100 %). Common
legend for all plots is illustrated on panel D.

Supplementary material

Figure S1. Process routes with stages detailed and samples obtained from each process (depicted by numbers in bold).
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Table S1. Stage number and description of stage sampled within each process.
Process name
Solvent-expeller oil (S)

Stage number and description
1 = starting seed, 2 = pre-treated seed, 3 = seed flakes, 4 = seed cake, 5 = press oil, 6
= crude oil, 7 = neutralised/degummed oil, 8 = bleached oil, 9 = deodorised oil

Expeller – chemical refining (EC)

1 = starting seed, 2 = Crude oil, 3 = neutralised/degummed oil, 4 = bleached oil, 5 =
deodorised oil, 6 = storage tank oil

Expeller – physical refining (EP)

1 = starting seed, 2 = crude oil, 3 = neutralised/degummed oil, 4 = bleached oil, 5 =
deodorised oil, 6 = storage tank oil

Cold pressed – minimal refining (C)

1 = starting seed, 2 = seed cake, 3 = press oil (1st press), 4 = press oil (2nd press), 5 =
1st press oil from storage tank, 6 = 2nd press oil from storage tank, 7 = bleached oil
(no other refining)

Cold pressed – physical refining (CP)

1 = starting seed, 2 = crude oil 1, 3 = crude oil 2, 4 = crude oil 3, 5 = crude oil 4, 6 =
neutralized/degummed oil, 7 = bleached oil, 8 = deodorized oil
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CHAPTER FIVE
Effects of storage temperature and durationRQ
SK\WRVWHUROWRFRSKHURODQGFDURWHQRLGFRQFHQWUDWLRQV
LQFDQRODVHHGDQGRLO
Thus far, this thesis presents the potential for bioactive enhancement in
Brassica napus through breeding as explored in Chapter 3, and through seed
and oil processing as explored in Chapter 4. Having studied both of these
aspects, there remains the question of what effects do seed storage before
processing, and oil storage proceeding processing, have on these bioactives?
Given the limited literature available on the behaviour of phytosterols,
tocopherols and carotenoids through typical storage durations, as identified
in Chapter 1, Section 8.3, a study was designed to assess the effects of
storage on phytosterols, tocopherols and carotenoids in both canola seed and
extracted oil. Seed storage capacity has increased with the increased
production of canola, warranting storage experiments to assess longer
storage periods (i.e. 3 – 12 months). Similarly, oil storage has increased both
commercially and in household use, through larger storage tanks and larger
volumes available from supermarkets. Thus, rather than selecting conditions
to accelerate degradation, temperatures were selected to represent common
storage conditions, or those that could be easily applied to a commercial
environment. This study was designed to provide an indication of the
degradation of these bioactives over time, and present new knowledge
regarding the behaviour of these compounds during storage. 7KHformatting
and UHIHUHQFHVW\OHXVHGLQWKLVFKDSWHULVWKHIRUPDWXVHGE\WKHWDUJHWHG
MRXUQDO
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Paper 5: Effects of storageWHPSHUDWXUHDQG
GXUDWLRQ on bioactive concentrations in the seed
and oil of Brassica napus (canola)
Flakelar, C. L., Doran, G., Howitt, J.A., Luckett, D.J., & Prenzler, P.D
(2017). Effects of storage on bioactive concentrations in the seed and oil of
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7HFKQRORJ\ (Under review).
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ABSTRACT
The effects of storage temperature and duration on phytosterol, tocopherol
and carotenoid concentrations were assessed in canola seed and oil,
extracted using two different techniques, over a 10 month period. Increases
to oxidation indices (K232, K270, and ΔK) were observed in the solvent
extracted oils, and the seed stored at 40 °C, and are indicative of the
formation of primary and secondary oxidation products. Only small
decreases in the concentrations of γ-tocopherol and β-carotene were
observed across the 10 month period. Phytosterol concentration decreased
over time, with similar degradation rates observed in both seed and oils. αtocopherol and lutein were well preserved up to 7 months in all samples,
despite oil oxidation, and further research will be needed to identify the
cause for retention of bioactives. The results indicate that in order to
preserve phytosterols, tocopherols and carotenoids in seed stored in bulk for
extended periods, storage temperatures should remain below 40°C.
Moreover, oil stored at 4°C or -18°C, resulted in high bioactive
concentrations and slowed the onset of oil oxidation, compared to oil stored
at room temperature.
Practical applications: Industrial storage conditions have been shown to
greatly influence the chemical processes that occur with canola seed and oil.
However, the effects of typical storage conditions on phytosterols,
tocopherols and carotenoids in seed and extracted oil, are not yet known.
This study presents the effects of typical seed and oil storage conditions on
phytosterol, tocopherol and carotenoid concentrations, whilst monitoring
oxidation indices and FFA, and provides information to seed handlers and
oil processors on storage conditions that may preserve these
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bioactives. Moreover, the different behaviours of bioactives are examined
relative to the oil extraction technique used, and present opportunities to
optimise oil extraction techniques. The high retention of bioactives observed
in this study warrants further investigation into the enhancement of
bioactive concentrations in the seed, and preservation during commercial oil
processing, to achieve bioactive enhancement in edible canola oil.
1

INTRODUCTION

Canola oil (Brassica napus) is a valuable dietary fat source and in its crude
form, also contains several classes of fat-soluble, bioactive compounds [1].
Phytosterols, tocopherols and carotenoids are three classes of bioactives that
exist in crude canola oil in sufficient concentrations to offer an array of
potential health benefits, including assisting in the prevention of oxidative
diseases such as cardiovascular disease and cancer, exhibiting antioxidant
capability, and promoting skin and eye health [1]. Interest in the promotion
of bioactive compounds in vegetable oils has increased, likely as a result of
emerging consumer trends for health-beneficial food sources. However,
many factors during canola seed development, production, and storage
contribute to losses of these bioactives, and investigations are required
before determining if retention or enhancement is feasible [2].
Several recent reviews identify some of these factors, and the challenges
associated with producing seed and oil of high quality, which include seed
and oil storage [3-5]. Previous studies have investigated the effects of: short
term storage and excessive heating [6], and temperature and high moisture
content [7], on phytosterol composition. Tocopherol composition during
seed storage has been investigated relative to temperature and moisture
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extremes [8,9], and in oil, relative to temperature and oxygen exposure [10].
Similarly, increases in oxidative stability and the subsequent losses in
tocopherols were observed in rapeseed stored in varied conditions over 24
months, with the greatest losses occurring at higher storage temperatures
[11]. Most studies employed extreme conditions to accelerate the oil
oxidation process, however, they do not represent the typical storage
conditions that are used. Commercial seed storage capacity and the time in
which the seed is stored has increased, largely in response to the
considerable rise in the global production and demand for canola [12,13].
Thus, new information is required to investigate the effects of current
storage periods on the quality parameters of the seed, and the optimal
storage conditions for bioactive retention.
Optimal oil storage conditions require different storage considerations to
that of the seed. Canola oil is only held by the manufacturer in tanks for a
short period of time prior to packaging, after which, oil is stored in drums,
or smaller cans, glass, or plastic bottles for retail sale. Once purchased, the
packaging is opened, and exposure to air will initiate oxidation of certain
compounds within the oil [14]. While conventional oil processing rids the
oil of components most susceptible to oxidation, many cold-pressed and
niche oils emerging on the market may not be subjected to these techniques.
Thus, research into typical storage conditions and their oxidative effects on
minimally processed oil is required. Previous studies have monitored levels
of oxidation in canola oil with reference to: storage environment [11,14,15],
oil additives [16,17], and modifications to handling and processing [18-20].
However, many of these studies involving canola seed and oil have been
conducted using initial and final parameter measurements taken over very
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short (< 4 weeks), or very long storage periods (18 – 24 months). More
detailed observations, across intermediate time periods similar to that used
in industrial and commercial settings, is required [3].
This study was designed to investigate changes in bioactive concentrations
in canola seed and crude oil, stored at commonly-experienced temperatures,
for a period of 10 months. Seed parameters such as oxidation indices and
free fatty acid (FFA) percentage were monitored to progressively assess
seed and oil quality, and to allow comparisons with the measured bioactive
concentrations.
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2

EXPERIMENTAL

2.1 Chemicals
Solvents used for extraction and analysis included 95% HPLC grade nhexane (Scharlau, Gillman, Australia), and HPLC grade ethyl acetate
(Sigma-Aldrich, Castle Hill, Australia).
β-carotene (purity ≥ 97 %), α-tocopherol (purity ≥ 96 %), γ-tocopherol
(purity ≥ 96 %), δ-tocopherol (purity ≥ 90 %), β-sitosterol (purity > 85 %),
brassicasterol (purity ≥ 98 %), cholesterol (purity > 99 %), and cholesterol
oleate (purity > 99 %) standards were purchased from Sigma-Aldrich
(Castle Hill, Australia). Lutein standard (purity ≥ 95 %) was purchased from
Extrasynthese (Genay, France), and campesterol (purity ≈ 65 %) was
purchased from Thermo Fisher Scientific (Scoresby, Australia).
2.2 Samples
Seed from the Australian commercial canola variety, Stingray, was used for
the study. A large sample was collected on-farm directly after being
harvested, from the centre of the paddock in a section with no apparent
adverse growing conditions (i.e. improper drainage, salinity etc). The
sample was homogenised in the lab, impurities removed via a sieve, and an
initial seed assessment made using the canola standard as described by the
Australian Oilseeds Federation [21]. The seed was then placed into
containers in the respective treatment conditions (Table 1). Moisture was
kept to a minimum during the study since seed with moisture levels above 8
% are rejected by seed processors [21], due to the risk of spontaneous
combustion with silo storage of seed with high moisture, and also seed
spoilage [4,9,13]. To achieve this, dessicant sachets were used in all seed
samples throughout storage, and the seed moisture tested at the time of each
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analysis. The oil storage samples were extracted, and then transferred to
closed containers. Both seed and oil samples were stored in the dark to limit
photo-oxidation [22], and to preserve the light-sensitive carotenoids [23,24].
Table 1 lists the quality parameters measured at each time, for each of the
respective sample conditions.
Table 1. Sample details including storage temperature, extraction technique
used, and analyses conducted. Note all samples were analysed at T = 0, 28,
56, 84, 112, 154, 196, 238 and 280 days.
Commodity
stored

Seed

Oil

Oil

Storage
temperature
(°C)

Extraction
technique
(method 1A
or 2B)

Quality parameters monitoredC

-18

1

Seed moisture, seed protein, seed oil,
A232nm, A270nm, ΔK, FFA, tocopherols,
carotenoids, sterols

4

1

Seed moisture, seed protein, seed oil,
A232nm, A270nm, ΔK, FFA, tocopherols,
carotenoids, sterols

21

1

Seed moisture, seed protein, seed oil,
A232nm, A270nm, ΔK, FFA, tocopherols,
carotenoids, sterols

40

1

Seed moisture, seed protein, seed oil,
A232nm, A270nm, ΔK, FFA, tocopherols,
carotenoids, sterols

-18

1

A232nm, A270nm, ΔK, FFA, tocopherols,
carotenoids, sterols

4

1

A232nm, A270nm, ΔK, FFA, tocopherols,
carotenoids, sterols

21

1

A232nm, A270nm, ΔK, FFA, tocopherols,
carotenoids, sterols

-18

2

A232nm, A270nm, ΔK, tocopherols,
carotenoids, sterols

4

2

A232nm, A270nm, ΔK, tocopherols,
carotenoids, sterols

21

2

A232nm, A270nm, ΔK, tocopherols,
carotenoids, sterols

A

Solvent extraction, minimal heat and pressure, BHand-press, with heat applied to press
shaft, CA232nm and A270nm are UV absorption wavelengths characteristic of oil oxidation
products, where ΔK = A270nm – ((A266nm + A274)/2), FFA = Free Fatty Acid.
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2.3 Storage conditions
Australian canola is harvested at the beginning of summer, and the seed is
routinely stored over the duration of summer and beginning of autumn.
Storage temperatures of 40 °C and 21 °C were used to replicate the typical
maximum temperatures for summer and autumn for the Southern New
South Wales region [25]. Low temperature incubations were performed at 4
°C and –18°C, to represent any low temperature effects, and to represent a
control that would minimise degradation. Subsamples were taken at 28
days, 56 days, 84 days, 112 days, 154 days, 196 days, 238 days and 280
days, and extracted at each time using the solvent extraction procedure, as
described below.
To monitor the effects of oil storage, oil was initially extracted using two
different extraction techniques, a solvent extraction technique, and a handoperated seed expeller press, which are typical commercial extraction
processes [2]. The extracted oil was decanted to remove any sediment,
placed in sealed glass containers with equal headspace, and stored at three
temperatures: –18 °C, 4 °C and 21 °C, given that these temperatures are
commonly available in domestic and commercial situations (Table 1).
2.4 Solvent extraction of oil from canola seed
Oil was extracted from canola seed using a method previously described
[26]. In brief, 60 g of canola seed was ground and oil extracted through
glass funnels (pre-washed with hexane and lined with cotton wool) with 100
mL hexane (50 mL initially and then 2 × 25 mL at 5 min intervals). The
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hexane was removed using rotary evaporator at 40°C, placed in foil-wrapped
vials and stored in the dark, at the respective temperatures.
2.5 Extraction using seed press
Oil was extracted from seed using a bench scale seed press, which involved
applying heat to the crank shaft. Seed (100 g) was pressed into oil, and
placed into foil wrapped vials for initial analysis, and subsequent storage.
2.6 Whole seed quality parameters
Seed quality was determined initially using the canola standard as outlined
in the Australian Oilseeds Federation (AOF) Trading Standard [21], with the
moisture, protein and oil content analysed using a FOSS NIR Infratec 1241
grain analyser. Following the initial analysis, seed moisture, protein and oil
content were re-analysed every 4 weeks for each seed storage condition (T =
–18, 4, 21 and 40 °C).
2.7 Oil stability and quality parameters
Free fatty acid (FFA) content was measured using the standard method AOF
4-2.19 [21]. In brief, 7 g oil was weighed and 50 mL neutralised isopropanol
added, before titrating against sodium hydroxide. FFA content was only
measured in seed and solvent extracted oil samples, since there was not
enough expeller press oil for analysis.
Ultraviolet absorbance expressed as specific UV extinction constants, K270,
K232 and ΔK for vegetable and animal fats were calculated as specified in
the International Organisation for Standardization, ISO3656 [27]. K values
are typically used to monitor oxidation in extra virgin olive oil [28], but
have also been used in studies on rapeseed oil [19]. Since the oil samples in
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the current study were derived from solvent extraction and pressing, and
were subjected to no additional treatment, K values were considered a more
suitable test, rather than those tests used for refined canola oil samples.
2.8 Sterol, tocopherol and carotenoid analysis
Prior to analysis, oil samples were prepared (0.25 g oil made to 10 mL
volume with n-hexane), filtered into amber autosampler vials to minimise
light intrusion. Sterols, tocopherols and carotenoids were analysed using
a normal phase HPLC DAD-MS/MS method as previously described
[29].
2.9 Data analysis
The results for bioactive compounds are presented for T = 28, 56, 84, 112,
154, 238, and 280 days (T = 196 days was excluded due to instrument
failure during analysis). The HPLC and spectrophotometric analyses for
specific UV extinction constants were conducted in duplicate for all
samples. Means and standard deviations for all values were computed in
Microsoft Excel. Further ANOVA and Tukey’s test, were performed in R
Studio [30] to discern whether any statistically significant differences
existed between sample means for bioactives, relative to storage
temperature and time of storage. Correlations between the traits, and
associated probability values were calculated using all data (from the
analyses on the seed only) in the R stats [30] and psych [31] packages, and
plotting was performed using ggplot [32] and lattice [33] in R, and
Microsoft Excel.
3

RESULTS AND DISCUSSION

3.1 Whole seed quality parameters
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Initial measurements indicated that the starting seed was of good quality,
with a test weight of 68 kilograms per hectolitre (kg/hL), screenings of 0.7
% ± 0.1, no green seeds, no visual defects, weed seeds or contaminants,
although a slightly low oil content of 40.3 % ± 0.5, as per the canola seed
quality standards [21]. The changes in seed moisture, protein and oil content
for seeds stored across the 280 day period are shown in Figure 1. Seed
moisture remained reasonably stable over time, except for decreases
observed for the seed stored at 40 °C. Protein and oil content were
standardised relative to 6 % moisture content in oil [34], and only slight
increases in protein were observed for seeds stored at 21 °C and 40 °C. Oil
content remained relatively stable for all temperatures, over the duration of
the study. Little change to both oil and protein content in intact seeds is
expected, if storage conditions are satisfactory, as reported previously
[3,35].
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Figure 1. Trends in seed moisture (A), protein (B) and oil (C) content (as a
percentage of whole seed, protein and oil content standardised to 6 %
moisture in oil) for seed samples over the storage period when held at one of
four different temperatures. Error bars represent standard deviation of the
mean (n = 3).
3.2 FFA and K232, K270, ΔK analyses
The FFA content for both seed and oil remained relatively stable over the 10
month period (Figure 2) at most storage temperatures. The exceptions were
seed stored at 40 °C, and oil stored at 21 °C, where FFA rose to 1.01 % and
0.70 % respectively, toward the end of the storage period. The current limits
for FFA content in Australian canola seed and crude degummed oil (no
crude oil level specified), are 2.5 %, and 1 %, respectively [21]. Thus, the
FFA percentage for both seed and oil, as observed in this experiment,
remained well within the acceptable industry limits.
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Figure 2. Percentage of FFA in seed and solvent extracted oil samples.
(Note: No error bars as FFA was conducted once only, given the amount of
oil required for analysis.)

A previous study [3] on seed storage showed that FFA in seed stored at 30
°C were higher than those in seed stored at 20 °C and 25 °C over a 9 month
period. The study concluded that the initial quality of the seed, rather than
the storage temperature, had the biggest impact on FFA accumulation, and
further, that higher moisture levels had a more detrimental effect than
temperature [3]. Another study reported that FFA percentage remained
acceptably low in canola seed stored for 12 months at 25°C, provided
moisture content remained below 8.5 % [36]. The results from the current
study are consistent with these previous reports, and it can be concluded that
the accumulation of FFA will remain within acceptable limits for a 10
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month period, provided seed moisture, oil exposure to light, and exposure to
temperature extremes, are kept to a minimum.
Minor changes to primary and secondary oxidation products (K232nm, K270nm,
ΔK) were observed in seeds stored at –18 °C, 4 °C and 21 °C (Figure 3),
however, increases to all K values were observed for the seed stored at 40
°C (Figure 3A, D and G). Figure 3A shows an initial increase in K232 as
primary oxidation products formed, before a steady state plateau was
reached, where the rate of formation of primary oxidation products was
equal to the rate at which they were converted to secondary oxidation
products (K270). Figure 3B shows an increase in K270 after Day 84 due to
the formation of secondary oxidation products, after an initial lag period.
These trends are consistent with reported oil oxidation pathways [14].
Although it is widely accepted that storage can greatly affect the
physiological and chemical processes occurring within the seed [12], there
have been few published studies that monitor the rate of oxidation within
intact canola seeds across storage periods typical of industrial storage.
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Figure 3. K232, K270, and ΔK absorbance for seed (A, D, G), solvent-extracted oil (B, E, H), and expeller-press oil (C, F, I). Error bars represent
standard deviation of the mean (n = 3).

The generation of oxidation products was more pronounced in the oils than
the seed samples. This is likely due to the protective environment in intact
seeds, which limits the amount of oxygen exposure. Once extracted
however, the oil is exposed to oxygen, increasing the rate of generation of
primary and secondary oxidation products [2,3] as shown in Figure 3.
The generation of oxidation products was particularly evident for the
solvent extracted oils (Figure 3B, E and H), in comparison to the expeller
pressed oils (Figure 3C, F and I). Figure 3B, shows that in solvent
extracted oil, primary oxidation products form very quickly, reaching a
plateau at 112 days (at 21°C). By way of contrast, primary oxidation
products are not evident in expeller pressed oil (Figure 3C) until after 150
days (21°C). For secondary oxidation products, differences between solvent
extracted (Figure 3E) and expeller pressed (Figure 3F) oils, are also
evident. Figure 3E shows a large increase in secondary oxidation products
after an induction period (up to about Day 84), while Figure 3F, shows no
statistically significant change in amounts of secondary oxidation products,
for the entire duration of the trial. For solvent extracted oils, time was not
statistically significant, however temperature was shown to be statistically
significant (p < 0.01) in affecting K values. Furthermore, statistically
significant differences (p < 0.01) were observed for the ΔK values between
the solvent and expeller pressed oils, indicating a considerable difference in
the oxidative degradation between the two extraction techniques.
Previous studies have shown oxidative stability of vegetable oils having a
strong dependence on temperature [22,37], however few studies have been
conducted on crude canola oil. Reuss, et al. [3] conducted UV spectral
analyses (400-700 nm) on solvent extracted oil after 9 months of seed
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storage at 20, 25 and 30 °C. They concluded that complex chemical
interactions were occurring during storage, and there was an effect of
storage temperature and humidity (6, 7, and 8 %), which was consistent
with the current study. However, they were not able to identify the
interactions occurring, and no analyses monitoring oxidative degradation
were performed. Other studies have illustrated the use of heat and pressing
caused the leeching of higher concentrations of natural antioxidants (e.g.
tocopherols, polyphenols) into the oil, thus improving the stability of the oil
[19,38,39]. Since the expeller press technique used in the current study
involves the application of heat, this may have impacted on the extraction of
antioxidants into the oil, and is a possible reason for the increased stability
observed for the expeller pressed oil. This is discussed in more detail in
Section 3.3. The results indicate the type of extraction technique will greatly
affect the progression of oil oxidation over a longer storage period, up to
280 days. Further studies to compare the effects of extraction techniques on
the stability of stored oil are warranted, particularly given the variety of
extraction techniques that are now commercially available.
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3.3 Bioactive compounds
Phytosterols
Statistically significant differences (p < 0.05) were observed for total
phytosterol concentrations between solvent and expeller pressed oils, with
starting concentrations of 9770 mg/kg oil in the solvent extracted oil, and
10520 mg/kg oil in the expeller press oil. Gradual decreases in phytosterol
concentrations were observed across the entire storage time period, for both
stored seed and oil (Figure 4). However, these differences did not result in
differences in behaviour of the phytosterols during storage. Average losses
ranged between 35.6 % - 37.6 % for the seed and solvent extracted oil, and
34.4 % for the expeller press oil over the 10 month storage period.
Statistically significant differences were observed across the time of storage
(p < 0.01), with significant groupings observed between 0 days, and 154,
238 and 280 days (i.e. 0, 28, 56, 84, and 111 days were not statistically
different from one another). No statistically significant results were
observed for individual or total phytosterol concentrations as a function of
temperature, indicating that there is no effect of temperature, and that the
average rate of loss seems to be independent of environment (Figures 4
and 5). It also appears to be independent of whether the phytosterols are
stored in seed form or oil form, since average losses were similar for all
conditions. This is difficult to explain, since no published study (as far as
the authors are aware), have compared the phytosterol degradation rates for
both canola seed and oil at similar storage temperatures or duration to the
current study. However, a study conducted by Gawrysiak-Witulska, et al.
[7] monitored changes in canola seed stored at 25 °C and 30 °C for 18 days,
at moisture levels of 10 %, 12.5 % and 15 %. They observed losses of 11 %
for total phytosterols in seed stored at 25 °C, and 13 % for the seed stored at
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30 °C (both with 10% moisture). The authors concluded individual and total
phytosterol losses were greatest at higher moisture levels, and at higher
temperatures. Another study reported no detrimental effect to phytosterols
in commercially available vegetable oils when heated at 50 °C over several
weeks [6]. Pure canola oil wasn’t used in the previous study, and although
several oils and margarines were analysed, none reflected a similar
composition to canola oil. These findings suggest the rate of phytosterol
degradation may be tied to oil composition.
In comparison to free phytosterols (Figure 4), the esterified phytosterols
exhibited a reduced level of degradation (Figure 5). The effects of storage
on individual free and bound phytosterols, from intact seed and oil of
Brassica napus, have not been reported previously, as far as the authors are
aware. The results of the current study indicate degradation of both free and
bound phytosterols in canola seed and oil over the storage time, and a timely
turn around for seed and oil processing is best for phytosterol preservation.
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Figure 4. Time series plots for free sterol concentration. β-sitosterol, campesterol and brassicasterol are reported for whole seed (A, D, G), solvent
extracted oil (B, E, H), and hand press extracted oil (C, F, I). Error bars represent standard deviation of the mean (n = 3).
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Figure 5. Time series plots for esterified sterol concentration. β-sitosterol, campesterol and brassicasterol are reported for whole seed (A, D, G),
solvent extracted oil (B, E, H), and hand press extracted oil (C, F, I). Error bars represent standard deviation of the mean (n = 3).

Tocopherols
Tocopherols play an important role as antioxidants, by preventing oxidation
reactions via hydrogen atom donation to peroxyl radicals, producing a
tocopheroxyl radical [40,41]. Therefore as the tocopherols are oxidised, they
yield more stable radicals, and protect the oil from rancidity. In this study,
seed tocopherol levels remained relatively consistent, decreasing only
slightly over time for all temperatures (Figure 6). Significant differences in
storage time were observed for both α-tocopherol and γ-tocopherol in the
stored seed, however no statistically significant relationships were found for
storage temperature at p < 0.01 significance level, except for the αtocopherol in the solvent extracted oil. A previous study observed minimal
changes to tocopherol concentrations in seed stored in closed flasks at 4, 20
and 40 °C over 24 weeks [10], similar to those observed in the current study.

Figure 6. Time series plots for α-tocopherol and γ-tocopherol
concentrations as measured using DAD. Whole seed (A, D), solvent
extracted oil (B, E), and hand press extracted oil (C, F) are reported. Error
bars represent standard deviation of the mean (n = 3).
Statistically significant relationships (p < 0.01) between α-tocopherol and
storage temperature were observed for the solvent extracted oils, (Figure 6).
The highest tocopherol degradation rate over 280 days (77.6 %) was
observed for the solvent extracted oil stored at 21 °C (Figure 6B, E), which
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is consistent with the typical behaviour of oil once released from the seed.
By contrast, concentrations of total tocopherols in solvent extracted oils
stored at –18 °C and 4 °C only decreased by 42.1 % and 43.5 %,
respectively. Loss of tocopherols at 21 °C is accompanied by oil oxidation
as shown through increases in K values over time (Figure 3B, E, H).
Minimal degradation of total tocopherol content in solvent extracted oil
stored at 5, 20 and 40 °C for 168 days, has been reported previously [10].
Comparing the 20 °C temperature from the previous study and the 21 °C as
monitored here, a much larger degradation was observed in the current
study. However, given the shorter duration of the previous study, the rates
of degradation observed in the current study are similar to those of the
previous study.
In comparison to the solvent extracted oils, tocopherol concentrations in the
expeller pressed oils remained more stable over time, with little variation
observed across all temperatures. This is consistent with the K values
(Figure 3C, F, I), which showed little change with time or temperature.
However, K232 did increase towards the end of storage at 21 °C (Figure
3C), without a detectable change in tocopherol concentration (Figure 6C,
F), indicating formation of some primary oxidation products, without the
protective effect of tocopherols being evident. In contrast to the solvent
extracted oil, no statistically significant relationships were observed
between tocopherol concentration and storage temperature for the press oil.
Highly significant differences (p < 0.01) were observed between the
concentrations of α-, γ- and total tocopherols in the expeller pressed oil
compared to the solvent extracted oil, indicating that the techniques were
substantially different in leeching these bioactives into the oil. The expeller
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press technique allowed for a larger accumulation of tocopherols in the
starting oil, and an enhanced stability of tocopherol concentration across the
10 month storage period.
The stability of tocopherols in expeller pressed oil stored at 21 °C, together
with the much reduced levels of oxidation, compared to solvent extract oils,
suggest that other compounds may be present in the expeller press oils that
offer enhanced protection against oxidation during storage. One possibility
is 2,6-dimethoxy-4-vinyl phenol (DMVP), or canolol as it is more
commonly known, which has been reported to be greatly enhanced by
heating or roasting canola seeds prior to oil extraction [42], or in those oil
extraction techniques that involve heat [43-46]. The antioxidant activity of
canolol is widely recognised [47], and has been established previously via
observations of negative correlations between canolol content and oxidation
levels [46]. In our study (with longer storage times at 21 °C), it is quite
possible that the difference in tocopherol degradation rates between the
solvent and expeller extracted oils, is due to canolol, since the seeds were
exposed to the heat of the crank, both before and while they were pressed. If
this is the case, the results presented here are consistent with the previous
studies, and suggest that canolol may provide not only enhanced oil
stability, but also preserve other bioactives compounds, such as tocopherols.
Carotenoids
Starting concentrations for β-carotene were similar in each of the oils, with
4.98 mg/kg oil for the solvent extracted oil, and 5.42 mg/kg oil for the
expeller press oil. Figure 7A-C shows the concentrations of β-carotene as a
function of storage time and temperature in seed, solvent extracted oil, and
expeller pressed oil, respectively. Statistically significant differences were
observed across the time of storage (p < 0.01), with significant groupings
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observed between 0 days, and 111, 154, 238, and 280 days (i.e. 0, 28, 56 and
84 days were not statistically different from one another). Additionally, a
statistically significant (p < 0.05) effect was observed for storage
temperature after 111 days, for solvent extracted oil (Figure 7B). This may
be contrasted with expeller pressed oil, where no effect of temperature on βcarotene concentration was observed.
Few storage experiments have been conducted on β-carotene concentrations
in canola oil. One study conducted under accelerated temperature conditions
(60 °C), reported the antioxidant activity of β-carotene in canola oil against
both auto- and photo-oxidation [48]. In the current study, the antioxidant
effect of β-carotene is not particularly evident. Solvent extracted oil is most
susceptible to oxidation (Figure 3B, E, H), and yet β-carotene
concentrations remain constant over the time period. If β-carotene had been
acting as an antioxidant, a delay in the appearance of oxidation products
together with a decrease in β-carotene levels would have been expected.
Since this did not occur, it may be concluded that β-carotene was not acting
as an antioxidant. A second study investigated the levels of β-carotene in
argan oil stored at 5 °C, 25 °C and 40 °C over a two year period [22]. In
mechanically extracted argan oil, there was little degradation of β-carotene,
consistent with the present study. The current study is the first to monitor βcarotene concentration in canola seed and oil through storage, and over a 10
month period little change in β-carotene was observed. This would indicate
that neither seed nor oil storage would be detrimental to β-carotene
concentrations, if oils that had elevated levels of β-carotene were produced.
Different degradative behaviour was observed for lutein, with concentrations
remaining relatively stable during the first 154 days, before falling to barely
detectable levels after 280 days (Figure 7D, E and F) for
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seed and both oils. A stable period followed by a sudden drop, is indicative
of an induction period. The induction period for lutein is approximately the
same for each sample, which tends to indicate that it is independent of the
matrix (seed/oil). Also the induction period does not correspond to any
observed while monitoring other parameters, e.g. K270 in solvent extracted
oil stored at 21 °C (Figure 3E) had an induction period of ~112 days, and αtocopherol in the same sample (Figure 6B) has an induction period of ~56
days. The lack of consistency among induction times suggests that there are
complex processes occurring during oil oxidation, which would require
further studies to fully explain.
Starting concentrations of lutein for each oil were similar, with expeller
pressed (32.8 mg/kg oil), slightly higher than the solvent extracted oil (27.4
mg/kg oil). Only small temperature effects were observed in Figure 7D, E
and F, at the highest temperatures for each sample (40 °C seed, 21 °C oils),
in the interval between Day 84 and Day 280. Lutein levels are consistently
lower at the highest temperature in this interval, however by Day 280, they
return to being approximately zero in all samples, regardless of temperature.
The overall lack of a significant effect of temperature is surprising and not
easily explained. As with the observations for induction periods, above,
further research is required to ascertain the oxidation chemistry of these
systems, particularly at the temperatures chosen.
Similar to β-carotene, there are no studies reported (to our knowledge),
relating to the effects of storage on lutein concentrations in canola seed and
oil. This is likely because bleaching techniques are commonly used in
commercial processing, and result in heavy losses or complete elimination of
these compounds. However, there is scope to consider the retention of this
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class of bioactives for their associated health benefit [49]. Thus, research is
warranted to investigate the potential for adjustments to be made in storage
and processing techniques, to better retain or enhance these compounds.
Further research may also consider that, although β-carotene and lutein are
both classed as carotenoids, they displayed quite different behaviour in
storage. While β-carotene was stable under the storage conditions of this
study, lutein is not, and this puts an upper limit on the length of time seed
or oil can be stored, while still maintaining measurable concentrations of
lutein.
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Figure 7. Time series plots of β-carotene and lutein concentrations are
reported for stored seed (A, D), solvent press oil (B, E) and press oil (C, F).
Error bars represent standard deviation of the mean (n = 3).
4

CONCLUSIONS

As large-scale storage capacity is continuing to increase, seed is being
stored in silos and bunkers for considerably longer periods within Australia.
Furthermore, poor seed storage conditions can result in the production of a
low quality oil. The current study demonstrated that the majority of bioactive
compounds were well preserved for up to 10 months in seed when stored at
or below 21 °C. Oil is more sensitive to storage conditions, with optimal
preservation at 4 °C or lower. Bioactives were preserved well in all
conditions explored in this study, with the exception of seed stored at 40 °C,
and oil stored at 21 °C. Thus, particular attention is required to prevent
prolonged exposure of seed to high temperatures, particularly over the
summer months in Australia.
The expeller hand-pressed oil was found to have higher bioactive
concentrations potentially due to the application of heat during extraction. As
well, the expeller hand-pressed oil showed greater stability during storage,
particularly at 21 °C. The higher levels of bioactives did not appear
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to be correlated to this increased stability, and further work is necessary to
fully understand the effects of oil extraction techniques on these bioactives.
Decreases in concentrations of all bioactives (with the exception of βcarotene) were observed over the storage period. Loss of phytosterols in
both seed and oil samples occurred in a similar fashion regardless of sample
(seed or oil) or storage temperature. Tocopherols were remarkably stable in
all samples over the storage period at most temperatures – the exception
being in solvent extracted oil at 21 °C. For lutein, sample and temperature
independent behaviour was observed, like the phytosterols, but an induction
period of 154 days preceded a rapid loss of this compound.
Further research is necessary to better understand the chemical interactions
affecting these bioactives in stored seed and oil. However, the retention of
bioactives achieved throughout the 280 day storage period, suggests that it
may be possible to find conditions to achieve bioactive enhancement, and
further improvements to the nutritional quality of canola seed and oil.
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CHAPTER SIX
Discussion

Summary of key findings
In recent years, there has been an evident increase in consumer demand for
natural food products, and those with greater nutritional benefit, giving rise
to research concerning the enhancement of bioactives in food products. The
investigation of bioactives in canola oil has been a relatively new research
focus, and the picture remains incomplete. The work contained in this thesis
assessed the behaviour of the fat-soluble bioactive compounds, phytosterols,
tocopherols and carotenoids, during processing and storage. The potential to
breed new canola varieties with naturally high concentrations of these
bioactives was also examined. Together, the results from all experiments
provide an overall view of the potential for the biofortification of canola, an
option which has not yet been explored fully.
Prior to this work, methods for analysis of phytosterols, tocopherols and
carotenoids were complex and involved separate analyses for each
individual class of bioactive. The evaluation of the large number of samples
required for the proposed experiments relied on the availability of a rapid
analytical method. Since no rapid method had been reported previously, one
was developed using HPLC-DAD-MS/MS (as described in Chapter 2), that
greatly reduced sample preparation and analysis times in comparison to the
previously published methods (Objective 1). Moreover, individual and
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esterified phytosterols were quantified separately within one analytical run,
which had not yet been achieved in vegetable oils without prior
saponification. The method not only delivered an efficient technique to use
in the subsequent experiments, but it has also provided new knowledge, in
the use of tandem mass spectrometry for the quantification of select fat
soluble bioactives in lipid matrices.
The combination of the new analytical technique and use of a novel design
for the monitoring of experimental error (Chapter 3), is an important
development, which resulted in fewer samples for complex experiments,
lower costs and shorter analysis times. Moreover, a high level of
precision was achieved, whilst providing detailed information on potential
sources of error during the stages of sample preparation and analysis
(Objective 2). The use of such experimental designs are potentially
beneficial for any analytical experiments involving large sample sets; and/or
those experiments with multiple stages, or several operators, to allow for
more thorough monitoring of error. The second section of Chapter 3,
described the G × E experiment in which this novel experimental design was
applied, and which was designed to provide an indication of any genetic and
environmental effects on the phytosterols, tocopherols and carotenoids
(Objective 2). Significant genotype effects were observed for all analytes,
indicating the bioactive enhancement of canola seed and oil is
achievable via seed breeding. Significant G × E effects were also
observed for the majority of analytes, with the exception of brassicasterol.
Strong, positive correlations were observed between β-carotene
and lutein, and between free phytosterols and their corresponding
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esterified phytosterols, illustrating the potential for symbiotic breeding - to
breed for one analyte, with associated increases to others.
For the industry to be able to take full advantage of the potential
enhancement of bioactive components in the oil, it is important to
understand what happens to these compounds during the processing of the
seed into edible oil. To address this problem, various oil processing
techniques used within Australia were studied (Chapter 4), and related to
concentrations of phytosterols, tocopherols and carotenoids in seed and oil
samples taken at varying stages of each refining process. Seed preprocessing and extraction techniques were also investigated in addition to
oil refining stages. Results illustrated an improved retention of bioactives
compared to previous studies (Dunford & Dunford, 2004; Ferrari, Schulte,
Esteves, Brühl, & Mukherjee, 1996; Ghazani & Marangoni, 2013),
particularly tocopherols, indicating improved plant efficiency may have
encouraged the preservation of bioactives. Extraction and seed preprocessing techniques, particularly the application of heat and seed pressing,
were shown to influence bioactives considerably. These processes could be
optimised and applied in industry to improve bioactive concentrations in
end product oil (Objective 3).
Lastly, the storage study (Chapter 5) indicated that all bioactives were well
preserved, and oxidation levels remained low, in seed stored < 40 °C for the
entire 10 month period, and oils stored at –18 °C and 4 °C for 6 months
(Objective 4). Although oxidation was occurring, tocopherol concentration
was found to be preserved somewhat in the press oils, indicating the
presence of another component(s) formed during the pressing that may have
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been protecting the tocopherols. This presents new information, which
indicates tocopherol retention may be achieved by investigating further
these chemical interactions, to better understand what is causing this
preservation, and optimising processes to encourage this process.
Collectively, the experiments described within this thesis indicate the
potential for enhancement of phytosterols, tocopherols and carotenoids,
through genetic pathways, and also by manipulating oil extraction
techniques involving heat. Moreover, the results of the processing and
storage trials indicate conditions that may assist in the preservation of these
bioactives in the end-product oil.
Current industry priorities for edible canola oil are for high oil yield, and
quality aspects to ensure it has: a long shelf-life, good aesthetics, and is safe
to consume (Dunford & Dunford, 2004, p. 25). These objectives will remain
important, though the potential for retention or enhancement of bioactives
contained in crude canola oil, has been recognised (Fine et al., 2016), and
identified as a potential market driver for the industry (Persistence Market
Research, 2016), justifying the need for research in this area.

Future research directions
Additional research questions remain, which may need to be addressed for
the current research to be applicable to industry. This thesis presented the
investigation of genetic effects, and monitoring of phytosterols, tocopherols
and carotenoids through typical processing and storage conditions, using
laboratory scale experiments. The next step would be to focus on particular
aspects of each, and trial them in a commercial-scale situation. The
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following research areas are suggested to provide further information, and
build on the current work:
-

The G x E experiment presented an initial investigation, with the
results indicating breeding may be used to enhance these bioactives
in canola seed. Further research is required to explore this as a
commercial application, which would involve more extensive
breeding trials. This may include the use of conventional breeding to
develop new varieties, by crossing genes of those varieties
exhibiting high concentrations of bioactives (i.e. cross-pollinating a
line high in tocopherols, with a line exhibiting high concentrations of
carotenoids). If successful, investigations on the behaviour of these
bioactives in the newly developed varieties would need to occur,
such as the impact of bioactives on one another during seed growth
and development. Further field trials including more growing
regions within Australia, are recommended to investigate further the
environmental effects on these bioactives. For example, one of the
conclusions from Chapter 4 indicated the amount of rainfall received
had a considerable effect on the carotenoid concentration, and as
such, this would need to be investigated to ensure no detrimental
effect to the carotenoids would result if the variety was grown in a
high-rainfall region. Thus, a field study involving several different
temperatures, precipitation levels, and humidity ranges during seed
growth, is recommended.

-

The processing study and storage study both illustrated that pressing
techniques have the ability to greatly enhance the fat soluble
bioactive compounds in the oil. Considerably higher bioactive
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concentrations were discovered in the oil obtained from a dual
pressing technique, in the case of the carotenoids, concentrations
doubled between the first press oil and the second press oil (as
described in Chapter 4). Thus, further investigation into optimising a
pressing technique to best enhance these bioactives would be
advantageous. This might include trials of different pressing
temperatures, and pressing techniques which involve multiple
pressing steps. The storage study indicated complex metabolic
processes were taking place within the seed and oil during storage
(Chapter 5). Further investigations involving more seed varieties and
oil as it is processed in commercial applications would be beneficial,
since samples were limited to one seed variety to keep the
experiment size within reasonable limits, and since laboratory scale
oil extraction was conducted.
-

Given that the results of this study support bioactive retention,
further studies to examine the functional behaviour of these
compounds during cooking is required. Since canola oil is a versatile
cooking oil, it would be necessary to conduct trials to determine how
these compounds react in typical culinary applications. For example,
how are phytosterols, tocopherols and carotenoids affected during
various cooking techniques, how are they affected when the oil is
combined with another food group or a combination of ingredients.
Absorption and uptake of these compounds in the human body is
also of interest, and varies depending on the way the canola oil is
consumed (i.e. salad dressing, stir-fries, shallow-fried, or baked
products). Such studies could include: frying studies using various
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temperature and durations, baking trials using a number of different
baked goods as matrices, and in vivo studies to regulate uptake of the
bioactives as consumed.
-

In a similar vein, research to verify that these bioactives do not
impose any detrimental impact to the other existing quality
parameters, is necessary. Yield and shelf-life are two of the most
influential factors for profit (Organisation for Economic Cooperation and Development & Food and Agriculture Organisation,
2013), so the resulting oil would still need to achieve an acceptable
yield and shelf-life. However, the emergence of cold-pressed oils
and those oils with minimal refining, suggests there may now be a
reduced emphasis on shelf life; consumers instead favouring a
shorter shelf life in exchange for a more natural product (Persistence
Market Research, 2016; World Health Organisation, 2016). The
inclusion of nutrients and the named bioactive compounds that were
previously stripped from the oil, may provide additional antioxidant
effects, but the associated impact on oil shelf-life would need to be
evaluated more thoroughly. In addition to this, is the typical
appearance of the supermarket brought oil. The different stages of
refining as explored in Chapter 1, Section 5.3, result in an oil that is
able to be bottled in clear bottles, without risk of oil rancidity.
However, the inclusion of bioactives, in particular carotenoids,
would require bottles that are protected from light, to prevent photooxidation. Thus, the use of amber bottles or cans would need to be
considered, such as those used for extra virgin olive oil.
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-

An alternative research pathway could be to investigate the potential
of obtaining bioactive compounds as a by-product of current
commercial oil processing. Such by-products may find use as
functional food ingredients or nutraceuticals, given the increasing
demand for nutraceuticals (Prabu, Suriyaprakash, Dinesh, Suresh, &
Ragavendran, 2012).

-

The success of a food product relies largely on consumer acceptance,
and whether the product is deemed worthy to purchase (StewartKnox & Mitchell, 2003). With concern to fats and oils, in the last
few decades there has been an observed shift in many countries for
those oils that are lower in saturated fatty acids, due primarily to the
health concerns surrounding cardiovascular disease (CVD). There
has also been an observed shift of consumers towards the generation
of more natural, clean-label foods, is largely a result of a more
health-conscious population (Steptoe, Pollard, & Wardle, 1995). A
qualitative survey would be an effective approach to examine current
consumer attitudes toward vegetable oils, and provide an indication
of the level of consumer acceptance for a canola oil end-product
with a different appearance and composition (i.e. enhanced
concentrations of bioactives). Such a study would provide: basic
demographic data; an assessment of the level of nutrition knowledge
of the individual; the sources used to obtain this knowledge; current
attitudes toward the purchasing of fats and oils; and the applications
each purchase is used for. It should also include a visual comparative
range for the participant to select their desirable oil colour, provide
knowledge afterward that a darker oil contains a higher level of
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nutrients, before inviting them to select their desirable oil colour, if
their decision has changed in light of the new information.

Outlook for industry and canola growth
Global production of oilseeds is expected to increase, and the current
Australian production of 3.1 million tonnes (2016) (Australian Oilseeds
Federation, 2016), is predicted to increase to maintain the same share,
approximately 5 % of the overall global production (Organisation for
Economic Co-operation and Development & Food and Agriculture
Organisation, 2013, p. 142). Market trends predict a 26 % increase in
oilseed production, and a 25 % increase in vegetable oil production between
2013 and 2022 (Organisation for Economic Co-operation and Development
& Food and Agriculture Organisation, 2013, p. 140). These figures indicate
that oilseed production, and consumption of edible oils will certainly not
decrease, and thus opportunities to enhance canola oil quality for human
health are worthy of careful consideration by the industry.
Australia exports approximately 90 % of its oilseed, with the EU, China,
Pakistan and UAE being the largest markets for Australian seed. Although
the majority of seed is exported, a smaller proportion is retained for
processing within Australia, primarily as edible oil, and opportunities
remain to generate higher profit for these local plants. The previous
experiments described in this thesis indicate high concentrations of
bioactives in Australian grown canola are achievable. Although Australian
canola oil production remains a relatively small player in global canola oil
production, many of the plants within Australia are smaller in scale
compared to those in other countries, allowing for a larger degree of
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flexibility associated with modifications to processing techniques. Thus,
there may be an increased opportunity for Australian processors to target the
enhancement of bioactives in their oils. Should the inclusion of key
nutrients in end-product oil become a profitable venture for Australian
processors, it is likely to generate increased global interest, and present new
opportunities to market Australian produced canola oil on a basis of oil
quality.

Conclusion
Previous research has shown Australian canola seed possesses high
concentrations of phytosterols, tocopherols and carotenoids, which
correspond to concentrations in oil sufficient to provide health benefit to
humans (Flakelar, Luckett, Howitt, Doran, & Prenzler, 2015). This thesis
presents further evidence to support the retention and/or enhancement of
phytosterols, tocopherols and carotenoids. It provides new information to
analytical chemists through: the development of a rapid method for
bioactives in oil using mass spectroscopy, and the novel use of a multiphase design to comprehensively assess variance in an analytical laboratory.
Moreover, it provides an improved understanding of how genetic,
environmental and processing techniques affect phytosterol, tocopherol and
carotenoid concentrations in canola oil. These findings may present new
opportunities for commercial oil producers to market canola oil on the basis
of novel bioactive compounds, to improve quality and nutritional content.
Future research directions have been suggested, firstly to gauge consumer
acceptance, before further research to achieve the optimum conditions for
bioactive enhancement.
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